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Preface to ”3D Printed Microfluidic Devices”
Three-dimensional (3D) printing has revolutionized the microfabrication prototyping workflow
over the past few years. With recent advances in 3D printing and 3D computer-aided design
(CAD) technologies, highly complex microfluidic devices can be fabricated via single-step,
rapid, and cost-effective protocols as a promising alternative to the time-consuming, costly, and
sophisticated poly(dimethylsiloxane) (PDMS) molding and traditional cleanroom-based fabrication.
Microfluidic devices have enabled a wide range of biochemical and clinical applications, such
as cancer screening, micro-physiological system engineering, high-throughput drug testing, and
point-of-care diagnostics. Using 3D printing fabrication techniques, the alteration of design features
is significantly faster and easier than with traditional fabrication, enabling agile iterative and modular
design, 3D printing services and marketplaces, and rapid prototyping. Biocompatible resins for 3D
printing are now available that, contrary to PDMS, feature very low drug absorption and are thus
very good material candidates for building complex 3D organ-on-a-chip systems in the future. These
advances will make microfluidic technology more accessible to researchers in various fields and
will accelerate innovation in the field of microfluidics. Accordingly, this Special Issue showcases
14 research papers, communications, and review articles that focus on novel methodological
developments in 3D printing and its use for various biochemical and biomedical applications. The
papers of this special issue explore the following aspects of 3D printing and how it pertains to
microfluidic devices: (1) fabrication methods and materials, (2) applications for equipment and tools,
(3) biological applications, and (4) biological compatibility.






Editorial for the Special Issue on 3D Printed
Microfluidic Devices
Savas Tasoglu 1,2,3,4,5,* and Albert Folch 6,*
1 Department of Mechanical Engineering, University of Connecticut, Storrs, CT 06269, USA
2 The Connecticut Institute for the Brain and Cognitive Sciences, University of Connecticut,
Storrs, CT 06269, USA
3 Department of Biomedical Engineering, University of Connecticut, Storrs, CT 06269, USA
4 Institute of Materials Science (IMS), University of Connecticut, Storrs, CT 06269, USA
5 Institute for Collaboration on Health, Intervention, and Policy (InCHIP), University of Connecticut,
Storrs, CT 06269, USA
6 Department of Bioengineering, University of Washington, Seattle, WA 98195, USA
* Correspondence: savas.tasoglu@uconn.edu (S.T.); afolch@uw.edu (A.F.)
Received: 19 November 2018; Accepted: 19 November 2018; Published: 21 November 2018
Three-dimensional (3D) printing has revolutionized the microfabrication prototyping workflow
over the past few years. With recent advances in 3D printing and 3D computer-aided design
(CAD) technologies, highly complex microfluidic devices can be fabricated via single-step, rapid,
and cost-effective protocols as a promising alternative to the time-consuming, costly, and sophisticated
poly(dimethylsiloxane) (PDMS) molding and traditional cleanroom-based fabrication. Microfluidic
devices have enabled a wide range of biochemical and clinical applications, such as cancer screening,
micro-physiological system engineering, high-throughput drug testing, and point-of-care diagnostics.
Using 3D printing fabrication techniques, the alteration of design features is significantly faster and
easier than with traditional fabrication, enabling agile iterative and modular design, 3D printing
services and marketplaces, and rapid prototyping. Biocompatible resins for 3D printing are now
available that, contrary to PDMS, feature very low drug absorption and are thus very good material
candidates for building complex 3D organ-on-a-chip systems in the future. These advances will
make microfluidic technology more accessible to researchers in various fields and will accelerate
innovation in the field of microfluidics. Accordingly, this Special Issue showcases 14 research
papers, communications, and review articles that focus on novel methodological developments
in 3D printing and its use for various biochemical and biomedical applications. The papers of
this special issue explore the following aspects of 3D printing and how it pertains to microfluidic
devices: (1) fabrication methods and materials, (2) applications for equipment and tools, (3) biological
applications, and (4) biological compatibility.
1. Fabrication methods and materials: Fuad et al. [1] characterized additively manufactured
molds fabricated via stereolithography and material jetting, as well as the positive replicas produced
by soft lithography and PDMS molding. They showed that stereolithography provides finer part
resolution with no toxicity observed in the corresponding positive replicas. Beauchamp et al. [2]
demonstrated a custom 3D printer which, via optical dosage control, provides very high-resolution
printing capabilities down to ~ 30 μm and ~ 20 μm scales for positive and negative surface features,
respectively. The custom printer was used to fabricate and optimize various microfluidic particle traps.
Kim et al. [3] also developed a novel printing scheme: specifically, a sequential stereolithographic
co-printing process which utilizes two different molecular weight poly(ethylene glycol) diacrylate
(PEG-DA) resins to produce microchannels with embedded porous barriers. The semi-autonomous
fabrication process reduced the processing time, manufacturing costs, and eliminated complications
with assembly. In addition to fabrication methods, Kotz et al. [4] presented work on materials
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formulated for 3D printing, namely highly fluorinated perfluoropolyether (PFPE) methacrylates,
for which 3D printing has seldom been demonstrated. The developed formulations, printed and
cured using stereolithography, exhibited high light transmittance and high chemical resistance to
organic solvents.
2. Applications for equipment and tools: Brennan et al. [5] utilized the capabilities of 3D
printing technology to create an open source design for micropipettes which can be assembled
from 3D-printed parts and a disposable syringe. The open source design exemplifies scientific
tools that can be produced via 3D printing as inexpensive alternatives to commercial products.
Oh et al. [6] also developed 3D-printed laboratory equipment to measure the viscosity of fluids,
which is applicable, for example, to the quality assurance of liquid products and for monitoring
the viscosity of clinical fluids. They designed 3D-printed capillary circuits, with graduations to
serve as a flow meter for easy readability and a syringe modified with an air chamber to generate
pressure-driven flow, to provide equipment and calibration-free viscosity measurement of Newtonian
and non-Newtonian fluids. Van den Driesche et al. [7] presented methods for a wide variety of
applications to design and fabricate microfluidic chip holders with integrated fluidic and electric
connections, such as fluidic sealing by O-rings and electric connections by spring-probes without glue
or wire bonding. Microfluidics can also be applied to 3D printing technologies, as demonstrated by
Serex et al. [8]. For application to bioprinting, Serex et al. demonstrated the integration of micromixers,
micro-concentrators, and microfluidic switches into the tip of the print heads for extrusion-based 3D
printing, thereby enabling new prospects in 3D bioprinting.
3. Biological applications: There are countless biological applications for 3D-printed microfluidic
devices, a few of which are included in this Special Issue. Lim et al. [9] reported an automated
platform for a colorimetric malaria-Ab assay, assembled from stereolithographic-printed elastomeric
reservoirs, fused deposition modeling-printed framework, plastic tubing, servomotors, and an Arduino
microcontroller chip. Kim et al. [10] demonstrated a 3D-printed millifluidic platform for bacterial
preconcentration and genomic DNA (gDNA) purification, by immunomagnetic separation and
magnetic silica-bead-based DNA extraction, to improve the molecular detection of pathogens in
blood samples. The platform was verified for preconcentrating E. coli in blood, suggesting that the
platform is a useful tool for lowering limitations on molecular detection. In addition to these research
articles, Sharafeldin et al. [11] wrote a review on the applications of 3D-printed microfluidic devices in
biomedical diagnostics and on how 3D printing enables low-cost, sensitive, and geometrically complex
devices. Three-dimensional printing can be used for the fabrication of microfluidics, supporting
equipment, optical and electrical components, in addition to 3D bioprinting which can incorporate
living cells or biomaterials into diagnostic systems.
4. Biological compatibility: In their work on connections and holders for microfluidic devices,
for bioanalysis applications, van den Driesche et al. [7] addressed the possible cytotoxicity of cured
3D-printed resin by introducing a surface coating of parylene-C. Carve et al. [12] reviewed commonly
used vat polymerization and material jetting materials with respect to the materials’ biocompatibility,
in addition to discussing methods to mitigate material toxicity to promote the application of 3D-printed
devices in biomedical and biological research, such as for monolithic lab-on-chip devices. In addition
to biocompatibility with cells, interactions with biomolecules such as protein have been studied by
Lepowsky et al. [13]. They demonstrated a simple cleaning chip design with an integrated cleaning
procedure to study the long-term cyclic biofouling burden on 3D-printed microfluidic devices, and
verified the cleaning chip for urine sampling handling for a protein assay. Lepowsky et al. [14] also
provided a perspective on traditional and emerging anti-fouling methods as applicable to enabling the
greater reusability of 3D-printed microfluidic devices for biomedical applications.
We wish to thank all authors who submitted their papers to this Special Issue. We would also like
to acknowledge all the reviewers for dedicating their time to provide careful and timely reviews to
ensure the quality of this Special Issue.
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Abstract: The connection of microfluidic devices to the outer world by tubes and wires is
an underestimated issue. We present methods based on 3D printing to realize microfluidic
chip holders with reliable fluidic and electric connections. The chip holders are constructed
by microstereolithography, an additive manufacturing technique with sub-millimeter resolution.
The fluidic sealing between the chip and holder is achieved by placing O-rings, partly integrated
into the 3D-printed structure. The electric connection of bonding pads located on microfluidic chips
is realized by spring-probes fitted within the printed holder. Because there is no gluing or wire
bonding necessary, it is easy to change the chip in the measurement setup. The spring probes and
O-rings are aligned automatically because of their fixed position within the holder. In the case of
bioanalysis applications such as cells, a limitation of 3D-printed objects is the leakage of cytotoxic
residues from the printing material, cured resin. This was solved by coating the 3D-printed structures
with parylene-C. The combination of silicon/glass microfluidic chips fabricated with highly-reliable
clean-room technology and 3D-printed chip holders for the chip-to-world connection is a promising
solution for applications where biocompatibility, optical transparency and accurate sample handling
must be assured. 3D printing technology for such applications will eventually arise, enabling the
fabrication of complete microfluidic devices.
Keywords: 3D printing; stereolithography; microfluidics; chip-holder; fluidic and electric connections
1. Introduction
3D printing technology has evolved remarkably the last couple of years. Instead of a plastic
melting machine that creates low-resolution structures with a high surface roughness, now, liquid
resin-based 3D printers with a resolution of tens of micrometers and a surface roughness of a few
micrometers have become affordable [1–7]. With two-photon polymerization-based 3D printers,
it is even possible to attain a resolution down to 100 nanometers [8,9]. 3D printing has become
an attractive tool to fabricate measurement setup components. It enables the fabrication of sample
holders for various applications such as electron paramagnetic resonance measurements [10], surface
plasmon resonance spectroscopic measurements to align various illumination angles [11] and for
single-plane illumination microscopy [12]. It allows the construction of cartridge components to align
the optical setup containing a smart-phone, battery, cuvette and electrical circuitry for fluorescence
measurements [13], a smart-phone adapter including fluidic reservoirs [14], a connector to realize
the electrical connection to a digital microfluidic chip to conduct droplet size analysis by color
measurements [15] and lab ware [16]. In microfluidics, 3D printing is also becoming an accepted
technology. There is a series of 3D-printed microfluidic devices described in the literature, including
micromixers [17–19], flow channels [20] and valves [21,22]. Besides the printing of such structures,
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also the integration of fluidic and electric connections can be realized [23]. A 3D-printed holder was
presented that compartmentalizes a glass microscope slide [24]. In this holder, recesses were made to
fit an electrochemical sensor and PEEK tubings to make fluidic connections. 3D-printed microfluidic
circuits that handle multiple fluid streams were presented that consist of integrated chip-to-world
interconnects [25]. A fluidic interconnect based on a 3D-printed clamping structure yielded a maximum
sealing pressure up to 416 kPa [26].
Apart from the many advantages, there are several limitations in 3D printing for direct fabrication
of microfluidic devices [2,4]. The removal of support material, structures that are required to
temporarily reinforce the design to prevent its collapse during the printing process, of small fluidic
geometries requires careful handling. Furthermore, it is hard to print microfluidic channels with
a diameter of less than several hundred micrometers. The surface roughness of constructed designs,
material selection and biocompatibility to biological samples are also not optimal to realize devices
that from a functional point of view can compete with silicon and glass chips [2,27,28].
Microfluidic devices constructed from hard non-cytotoxic materials, like silicon and glass, have
many advantages for the analysis or actuation of biological samples. The chips can be fabricated
by standard clean-room processes. The channel geometry ensures a closed and thus controlled
environment that can be optimized for the sample [29]. However, the connection of microfluidic
devices to the outer world by tubes and wires is an underestimated issue. The diversity in microfluidic
chip dimensions, the fluidic inlet and outlet amount, geometry of the channel, bonding pad sizes and
number to connect the electrodes, as well as optical measurement window geometry make it infeasible
to design a universal chip holder. This means that almost every designed chip requires a specialized
holder. The gluing of bonded-port connectors directly on the chip is a possible solution [30]. However,
these connectors have a relatively large footprint that might not fit on the chip. In addition, they
incur considerable expenses, and gluing is a process with limited reliability for fluidic interconnects.
A method is needed to quickly construct and easily redesign holders for different microfluidic chips.
The following design criteria should be taken into account: (i) the holder should have integrated fluidic
and electric connections; (ii) easy exchange of the chip; no gluing; (iii) the dimension of the holder
should be as small as possible. A useful overview of fluidic connections and electrical interconnects in
microfluidics is given in the Design Guideline for Microfluidic Side Connect [31] and the Guidelines for
Packaging of Microfluidics: Electrical Interconnections [32]. Both documents are part of an initiative to
standardize microfluidic devices and component interfaces [33,34].
Injection molding and micro-milling are existing techniques to construct customized microfluidic
chip holders [35]. However, these techniques require specialized expensive equipment or molds.
A separate mold is needed for every design. Furthermore, these techniques do not give many degrees
of freedom for the design of geometric channel structures within the holder. This makes them
impractical when multiple fluidic and electric interconnects have to be accommodated. 3D printing
has several advantages compared to injection molding and micro-milling. It allows the integration
of complex geometric structures such as curved and closed sub-millimeter channels and specialized
fluidic and electric connector ports printed directly within the holder. Injection molding for mass
production of simple chip holder geometries has certain advantages compared to standard 3D printing
technology. However, when the fluidic chip-to-world connections consist of an inner channel structure
with curves, 3D printing shows enormous advantages. In this work, we combine the best of two worlds:
clean-room technology for the fabrication of silicon and glass microfluidic chips with submicrometer
resolution and 3D printing to make chip holders with integrated electric connections and fluidic
connections that do not require a very high resolution. Several designed and assembled microfluidic
chip holders are presented, including fluidic and electric connections, to show 3D printing as the
solution for chip-to-world connections.
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2. Materials and Methods
2.1. Stereolithography
Stereolithography, a form of additive manufacturing that is based on layer-by-layer
photopolymerization of liquid resins, is a technology to create high resolution complex 3D-printed
microfluidic geometries. The design of 3D-printed devices can easily be created and adapted in CAD
software such as Inventor (Autodesk, San Rafael, CA, USA) or SolidWorks (Dassault Systèmes SolidWorks
Corp., Waltham, MA, USA). The completed design is exported in the STL (Standard Tessellation Language)
format at high resolution for pre-processing with the 3D printer software. Pre-processing the designs
includes checking for and fixing any errors to create a completely valid STL file, orienting the part on
the build platform and adding support structures for overhangs as necessary. Finally, the 3D printer
software slices the STL file and supports into individual layers. In most cases, these pre-processing steps
are automated and just takes a few mouse clicks to confirm the proposed changes.
There are many different additive fabrication technologies, each with its strengths and
weaknesses [1,36]. Stereolithography technology is recommended to construct parts with a feature
size on the sub-millimeter scale. It features a high lateral resolution and high surface smoothness.
Microstereolithography with DLP (Digital Light Processing) micromirror array projection reliably
yields feature sizes (such as channels, holes and walls) down to 100μm [37].
In this work, a high-resolution microstereolithography DLP printer (Perfactory Micro HiRes,
EnvisionTEC Inc., Dearborn, MI, USA) was used to fabricate the chip holders. A high-resolution,
high-temperature, low viscosity acrylic polymer resin (HTM140 M, EnvisionTEC Inc., [38]) is used
as the printing material. E-Shell 300 [39], a Class IIa biocompatible resin used for hearing aid shell
manufacturing, was tested for cytotoxic effects on the growth of mammalian cells. Prior to printing,
the stirred resin is filtrated into the carefully-cleaned printer bath for optimal printing conditions.
The process is set to a lateral (x/y) resolution of 31μm and a slicing thickness (z) of 25μm. The exposure
time is typically set to 3000 ms per slice. The maximum build size is 40 mm× 30 mm× 100 mm.
After printing, all constructed parts are removed from the build platform and rinsed with
isopropanol in an ultrasonic bath. Then, the realized part is dried with nitrogen or air, and the
support structures are removed. Finally, all parts are cured in a UV flood chamber for at least
five minutes. The total processing time is primarily dependent on the height of the printed structure,
typically ranging from one to a few hours, which highlights the rapid prototyping characteristics of
this approach.
2.2. Cell Line for Biocompatibility Test
The influence on the viability of Madin-Darby Canine Kidney cells (MDCK, ATCC CCL-34,
a gift from Dr. Manfred Radmacher, Institute for Biophysics, University of Bremen, Bremen,
Germany) and HaCaT cells (a gift from Dr. Ursula Mirastschijski, Centre for Biomolecular Interactions
Bremen, University of Bremen, Bremen, Germany) exposed to UV-cured 3D-printed structures has
been investigated. The epithelial kidney cell line MDCK and keratinocyte skin cell HaCaT are
well-established models used in many biological studies [40,41].
2.3. Cell Line Preparation
The MDCK and HaCaT cells were cultivated in Glasgow Minimum Essential Medium (GMEM)
and 10% fetal calf serum, supplemented with 100 units/mL penicillin and 100μg/mL streptomycin
(all obtained from Sigma-Aldrich, Darmstadt, Germany). The cell culture was kept in a humidified
atmosphere containing 5% CO2 and 95% ambient air at 37 °C.
2.4. Coating of 3D-Printed Structures with Parylene-C
Parylene-C is a USP Class VI and ISO-10993-6 certified biocompatible material [42–44]. We have
coated 3D-printed structures with parylene-C with a Labcoater series 300 (Plasma Parylene Systems
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GmbH, Rosenheim, Germany) to investigate the inhibition of cytotoxic effects on mammalian cells.
The deposition process of parylene-C is depicted in Figure 1.
Figure 1. The deposition process of parylene-C. First, parylene-C dimer powder or granulate is
vaporized at 150 °C, followed by a pyrolysis step at 730 °C to obtain parylene-C diradical monomers.
At a temperature of 50 °C and a pressure of approximately 10 Pa, the monomer vapor condensates and
forms a conformal coating on the substrate.
3. Results and Discussion
The cytotoxicity of printing material is discussed in Section 3.1; followed by Sections 3.2 and 3.3,
where methods are described about how to realize reliable fluidic and electric chip-to-world
connections, all based on 3D printing. Several chip holder concepts for on-chip cell growth and/or
analysis are presented in Section 3.4.
3.1. Cytotoxicity Tests of MDCK and HaCaT Cells Exposed to 3D-Printed Structures
In the case of bioanalysis applications, a strong influence on cellular behavior of mammalian
cells and bacteria exposed to 3D-printed structures realized from liquid resins was observed [29].
The resins commonly used for stereolithography 3D printing contain UV-sensitive photo-initiators,
which exhibit a pronounced cytotoxic effect [45]. Biocompatible classified resins such as E-Shell 300
from Envisiontec [39] or Med610 from Stratasys [46] need a thorough post-processing, including
UV-flood exposure to cross-link residual monomers. However, the 3D-printed microfluidic chip
holders contain inner channel structures with regions inaccessible to UV light. When measurements
are conducted with sensitive biological cells, an efficient and attractive method to prevent such
cytotoxic effects is by coating the 3D-printed structures with parylene [47]. During the deposition
process of parylene-C, reactive monomer diffuses into the 3D-printed channel, coating the inner
structure. This assures that liquid sample, pumped from syringes into the chip, does not become
contaminated with resin residues that are toxic for the biological sample.
In Figure 2, measurement results are depicted of MDCK cells grown in a multi-well plate for 24 h
exposed to 3D-printed parts with and without a 10 μm-thick parylene-C coating. Two samples were
prepared for each test.
The printed structures from the resins E-Shell 300 and HTM140 both show a strong cytotoxic effect
on MDCK cells (Figure 2b,c). The cells did not attach to the bottom of the culture well within the 24 h of
incubation. The parylene-C coating strongly inhibits the cytotoxic effect of the resin. The MDCK cells
behavior in Figure 2d is similar compared to the negative control sample shown in Figure 2a (viability of
respectively 84% and 85%), while the cells exposed to uncoated parts die. HaCaT cells yielded the
same coated versus uncoated viability results as the MDCK cell measurements. For each HaCaT test,
four samples were prepared, and the exposure time to 3D printed structures was 72 h. The control
group and the parylene-C coated samples both yielded a HaCaT cell viability of >95%. The viable tests
were conducted by trypan blue staining (Thermo Fischer Scientific, Darmstadt, Germany).
The measurements show that the coating of 3D-printed HTM140 structures with parylene-C
is an easy and effective method preventing toxic resin components from diffusing into the
biological sample.
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Figure 2. Cytotoxicity tests of MDCK cells exposed to 3D-printed structures built from E-Shell 300 and
HTM140 resin and a 10-μm parylene-C-coated structure. The MDCK cells were grown in a multi-well
plate for 24 h in Glasgow Minimum Essential Medium (GMEM) supplemented with 10% fetal bovine
serum and antibiotics. (a) Negative control. MDCK cells attached to the bottom of a well plate show
normal cell proliferation. (b,c) MDCK cells exposed to a 3D-printed part made from E-Shell 300 or
HTM140 resin, respectively. The cells did not attach to the well-plate. (d) MDCK cells exposed to
a 3D-printed part coated with a 10-μm parylene-C layer. The cell attached to the bottom of the well,
showing similar behavior as the negative control sample.
3.2. Fluidic Chip Holder Connections
In microfluidic applications where a continuous flow of sample and/or carrier liquids is required,
the chip needs to be connected to syringe pumps. In Figure 3, a method for fluidic connections is
depicted where the holder acts as an interface between the chip and the syringe pumps.
Figure 3. Methods to realize the fluidic connection between microfluidic chips and syringe pumps.
(a) A schematic of an O-ring positioned in a recess and a tube fitted in a conically-shaped channel
geometry; (b) a 3D rendered image visualizing the inner channel geometry; (c) a Labsmith one-piece
fitting connection integrated in a chip holder.
The fluidic connections between the microfluidic chip and 3D-printed holder are sealed by O-rings.
By creating half doughnut-shaped recesses in the 3D-printed holder, the O-ring positions are secured,
which simplifies the assembly of chip and holder. These recesses are designed in such a way that 80%
(height) of the O-rings are located within the holder. The width of the recesses are 110% of the O-ring
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diameter, allowing the rubber material to be pressed by the chip, yielding an air- and liquid-tight
chip-to-holder connection (Figure 3).
The fluid connections from the holder to syringes are realized by fixing PEEK tubing with an inner
and outer diameter of 250μm and 800μm, respectively, directly into the holder (Figure 3a,b). A channel
structure with a diameter of 0.7 mm starting at the O-ring recess is directed within the holder to the
tube connection, fitting the PEEK tubing. This connection is achieved by mechanically clamping the
tubing in a conically-shaped geometry integrated in the channel. A fluid-tight connection is obtained
by gluing the tubing with two-component epoxy resin adhesive to the chip holder. An alternative
method that does not require the gluing of the tubing to the holder is depicted in Figure 3c. Here,
the tubing is placed in a Labsmith one-piece fitting (T132-100 [30]), which clamps the tube when
mounted in a metal 2-56 UNC nut, integrated in the holder. The other end of the tube is connected to
a syringe by a Luer-lock connector.
A series of leakage tests was conducted to investigate the O-ring-based chip-to-world sealing.
More than ten 3D-printed chip holders, each containing four to six fluidic connections, were each
assembled up to fifty times. Fluidic tests were performed up to 100 kPa. In none of the O-rings did
leakage occur. For three measurements, a pressure of 700 kPa was applied to a holder assembly by
a Hamilton Gastight 1 mL syringe (Sigma-Aldrich), placed in a KD Scientific Legato 180 dual syringe
pump (KD Scientific, Holliston, MA, USA). A fitting glass slide was placed to seal off the O-rings.
To allow slow pressure increase, a gas plug was used in the syringe; the rest was filled with water.
The applied pressure was measured by a LabSmith uPS0800-C360 pressure sensor set (LabSmith,
Livermore, CA, USA) containing fluidic connection adapters and PEEK tubing. Within approximately
four minutes at a flow rate of 0.1 mL/min, a pressure of 700 kPa was reached. Also in these tests,
no leakage was detected. This demonstrates the reliability of the presented O-ring method.
3.3. Electric Chip Holder Connections
The electric connection between the bonding pads of the chip and 3D-printed holder can be
realized by integrating spring probes within the holder. Because the probes are positioned at
fixed, predefined locations, they are automatically aligned to the bonding pads during chip and
holder assembly. In Figure 4, a 3D render of a chip holder with two electric connections is depicted.
The recesses printed into the holder have a 100-μm wider diameter than the spring probes. They are
fixed into the holder by soldering a wire at the end of the pin. The reliability of spring probe connections,
a well-known solution in microelectronics, remains high, even after multiple re-assemblies of the chip
and holder [32].
Figure 4. A method to electrically connect a microfluidic chip to the outer world by applying spring
probes fitted into a 3D-printed holder.
3.4. 3D-Printed Microfluidic Chip Holders for Cell-Growth and Cell-Analysis Experiments
In this section, four dedicated 3D-printed chip holder designs for different cell growth and cell
analysis experiments are presented. The holder aspects illustrated by these designs are the method of
fluid supply connection (O-ring (#1), screwed (#2) or glued(#3,4)), the realization of fluid reservoirs on
top of the chip (#1) and an assembly with multiple electric connections (#2,3). In addition, a holder
that furthermore allows optics is presented (#4). All printed holder parts that are in contact with
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biological samples were coated with parylene-C. The first design, a 3D-printed chip holder for
a mammalian cell growth chip, is depicted in Figure 5 [29]. The 18 mm× 13 mm× 1.4 mm chip is
sandwiched between a top and a bottom holder fitted by M3-screws and nuts. The total system,
chip and holder, has a dimension of 22 mm× 29 mm× 8 mm. Each top holder contains three fluid
reservoirs of 20–40μL, which are sealed on the microfluidic chip inlets by O-rings. Because of the
open reservoirs, liquids can be supplied much more easily and more reliably with a pipette compared
to pipetting directly into the chip. Furthermore, these reservoirs can be designed with a depth and
spacing allowing a pipetting robot to handle the liquids. The optical window, the area located in
the center of the chip, is easily accessible with a microscope objective, allowing optical investigation
of biological samples. When measurements are conducted with mammalian cells or bacteria, it is
recommended to use medical-grade O-rings. Standard O-rings are oiled and therefore might be
toxic for the biological sample. We used O-rings made from E3609-70, which is a special Ethylene
Propylene Diene Monomer rubber (EPDM), purchased from Parker Hannifin GmbH, Kaarst, Germany.
According to the manufacturer, this material passed ISO 10993-5 and -10 testing, and it is compliant
with USP Class VI and USP <87> , proving its biocompatibility and non-cytotoxicity.
Figure 5. The assembly of a microfluidic chip and holder (22 mm× 29 mm× 8 mm). The chip is
sandwiched between two top holder parts and a bottom holder. The three printed parts are fixed by
M3 screws and nuts. Liquid reservoirs, integrated in the top holder, have a volume of 20–40μL and are
connected with O-rings to the chip inlets. (a) The schematic; (b) cut-out visualizing the fluid reservoirs
and O-rings; and (c) a photo of the assembly.
The second design, a microfluidic device utilized for bacterial growth experiments, is depicted
in Figure 6. The chip has integrated heating and temperature measurement elements. These require
electrical connections from the chip to an external control circuitry. Four spring probes with a diameter
of 1.6 mm and a length of 6.2 mm (Harwin Part Number P70-2300045R) were used to accomplish these
electric connections. The fluidic chip-to-world connection consist of an O-ring placed between the
chip and holder, an inner holder channel construction with a geometry fitting a 2-56 UNC nut and
a conically-shaped structure allowing a Labsmith one-piece fitting tube connection.
The third design, depicted in Figure 7, is a microfluidic device used to position and analyze
biological samples at predefined regions in the chip [48]. The chip holder has an optical window
accessible with an inverted microscope, three fluidic and nine electric connections. The spring probes
have a diameter of 0.68 mm, a length of 16.55 mm, and a travel distance of 2.65 mm (Multicomp Part
Number P50-B-120-G).
In the fourth design, a measurement assembly fitting the microfluidic chip and external optical
components are 3D-printed (Figure 8). This measurement setup is used for monitoring the oxygen
consumption of mammalian cell cultures [49]. The setup is constructed from a 3D-printed chip
holder (Figure 8b) and a 3D-printed optical alignment structure, fitting the chip holder and additional
components, such as LEDs, a Raspberry Pi camera module and an optical filter at any desired position.
The optical alignment structure was printed by a Form 1 3D printer (Formlabs, Somerville, MA, USA).
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Figure 6. (a) A photo of a microfluidic chip holder (19 mm× 26.5 mm× 10 mm) with six fluidic and
four electric connections. The fluidic outer connection is realized by placing 2-56 UNC metal nuts at
the end of a channel structure. The chip (7 mm× 12 mm× 1 mm) has three measurement chambers
that are deep reactive-ion etched in a silicon wafer. The chambers are closed by an anodically-bonded
borosilicate glass wafer. (b) A 2D cut to visualize the fluidic inner channel structure and Labsmith
one-piece fitting connection.
Figure 7. A microfluidic chip holder (21 mm× 30 mm× 8(21) mm) including three fluidic and nine
electric connections. (a) The bottom holder part contains doughnut-shaped recesses where O-rings
connecting the chip to the channel structure within the printed holder fit. (b) A glass-silicon-glass chip
(13 mm× 17 mm× 1.4 mm) fitted in the bottom holder. (c) The top holder including spring probes to
connect the bonding pads of the chip. (d) A photo of the assembled chip and holder.
Figure 8. The measurement setup to investigate biological samples. The LEDs, optical filter and
Raspberry Pi camera are utilized to conduct fluorescence experiments of the samples, located in
the chip. (a) A 3D rendered image of the measurement setup; (b) the microfluidic chip holder
(17 mm× 24 mm× 11.5 mm) containing fluidic and electric connections; (c) photo of the measurement
setup (52 mm× 68 mm× 69 mm).
A 3D-printed part with a thickness of approximately 2.5 mm is strong enough to support
a microfluidic chip. The holder design allows the easy exchange of the chip. None of the connections
between the chip and holder are glued. Because of the 3D printing, the assembly including all fluidic,
electric and optical components is much more compact compared to standard laboratory systems.
Consequently, the devices can be easily transported out of the lab and be used even at remote locations.
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The 3D printing of microfluidic chip holders brings high flexibility to research laboratories.
When multiple parts are required, the fabrication can easily be up-scaled for small series production. One of
the current drawbacks of 3D printing for mass production is the speed to fabricate devices. However,
3D printing technology is evolving quite fast, and the printing speed is a parameter that is increasing
rapidly. Two interesting 3D printing technologies have recently been presented. TNO (The Hague,
The Netherlands) has developed a microstereolithography device (Lepus) that constructs up to 1200 layers
per hour (30 mm/h at a resolution of 25 μm per layer). The light synthesis technology (CLIP) from Carbon
(USA) yields printing speeds of 100–1000 mm/h [50,51]. This reduces the printing time by a factor of
a hundred. In the hearing aid industry [52], dentistry [53] and footwear industry [54], 3D printing has
already evolved from a rapid prototyping technology into a manufacturing tool for mass production.
Other advantages of 3D printing that could revolutionize the manufacturing industry are
on-demand direct fabrication of production parts stored in a digital library, customized product
designs without additional cost, reduction of assembly work because structures of higher complexity
can be constructed from a single printed part and the reduction of logistic hassle because the storage
of production parts can be reduced [55].
4. Conclusions
The given examples show that 3D printing is a versatile tool to realize microfluidic chip holders.
The flexibility of 3D printing allows the quick redesign of chip holders and adaptation for other chip
geometries. Reliable chip and holder assembling is achieved by applying O-rings and spring probes to
attach the fluid and electric connections. This solves the challenge of connecting fluidic and electrical
parts of microfluidics to the outer world. When the 3D-printed structures are used in combination with
biological samples, cytotoxic effects due to resin components can be prevented by coating 3D-printed
structures with parylene-C.
The combination of silicon/glass microfluidic chips fabricated with highly-reliable clean-room
technology and 3D-printed chip holders for the chip-to-world connection is a promising solution for
applications where biocompatibility, optical transparency and accurate sample handling must be assured.
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Abstract: Advances in 3D printing have enabled the use of this technology in a growing number
of fields, and have started to spark the interest of biologists. Having the particularity of being cell
friendly and allowing multimaterial deposition, extrusion-based 3D printing has been shown to be
the method of choice for bioprinting. However as biologically relevant constructs often need to be
of high resolution and high complexity, new methods are needed, to provide an improved level of
control on the deposited biomaterials. In this paper, we demonstrate how microfluidics can be used
to add functions to extrusion 3D printers, which widens their field of application. Micromixers can
be added to print heads to perform the last-second mixing of multiple components just before resin
dispensing, which can be used for the deposition of new polymeric or composite materials, as well as
for bioprinting new materials with tailored properties. The integration of micro-concentrators in the
print heads allows a significant increase in cell concentration in bioprinting. The addition of rapid
microfluidic switching as well as resolution increase through flow focusing are also demonstrated.
Those elementary implementations of microfluidic functions for 3D printing pave the way for more
complex applications enabling new prospects in 3D printing.
Keywords: micro-fluidic; additive manufacturing; 3D printing; bio-printing; lab on a tip
1. Introduction
Three-dimensional (3D) printing, also commonly referred to as additive manufacturing or rapid
prototyping, is a set of techniques that consist in building 3D parts layer by layer. This fabrication
principle dates from the early 1980s [1] and has seen a number of different implementations based
on the use of multiple deposition techniques [2]. While photopolymers and thermoplastic polymers
were initially used in 3D printing techniques, the choice of materials that can be used has been
significantly widened, and includes metals [3,4], ceramics [5] and biomaterials [6–11]. Current research
in this field includes the development of “smart materials” [12,13] that can evolve with time and
bring additional functions to the fabricated objects. If 3D printing was first used for automotive and
aerospace applications [14,15], many other application fields currently use these techniques, including
medical application [16–19], tissue enginering [20–24], biosensors [25], microfabrication [26,27] or even
construction [28] and the food industry [29]. With hobbyists now having access to 3D printing, it is
likely that its field of applications will expand even more.
Among these 3D printing methods, stereolithography (SLA) and extrusion based system dominate
the market. SLA is known for its very high resolution [30], but is subject to limitations directly related
to the process itself, such as the limited biocompatibility of the materials that can be used (often linked
to the use of photoinitiators) and the very challenging implementation of multi-material printing
machines. On the other hand, extrusion-based processes are increasingly popular [31] as they are
relatively cheap and easy to use. However, this printing technique suffers from its limited number
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of printable materials: only low melting temperature materials such as ABS for fused deposition
modeling or fast crosslinking materials for bio-printing can be used. Additionally, in recent years,
the need for smarter dispensing tools has emerged, in particular in the field of bioprinting to answer
the need to print complex materials for cells [32–34]. As the field increasingly aims toward regenerative
medicine [9,35–37]. A few implementations of such smart dispensing tools have been already presented
in the literature, such as print heads made from needles used for manufacturing perfusable vascular
constructs [38]. To further overcome this limitation, extrusion-based 3D printing can benefit from more
complex microfluidic systems, which can implement a number of fluidic manipulation functions at the
micro-scale. Microfluidics has seen major developments in recent years, and has contributed to the
emergence of the concept of “Lab on a chip” by allowing the implementation of many fluidic functions
such as micro-mixers [39–41], switching valve [42–44], flow focusing [45], particles focusing [46–48],
in-channel detection [49] or particles and cell sorting [49–52] in compact, microfabricated devices.
Up until now, these functionalities have mainly been used on chip to perform various analysis.
In this paper, we propose to exploit the potential of microfluidics to develop a “lab on a tip” that could
perform various operations on the dispensing solution directly in the print head of the 3D printer.
Using this principle, we demonstrate multiple smart printing heads that allow the use of new materials,
enhance the print resolution, or allow the printing of composite parts or multi-material parts that were
only possible using expensive 3D printing techniques.
2. Materials and Methods
2.1. Probe Fabrication
All the print head dispensing tips that are presented in this paper were manufacture in a similar way
using specific microchannel designs depending on the targeted application. A 500 nm SiO2 layer is first
grown by wet oxidation on a single-side polished silicon wafer. Standard photolithography is performed
to pattern the fluidic channels and the silicon oxide is etched to create a hard mask. In the case of the
herringbone mixer presented in Section 3.3, which requires a two-level microchannel to be manufactured,
an additional photoresist mask, silicon etching and resist striping is performed as described in the previous
literature [39]. Then, the channels are etched to 300 μm in depth using deep reactive ion etching, and the
top-layer oxide is etched away as well to expose the silicon for anodic bonding. Next, a borofloat® 33 glass
wafer is mechanically drilled to create the probes inlets. The two wafers are cleaned with a piranha solution
and bonded by anodic bonding. The wafer stack is then diced, revealing the dispensing outlet in a similar
fashion as described in the previous literature [53].
2.2. 3D Printer Setup
The printer setup is similar to the one presented in previous work [53]. A DLT-180, Double Delta 3D
printer has been purchased from He3D and adapted to fit the fabricated probes. The printing path and
speed was either hard-coded in G-code or automatically generated using a slicer as is usually done for
standard 3D printing.
3. Results
In this section we present four different probes that can perform specific tasks. Those probes
demonstrate how microfluidics can be implemented to improve extrusion-based 3D printing in terms
of printed materials, resolution or material switching.
3.1. Multi-Material
One limitation of extrusion-based 3D printers is that each print head can only print a single material.
Printing an object made of multiple materials is usually achieved by using a 3D printing machine with
multiple extrusion heads placed next to each other. By switching between print heads, different materials
can then be printed [54]. In addition to requiring specific equipment, printing multi-material components
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with extrusion-based 3D printers is generally a very slow process, and a smooth transition between printed
materials is not always guaranteed. A number of microfluidic systems allowing switching between different
liquids have already been presented in the literature, including some that could be implemented in 3D
printers [44]. Here, we will show a very simple system that is easy to implement and allows a fast switching
between materials.
The print head we designed is composed of three micro-channels merging into one right before
the ejection point, as presented in Figure 1A. Each of these three channels can be connected to a syringe
containing a different material and actuated by a syringe pump. By choosing the sequence of actuation
of the syringe pumps and synchronizing it with the geometry of the part being built, a seamless
transition between multiple materials can be achieved during the object manufacturing process.
Furthermore, as microfluidic benefits from very small dead volumes, it is possible to rapidly switch
between materials. In our case, a complete transition between two materials can be performed in
500 ms, as presented in Figure 1B, where the transition between different colored liquids was recorded
using a camera connected to a microscope focused at the tip of the print head we used.
The print head was then mounted on a 3D printer, and colored alginate solutions were printed on
an agarose 4% and CaCl2 1% bed, inducing the alginate gelation by diffusion of the calcium ions into
the alginate deposit. Figure 1C shows the smooth transition between colors obtained as the printing
process goes.
By combining extrusion 3D printing with ultraviolet (UV) light irradiation of the printed layers,
it is possible to print and crosslink photosensitive inks using the same print head based on merging
microchannels. Thus, multimaterial components can be made by the extrusion method by selecting
photosensitive resins having the desired properties, chosen from the large catalogue of materials developed
for the stereolithography process. As an example, we used Formlabs resins RS-F2-GPCL-04 (which
results in a transparent and rigid material once cured), RS-F2-GPWH-04 (which is a white resin) and
RS-F2-GPBK-04 (which is a black resin). By switching between these resins, we were able to print multicolor
parts, as shown in Figure 1D. Formlabs also developed a flexible resin (RS-F2-GPGR-02). By alternating
rigid and flexible areas, we can create parts with varying Young’s moduli. In this example, a two-hinge
part was printed (Figure 1E).
 
Figure 1. Multi-channel print head. (A) Schematic of the microfluidic channel design. (B,C) Switching
of three colored liquids as recorded at the tip of the print head. (D) Clear, white and black part.
(E) Two-hinges part printed with two different inks (one rigid and one flexible). All scale bars
correspond to 1 cm.
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Switching between two different materials can be performed in a cleaner and faster way that the
one used in the very simple multi-channel print head presented in Figure 1, for example by using
actuated virtual valves similar to the ones presented by Braschler et al. [42]; however, this method
induces the waste of larger amounts of printing material, which can be a problem.
In the examples we presented, the materials were deposited alternately one after the other,
using microfluidic switching, but multiplexing can also be implemented directly in the print head,
allowing the alternation of materials both laterally and during printing. Microfluidic devices
capable of performing such types of multiplexing have been demonstrated in Lab on Chips,
using polydimethylsiloxane (PDMS) as structural material, as it allows a simple fabrication and
actuation of valves, but its use in print heads for 3D printing may be limited, as the flexibility of PDMS
would limit the extrusion pressure [55].
3.2. Enhanced Resolution
Microfluidic flows present a laminar behavior [45]. This property can be exploited to change
the resolution of the printed material by focusing it while it is dispensed using sheath flows [25].
Hydrodynamic focusing only requires a very rudimentary microfluidic setup, the most common
configuration being a 3-channel device, where the center flow stream is pinched between two side flow
streams, resulting in a shrinking of the width of the center flow. Implementing hydrodynamic focusing
in the print head of an extrusion-based 3D printer, its resolution can be not only be significantly
increased, but it can be adjusted while printing by simply varying the ratio between the core and
lateral flows. Figure 2A demonstrates the principle of sheath flow. Alginate filaments (in blue) are
focused using de-ionized (DI) water with 4% CaCl2. Depending on the ratio of the alginate core flow
to the CaCl2 solution sheath flow (Figure 2B), the obtained filaments can vary in diameter from 800 μm
to below 200 μm, providing a fivefold resolution increase. Figure 2C shows the evolution of the size of
the deposited filaments as a function of the ratio between sheath and core flows.
One issue of the use of sheath flows for increasing the printing resolution is the fact that the liquid
used in the sheath flow for focusing is also “printed” alongside the actual material of interest. In our
example, using a water-based solution, large quantities of water are ejected from the probe and may
disrupt the printing. On Figure 2D, a printed filament with changing diameter is presented. The first
section of the filament is small and soaked in the sheath flow that will ultimately dry. The filament
then widens and the surplus of liquid produced by the sheath flow becomes almost nonexistent as it is
reduced to a minimum. To solve the problem of residual fluid, Perfluoro(methyldecalin) (PFD) was
used as sheath flow. Given that it is a highly volatile material, it will quickly evaporate, leaving only
the desired focused filament. One limitation of this technique is that when the sheath flow becomes
much larger than the core flow, flow instabilities occur, limiting the use of hydrodynamic focusing
for enhancing the resolution of the dispensed material. In this case, there is always the possibility of
reducing the dimensions of the microfabricated channels provided on the print head for improving
the resolution. However, this implies the use of larger values of pressure to drive the various liquids in
the microchannels. Furthermore, it is important to note that as liquids are being printed, the tuning of
the printed filament through flux control of the core flow only without flow focusing can be achieved.
With a constant printing speed, an increase of the flux will result in a larger printed filament (Figure 2E).
This presents the advantage of not having residual liquid from the sheath flow, but the crosslinking
must be performed from the probe either by UV light or, in this case, by printing alginate on a CaCl2
bed, which is not suitable for high structures.
Adjusting the printer resolution on the fly opens new ways of controlling the printed part.
It would thus be possible to choose the resolution depending on the importance of the part being
printed while printing. This methods allows the printing of coarse filament for the filling of the printed
part, while at the same time, for the wall, the filament can be refined to obtain fast and precise printing.
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Figure 2. Print head based on flow focusing. (A) Principle of hydrodynamic flow focusing with the
core flow in blue and the sheath flow in white. (B) Flow focusing at different sheath flow/core flow
ratios (R). (C) Printed fiber diameter as a function of the flow ratio. (D) Printed filament going from
small filament (1) to large filament (2) whilst the ratio R is changed. (E) First layer of a printed part
with fine edge (1) and coarse filling (2). Scale bars = 5 mm.
3.3. New Materials
Laminar flows have the particularity that they do not mix easily, as turbulence does not occur
in this flow regime. Mixing relies solely on the diffusion phenomenon, which can be enhanced by
splitting and rearranging the flow using a mixer. Many micro-mixers [41] have been devised for
microfluidic applications; of these static micro-mixers have the advantage of being passive structures
that provide efficient mixing in laminar conditions and that can be integrated directly in the print head
nozzles used for 3D printing.
In a previous work, we demonstrated the use of a meander-based static micro-mixer for
performing the mixing of slow reacting materials used to 3D print carboxymethylcellulose-based
cryogels [53]. A micro-fabricated dispensing print head allowing both the last-second mixing of
cryogel precursors and the temperature control of the extruded material during printing was used.
This allowed the 3D printing of multi-layer cryogels with on-demand local pore size change through
the control in temperature of the dispensed solution. The seeding and culture of cells in specific areas
of the obtained 3D cryogel structure was also demonstrated after its functionalization.
There are, however, static mixers much more efficient than meander-based micro-mixers.
Herrigbone mixers [39] still remain to this day among the most efficient static micro-mixers,
but their manufacturing using microfabrication technologies is slightly more complicated than that
of meander-based mixers, as they are two-level structures and require a larger number of fabrication
steps. By implementing herringbone micro-mixers at the tip of a dispensing print head, even viscous
materials can be mixed in structures of only a few millimeters in length. This principle is demonstrated
in Figure 3A, where colored glycerol streams (in blue and white) are pushed through two three-inlet
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devices, one being a simple straight microchannel, the other accommodating a herringbone micro-mixer.
Mixing occurs within the first 5 mm of the herringbone structure, whereas there is no apparent mixing
in the straight channel. Because different materials can be efficiently mixed, gradients can be created
by variating their ratio. As an example, black and white Formlabs resins were printed going from fully
black to fully white in a smooth gradient (Figure 3B). Therefore by adding the 3 primary colors to the
mix, any color can be printed in a very simple manner.
Moreover, as mixing is performed, fast-reacting material can be brought in contact, just before
they are deposited by 3D printing. As a demonstration, we performed the mixing of a two-component
polymerizable resin based on polyethylene glycol 400 diacrylate, one component containing 3%
N,N,N’,N’ Tetramethyl-ethylenediamine, the other containing 3% benzoyl peroxide. The benzoyl
peroxide/amine system is known as an initiator for free-radical polymerization of acrylates [56] and
the reaction is fast when all materials are brought in contact. By adequately choosing the amine
component, the crosslinking speed can be adapted. Figure 3C shows a 3D printed filament made by
mixing these components at the last second.
 
Figure 3. Herrigbone micro-mixer integrated at the tip of the probe. (A) Colored glycerol streams
pushed through a simple T-junction and through a herringbone micro-mixer at 0 mm, 2 mm and
4 mm after the merging point. The mixer allows rapid and efficient mixing of viscous materials.
Scale bar = 300 μm. (B) Mixing of white and black Formlabs resins at different ratios results in smooth
gradients from one material to the other Scale bar = 1 cm. (C) Printed acrylate filament made using
a two-component material. Scale bar = 1 cm.
The use of micro-mixers placed at the output of the print head of extrusion based 3D printers
allows to mix reactive components right before dispensing them. This allows materials that are not
usually used in 3D printing to be printed, such as polymer systems initiated by peroxides, as well as
biomaterials such as hydrogels or cryogels. Additionally, more conventional materials can be mixed
with a chosen ratio between them, allowing blends of materials to be created. This is of interest in the
production of materials with gradients of properties in an object. It can simply be a gradient of colors
if two resins of different color are used, but gradients of mechanical properties can also be fabricated,
for example by mixing resins resulting in flexible and hard polymers or by mixing composite resins,
charged with a filler material.
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3.4. Concentration
In the previous paragraphs, print heads based on very simple microfluidic components were
presented; however, microfabrication techniques can be used to manufacture much more complex
structures. In this paragraph, we demonstrate a print head allowing the concentration of particles
in solution, which can be used to increase the filler concentration of a composite resin just before
it is printed or to concentrate cells in bioprinting. Figure 4A shows a schematic of the print head.
A solution containing particles or cells enters the device by the inlet and flows in a straight channel
equipped with a crossflow filter towards the outlet. This crossflow filter allows some of the liquid
to be withdrawn between inlet and outlet simply by adequately imposing the flows both at the inlet
and the waste outlet, thus concentrating the particles in solution. The extracted liquid is removed
from the device through the waste outlet, while the concentrated solution is 3D printed. To separate
micrometric-sized particles, the crossflow filter must feature small openings. This is made by a series
of 50 μm tall, 2 μm wide pillars with a 4 μm pitch, as shown in Figure 4B. This structure is fabricated in
a single etching step. Figure 4C–E demonstrates the concentration of a solution containing 8 μm beads.
 
Figure 4. Crossflow filter for particle concentration. (A) Schematic of the print head. (B) Scanning
electron micrograph of the crossflow filter. (C–E) Concentration of 8μm beads by adjusting the
withdrawing factor. Scale bar = 250 μm.
Concentrating particles in solution before their being dispensed by 3D printing can find
applications in various fields. It is known that the concentration of particles in composite materials is
a major factor in their physical properties [57]. With the device we presented, the physical properties
of the printed composites could be changed during printing. This is of particular interest when high
concentrations of filler material need to be present in the printed material, making it very viscous.
Concentrating the particles in a composite material at the last second when printing makes it possible to
work with diluted (thus of low viscosity) solutions for the whole process and still produce composites
of the desired composition, removing the excess liquid just before dispensation.
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Concentrating cells in solution is of even bigger interest in the field of bio-printing, as intercellular
communications rely heavily on intercellular distance [58], and thus on the cell concentration. However,
working with high concentrations of cells in bioprinting is often inappropriate, as a large quantity of
cells would be lost in pipes and other dead volumes, and the cells would be subjected to large shear
forces because of the high viscosity of the solution. In general bioprinting techniques use solutions
containing roughly 1 million cells per milliliter of solution, which results in cell-laden gels containing
a cell concentration orders of magnitude lower than in native tissue [56].
By concentrating the cell right at the tip of the printer, it is possible to print tissue with biologically
relevant cell concentration, without wasting large numbers of cells in dead volumes or subjecting them
to high shear stress.
4. Discussion
Stereolithography and extrusion-based 3D printing are the most commonly used additive
manufacturing techniques. Extrusion-based techniques are easy to use and are cost effective, but have
seen almost no improvement in terms of process development since their creation. On the contrary,
microfluidic techniques have seen major developments in terms of device design and fabrication,
and these developments can now be applied to significantly improve the print heads of extrusion-based
3D printers.
In this paper, we explored the integration of four relatively simple microfluidic systems at the
tip of the print head of extrusion-based 3D printers to create smart dispensing tools that can perform
different functions right before printing. The integration of additional functions to print heads is of
particular importance for bioprinting applications. We demonstrated fast switching between two or
more materials to create multimaterial parts, but when applied to bioprinting, it can be used to switch
between the different cell types needed in a cell co-culture. Enhancing the printing resolution using
sheath flows can also be used for centering cells inside hydrogel filaments. Micro-mixers can be used
to prepare hydrogels or cryogels from their components, to insert cells into the printing medium or to
create gradients of composition or of cell types while printing. Concentration using crossflow filters
makes it possible to reach cell concentrations close to native tissue without adverse effects during
their manipulation.
Thanks to microfabrication, more complex functions can also be integrated in the print heads,
taking advantage of all the knowledge available in the field of Lab on Chip devices, but such
developments would probably have precise needs in terms of specific applications. For example,
combining fluidic functions with in-channel spectroscopy could provide continuous feedback on the
printed material quality, implementing dielectrophoresis electrodes could be used for filtering particles
and cells and could make it possible to print only the viable cells, and detecting the passage of cells of
interest while they flow through the microchannels and filtering out the excess of liquid medium could
make it possible to print each cell at a precisely chosen location. Many other microfluidic functions
can be integrated, such as fast switching valves, digital microfluidic, microfluidic gradient generators,
cell concentrator or micro-heaters, each bringing the potential of using new materials and developing
new applications for extrusion-based 3D printing.
The integration of customized microfluidic functions into the print heads of 3D printers has the
potential to be a game changer in fields where additive manufacturing is used, and in particular for
bioprinting. Compared to more conventional 3D printing, there is an additional level of complexity
involved when making biological constructs out of different types of cells and scaffold materials,
and the use of cells in bioprinting applications requires more care than the usual materials used in
additive manufacturing techniques. Bioprinting is often described as the key development to go
towards artificial organs and engineered biological tissues, but to obtain the level of complexity needed
to form such complex cell constructs, major improvements in 3D printing techniques are needed,
and one of the keys to achieving this is clearly the integration of microfluidic functions into print heads.
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5. Conclusions
New opportunities generally arise when merging different technologies, and the present paper
attempts to show the value of bringing microfluidics closer to extrusion-based 3D printing techniques.
By applying some concepts developed over the years for Lab on Chip applications to create smart print
heads, we tried to open the way and demonstrate improved dispensing functionalities. Four different
microfluidic functions were implemented at the tip of print heads: Micro-mixers were used to mix
reactive components before dispensing and to blend materials with varying ratios. Sheath flows
were implemented to improve the print resolution. Fast switching was demonstrated to create
multimaterial components and crossflow filtration was shown to concentrate particles or cells in
the deposited material. By using microfluidic functions in the world of 3D printing, an additional layer
of control can be added, enabling the fabrication of components that were impossible to print before.
This methodology can be scaled, and has the potential to revolutionize the way we print, in particular
in the field of bioprinting, where new challenges need to be faced in going towards the fabrication of
engineered 3D biological tissues.
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Abstract: Additive manufacturing (AM) is ideal for building adaptable, structurally complex,
three-dimensional, monolithic lab-on-chip (LOC) devices from only a computer design file.
Consequently, it has potential to advance micro- to milllifluidic LOC design, prototyping,
and production and further its application in areas of biomedical and biological research. However,
its application in these areas has been hampered due to material biocompatibility concerns. In this
review, we summarise commonly used AM techniques: vat polymerisation and material jetting.
We discuss factors influencing material biocompatibility as well as methods to mitigate material
toxicity and thus promote its application in these research fields.
Keywords: lab-on-a-chip; bioassay; toxicity; additive manufacturing; polymers; 3D printing
1. Introduction
Additive manufacturing (AM), colloquially known as three-dimensional (3D) printing, is an
automated computer-assisted design (CAD) and fabrication method developed in the 1980’s [1].
Via AM, structurally complex monolithic devices can be built from a range of materials, such as
liquid-polymer or powder grains, with various material, mechanical, and physical properties. AM
is a versatile and agile technology platform suited to the rapid development of prototypes and
the fabrication of adaptable high-value products. Expansion of innovative desktop AM systems,
exhibiting fast build-speeds and improved printing resolutions, coupled with decreasing prices of
AM technologies, is enabling their rapid adoption in small-scale industries and laboratories. By 2020,
the global AM industry revenue is predicted to exceed $21 billion [2]. It’s growing popularity is due to
the advantages it has over traditional ’subtractive’ or ’formative’ manufacturing techniques, which
rely on economies of scale and are comparatively wasteful [3].
Demand for inexpensive prototyping and fabrication of lab-on-a-chip (LOC) devices has
stimulated substantial interest in alternative fabrication methods. In this regard, AM has attracted
interest within the LOC community, which aims to reduce the cost and complexity of prototyping
and developing bespoken devices [4]. AM circumvents cumbersome processes inherent to traditional
manufacturing methods (e.g., photolithography), such as complex multi-step fabrication techniques
and the use of expensive clean room facilities. Specifically, the vat polymerisation AM methods,
stereolithography (SLA), multi-photon polymerisation, and digital light processing (DLP), provide
elegant fabrication alternatives.
Vat polymerization AM can produce optically transparent structurally complex monolithic devices
with functional elements such as integrated fluidic interconnects, valves, pumps, and lenses [5]. In this
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method, a solid object is built in a layer-by-layer fashion by the selective exposure of a photosensitive
polymer resin to a focused laser beam or light projection (Figure 1) [6]. Presently, most consumer-grade
3D printers build objects by a process known as fused deposition modelling (FDM). This involves
melting and depositing a filament of plastic material such as acrylonitrile butadiene styrene (ABS)
and poly(lactic acid) acid (PLA) in a layer-by-layer fashion. Decreasing costs of vat polymerisation
machines means they are no longer only affordable to large-scale industries but are accessible to the
individual consumer.
Figure 1. Examples of additive manufacturing (AM) systems that use polymer materials: (a) Material
jetting, where a photo-sensitive photopolymer is deposited in droplets that are then polymerized by
a passing light source. The process is repeated so that the solid object is built up layer by layer on the
build tray. (b) Vat polymerization, where a photosensitive polymer contained in a vat is polymerized
in a layer-by-layer fashion either by a light-beam (stereolithography and multi-photon polymerization)
or by light-projection (digital light processing ). (c) Material extrusion, where the polymer filament is
softened as it passes through a heating block and extruded in a layer-by-layer fashion.
A critical limitation of AM systems for LOC applications, however, is the printing resolution.
In general, AM systems are capable of producing a minimum printable feature size 70–300 μm and
a z-axis layer height of >20 μm [1,7]. While current generation AM systems appear less suited to the
fabrication of true microfluidic systems, they are suited to the fabrication of milllifluidic or mesofluidic
devices, the latter is characterised by a channel’s cross-dimensions ranging from 250 μm to 2000 μm and
high aspect ratios. Design and structural constraints make them particularly difficult to fabricate using
conventional photolithography techniques, thus demanding non-standard fabrication approaches
ideally suited to AM [8–10]. Emerging applications in biomedical research and ecological toxicity
testing include in-situ analysis of embryos and small metazoan organisms [11–15].
Despite the perceived advantages, reports on the toxicity of AM photosensitive polymeric
materials have curtailed their application in AM-LOC technologies aimed at in vitro bioassays and
biotests [13,16–19]. Resin compounds such as photoinitiators (PIs), monomers, short-chain polymers,
and auxiliary compounds may leach from final printed parts in aqueous media and consequently
may compromise part biocompatibility. Furthermore, attempting to eliminate these potentially toxic
compounds by following standard manufacturer-recommended part-cleaning procedures might not
adequately mitigate toxicity. This review focuses on the perceived toxicity of AM photosensitive
polymeric materials as well as current approaches to alleviate toxicity, with the aim of facilitating
applications in biomedical and biological research.
2. Overview of Additive Manufacturing (AM) Fabrication Technologies
AM technologies are classified according to the initial condition of the build material and the
physical principles underlying the solidification process (Figure 1) [1]. In 2017, photo-polymerisation
AM, which encompasses material jetting (MJ) and vat polymerisation (SLA and DLP), accounted for
the majority of materials used in the global AM market [20].
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The vat polymerization process produces a solidified 3D object by localised irradiation and
polymerisation of a light sensitive resin (contained in a vat) by a spatially controlled light source [1].
The light source used in SLA is a spot laser that irradiates the resin as it scans in an x–y direction of
each plane, whereas the light source used in DLP is a projector and the whole x–y plane is irradiated in
a single flash. For both, the final object is built in a layer-by-layer fashion as the build platform moves
through the resin along the z-axis, whereas multi-photon, also known as two-photon, polymerisation
(MPP), produces a solid object by focusing a femtosecond laser beam into the resin vat. The laser
moves in any direction within the resin, so it is not a layer-by-layer technique [21,22].
In contrast, MJ is a process similar to inkjet printing and involves jetting droplets of photosensitive
polymer resin onto the build platform (Figure 1). Resin is solidified by a passing light source,
and the process is repeated in a layer-by-layer fashion, as the object is built from the bottom up.
Vat polymerization technology, more than MJ, can accelerate micro/milllifluidic device development
since it is capable of achieving finer resolutions. It has been used to build LOC and micro-devices from
optically transparent materials [5,23–25].
SLA and DLP has been used in LOC design and manufacture. The authors of Au et al. [26]
built a peristaltic pump and cell perfusion chamber with integrated fluidic valves, and the authors
of Comina et al. [27] built a monolithic LOC with integrated check-valves. In addition, LOC devices
have been fabricated via replica moulding in poly(dimethylsiloxane) PDMS from moulds [28,29].
SLA and DLP are applied in dental implant design and production, surgical planning, the building of
anatomical prosthetic devices, and tissue engineering [5,30,31].
MPP is suited to the design of microfluidic devices, as it can build structures down to 200 nm from
materials classified as biocompatible [32]. It has been used to build micro-needle arrays for vaccine and
drug delivery [33] and develop complex suspended micro-channel resonators for LOC biomechanical
sensing applications [34] as well as integrative optofluidic refractometers with microtubes of various
diameters and wall thicknesses [35].
3. Photopolymerization and Stereolithographic Resins
Polymerization, by chemical reactions, connects unsaturated monomer molecules to propagate
a polymer-chain network [36,37]. To create a 3D solid object, a photo-sensitive stereolithographic
polymer resin is solidified by the successive vitrification of the photopolymer by a light-initiated
chemical reaction that leads to the cross-linking of polymers by produced reactive species
(free radicals, cations or anions) [38]. The photo-polymerisation process is consistent with ‘chain-growth’
polymerization in that it requires initiation, propagation, chain transfer, and termination [36,37,39].
Resin components include a photo-sensitive polymer and a photoinitiator system along with
other additives and fillers, such as inhibitors, plasticizers, light stabilizers, and pigments (e.g., shown
in Tables 1–3). Auxiliary compounds may improve polymerisation (in the industry termed ‘curing’)
efficiency and enhance mechanical, physical, and aesthetic properties of the final printed part.
Ultimately, final material properties depend on the post-cleaning and post-curing process.
In radical polymerization, photolytic energy is absorbed by the PI and the produced reactive
species is a free radical, a molecular fragment having one unpaired electrons (Figure 2) [36].
The propagating site of reactivity is a carbon radical [40]. Free radicals are transferred from monomer
to monomer during chain growth. Radical polymerization terminates when two radicals, either the
forming polymer chains or PI fragments, combine.
In cationic polymerization, photolytic energy is absorbed by the PI to release free radicals and
a Lewis or a Brönsted acid [40,41]. The propagating site of reactivity is a carbocation. Charge is
transferred from monomer to monomer during chain growth. Termination occurs via unimolecular
rearrangement within the counterion, i.e., where an anionic fragment of the counterion combines with
the propagating chain end, inactivating the growing chain, and reducing the concentration of the
initiator complex [42].
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Two polymerisation steps are required to produce the final object built using vat polymerisation
AM [31]. The first-step occurs in the vat of the machine and is by the light emitted by the machine.
This step produces a partially cured object, referred to as ‘green’. While the object at this stage has its
final shape and form, a second curing step is need to optimise its mechanical properties. Typically,
the ‘green’ object is first rinsed in a solvent to remove polymerised resin. The second curing step occurs
in a purpose-built ‘post-curing’ oven that emits a (stroboscopic) light at a wavelength that should be
matched to the resin type. The object typically must be systematically re-orientated during this step,
so that exposure of each surface of the geometry to the light source is maximised.
Figure 2. The two photoinitiator (PI) mechanisms are radical (a,b) and cationic (c,d). In the
radical system, absorption of light (hv) produces a free radical by homolytic cleavage, propagating
polymerization, for example, as in (a) hydroxyacetophenone and (b) phosphine-oxide, where R
represents a methyl group in (a) and a phenyl ring in (b). In the cationic PI system, in PIs
such as (c) triarylsulfonium hexafluoroantimonate salts and (d) bis(4-tert-butylphenyl)iodonium
perfluoro-1-butanesulfonate, light is absorbed causing heterolytic and homolytic cleavage that forms
a cationic portion (labeled in green) and anionic portion (labeled in pink). The generated molecules are
reactive with monomers, forming an acid and free radicals, propagating polymerization (open source
image adapted from [36]).
3.1. Photoinitiator Systems
A PI compound (examples are shown in Table 1) acts as catalyst for photopolymerisation by
converting absorbed light energy into chemical energy, free radicals, and/or cations [43]. To enhance
the efficiency and depth of polymerization, stereolithographic resins will typically contain multiple
‘PIs’ and a thermal initiator compound. A thermal initiator, such as benzoyl peroxide or Lauroyl
peroxide, ideally does not affect the resin during printing, but operates during ‘post-curing’ to aid in
interior part polymerization. Radical PI systems are classified by their mode of operation as either
a Norrish Type I or Norrish Type II. The Norrish Type I PI molecule undergoes homolytic cleavage to
produce free radicals upon the absorption of light [38], whereas the Norrish Type II PI is a bimolecular
system, where absorption of light, typically ultra-violet (UV)-C, causes a light absorbing molecule
(or sensitizer) to interact with a second molecule (a co-initiator) to generate free radicals [44].
A cationic PI system consists of a cationic and anionic pair, and each component has an explicit
role in the polymerization mechanism [37]. The cationic portion of the PI molecule absorbs light to
produce an excited electron state, whereas the anionic portion of the PI molecule absorbs light to
produce an acid [41]. The excited electron state causes the PI molecule to undergo homolytic cleavage
to yield several free radicals and heterolytic cleavage to produce another cationic species and an acid.
Typically, cationic PIs are either sulfonium or iodonium salts (e.g., 4-octyloxy-phenyl-phenyl iodonium
hexafluoroantimonate). Cationic photopolymerization is used for monomers, such as epoxides and
vinyl ethers, which cannot be polymerized by free radical mechanisms [45].
For photopolymerization to proceed efficiently, the absorption wavelength of the PI must overlap
with the emission spectrum of the light source and there must be minimal competing absorption
by the other resin components [46]. Optimal absorption of each PI occurs at a specific wavelength
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range, for example, phosphine-oxide compounds will typically have an absorption maximum between
360 nm and 400 nm, and camphorquinone has an absorption maximum at a wavelength of 468 nm [30].
Catatonic PIs absorb in the wavelength range between 220 nm and 280 nm, with the different molecular
configurations around the sulphur or iodine atom determining the specific absorption maximum for
each PI [39].
Table 1. Summary of toxicity data available for photoinitiators used in stereolithography resins.








Fertility impairing effect [47], acute and chronic toxic for aquatic
organisms [48], toxic effect on mouse NIH 3T3 cells [38]. Not readily
biodegradable by OECD criteria [48,49].
LD50 Oral rat > 5000 mg/kg (OECD) [48]
LC50 (48 h) Oryzias latipes—6.53 mg/L (JIS K 0102-71) [49,50]
EC50 (48 h) Daphnia magna—3.53 mg/L (OECD 202) [48,50]




Readily biodegradable (OECD 301B) [51]
LD50 Oral Rat—2.240 mg/kg [51]
LC50 (96 h) Salmo gairdneri—25 mg/L [51]





Causes liver hypertrophy and kidney adenoma in rats [52]
EC50 (24 h) Daphnia magna—0.28 mg/L [53]
LC50 (96 h) Pimephales promelas—14.2 mg/L [53]
BP-3 and BP-4:
LC50 (48 h) Daphnia magna—1.09 and 47.47 mg/L
LC50 (96 h) Brachydanio rerio—3.89 and 633.00 mg/L






LC50 (96 h) Danio rerio—24 mg/L [54]
EC50 (48 h) Daphnia magna—59.3 mg/L (OECD 202) [54]
EC50 (72 h) Desmodesmus subspicatus—14.4 mg/L (OECD 201) [54]
Triarylsulfonium
salt (Cationic)3 1–10% 3D Systems
EC50 (24 h) Daphnia magna—4.4 mg/L [55]
EC50 (48 h) Daphnia magna—0.68 mg/L [55]
1 Including diphenyl(2,4,6-trimethylbenzoyl)phosphine oxide (TPO) and bis acyl phosphine oxide (BAPO).
2 Including benzophenone-3 (BP-3), benzophenone-4 (BP-4) [56]. 3 50% propylene carbonate and 50% mixed
triarylsulfonium salts, i.e., an antimonate mixture.
3.2. Photopolymer Matrix/Systems
Photopolymers are mono-, di- and trifunctional monomers, acting as cross linkers, and
hyper-branched oligomers that are multifunctional, acting as both cross linkers and diluents [57].
Classical photopolymer systems contain a single type of photopolymer (e.g., acrylic, epoxide,
vinyl-ether, or a thiol-ene), whereas commercially available resins have combinations of photopolymers
to enhance mechanical properties of the final fabricated object and to overcome the limitations of single
polymer systems (e.g., low strength and high anisotropy). Examples of photopolymers are shown
in Table 2.
Most free-radical curing resins employ the unsaturated functionality of acrylate and methacrylates;
however, allyl- and vinyl-based formulations are also available [1]. An acrylate oligomer backbone
can be modified to be of a different polymer class to achieve the material properties desired in
the final object. For example, material properties are customized when an acrylate oligomer is
combined with highly flexible polybutadienes, rigid and chemically resistant bisphenol A epoxies,
and flexible yet tough polyurethanes [58]. Polyester- and acrylic-based acrylate oligomers are also
commercially available.
The biocompatibility of candidate photopolymeric materials for the AM of biomedical devices has
been carefully scrutinised. Organically modified ceramic (ORMOCER) composite resins, for example,
have been used with MPP and SLA to build devices including scaffolds for tissue engineering,
microneedles for drug delivery, and dental implants [33,59,60]. ORMOCER-based photopolymer
resins contain silicon alkoxides, organically modified silicon alkoxides, several metal alkoxides
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and in/organic monomers [61]. Typically, they operate either as methacrylate alkoxysilane systems,
initiated via radical polymerization, or epoxysilane systems initiated via cationic polymerization. The
biocompatibility of ORMOCER copolymer resins increases as the content of inorganic co-polymers
decreases, such that leaching of toxic residues is minimised [62]. For example, a polymerized object
made from an ORMOCER-based resin may contain up to 50% unreacted methacrylate monomer. These
are liable to leach in an aqueous medium and cause toxicity.
Polyethylene glycols (PEGs) are polymers of ethylene oxide [63]. PEGs are non-toxic, except
when they are administered at exceedingly high doses (for humans, >10 mg/(kg·day−1)). Material
properties of PEGs can be fine-tuned by modifying the molecular weight (MW) of the PEG backbone
and by cross-linking them with acrylate groups. Polyethylene glycol diacrylate (PEG-DA) contains
double-bond acrylate groups at each end of the PEG chain.
PEG-DA is a relatively biocompatible material [64,65]. While PEG-DA is used in biomedical
applications, toxicity of PEG-DA can arise from unreacted monomers and PIs. Consequently,
assessment on biocompatibility precedes each application [64]. The authors of Urrios et al. [66],
for example, built transparent microfluidic devices in PEG-DA (MW 250) using SLA. To mitigate
the toxicity of unreacted PEG-DA monomers and PI, the surfaces were subjected to an additional
curing step in a UV bath to allow residual compounds to leach. The authors of Traore and Behkam
[67] combined PEG-DA hydrogels with photolithography to produce LOC devices for use in cellular
assays. To mitigate toxicity, gels were soaked in PBS overnight to remove excess PI and unreacted
monomers.
Direct AM of PDMS is still in its early stages of development. The authors of Femmer et al. [68]
used AM to create the first membrane made from PDMS using DLP. They fabricated features in
the range of 150 and 300 μm from a custom PDMS-based resin. However, the optical clarity of the
material was reduced because PI concentration and biocompatibility assays were not undertaken.
PDMS materials have been applied, to a degree, in the development of microfluidic LOC using AM.
The authors of He et al. [69] produced an LOC using FDM, sugar, and PDMS. Micro-channels were
created by extruding melted sugar on a PDMS-based layer. PDMS was cast over the sugar layer and
the sugar was removed with water. The authors of Comina et al. [29] used AM master moulds to cast
PDMS into LOC. In addition, PDMS has been used to coat AM LOC to improve biocompatibility.
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Table 2. Summary of toxicity data available for photopolymers used in stereolithography resins.










Toxic or harmful to various species of fish, algae and water
microorganisms [49]. Potential mutagens and a reproductive and
developmental toxicant.
LD50 Oral rat >5000 mg/kg [49]
LC50 (96 h) Brachydanio rerio—10.1 mg/L (OECD 203) [70]
LC50 (96 h) Cyprinus carpio—1.2 mg/L (OECD 203) [71]








Assessment of repeated dose toxicity indicates potential to affect the
liver and kidneys as indicated in animal studies [72]. Potential
mutagen, and a reproductive and developmental toxicant, aquatic
toxicant, and genotoxic in mammalian cell culture [73].
LC50 (96 h) Salmo gairdneri—3.4 mg/L (OECD 203) [73]
LC50 (96 h) Cyprinodon variegatus—1.1 mg/L (OECD 203) [73]
EC50 (48 h) Daphnia magna—2.6 mg/L (OECD 202) [73]
EC50 (72 h) Selenastrum capricornutum—3.55 mg/L (OECD 201) [73]
EC50 (96 h) Mysidopsis bahia—1.6 mg/L (OPP 72-3) [73]
LC50 (96 h) Lepomis macrochirus—283 mg/L * [74]
LC50 (96 h) Oncorhynchus mykiss—5.2 mg/L * [75]
EC50 (48 h) Daphnia magna—8.74 mg/L * [75]
EC50 (72 h) Pseudokirchneriella subcapitata—5.2 mg/L * [75]
LD50 Oral rat—7900 mg/kg * [74]
Tripropylene Glycol
diacrylate 3D Systems
LD50 Oral rat—6800 mg/kg (OECD 401) [76]
LC50 (96 h) Leuciscus idus >4.6–10 mg/L [76]
EC50 (48 h) Daphnia magna—89 mg/L [76]
EC50 (72 h) Scenedesmus subspicatus—65.9 mg/L [76]
Table 2. Cont.
Compound w/w Available Toxicological Information
Hydroxyethyl
Methacrylate Dental resins
EC50 (48 h) Daphnia magna—380 mg/L (OECD 202) [77]







EC50 (48 h) Daphnia magna—40 mg/L [78]
LC50 (96 h) Oncorhynchus mykiss—24 mg/L [78]
LC50 Oral rats—5000 mg/kg [78]
1,6-bis(2,3-epoxy
propoxy) hexane 15–30% 3D Systems
Not easily biodegradable (according to OECD-criteria) [79]
EC50 (48 h) Daphnia magna—47 mg/L [79]
LC50 (96 h) Leuciscus idus—30 mg/L [79]










LC50 (96 h) Cyprinus carp—1.2 mg/L 2 [80]
LC50 (96 h) Danio rerio—7.9 mg/L 3 [80]
1 Degrades to methacrylic acid: LD50 Oral rat—1320 mg/kg, LC50 (96 h) Oncorhynchus mykiss—85 mg/L [81].
2Alkox. pentaerythritol tetraacrylate. 3 Di(trimethylolpropane)tetra-acrylate.
Additives and fillers are auxiliary compounds included for the purpose of enhancing and
customizing qualities of the printed part. For example, vertical print resolution and transparency
is improved, and solubility is reduced, by inclusion of ‘light-blocker’ compounds, such as carbon
black and Naphthol-based pigments, and UV blockers, such as 2,2’-(2,5-thiophene diyl) bis(5-tert-butyl
benzoxazol) Liu and He [82]. All acrylate-based resins require auxiliary compounds to extend
resin shelf life. Inhibitors, which are usually a quinone-based compound such as butylated
hydroxytoluene, hydroquinone, hydroquinone monomethyl ether, and benzoquinone, prevent
spontaneous polymerization during storage [83].
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In general, commercially available resins utilize a wide range of auxiliary compounds that serve
various purposes such as tuning material, mechanical, physical, and aesthetic propertis. Several
examples of auxillary compounds are shown in Table 3. Further example compounds include silica,
titanium dioxide, zinc, iron oxides, silver, silicon nitrides, calcium, lead, cerium, tin, zirconium,
strontium, barium, borosilicate glasses, kaolin, quartz, talc, rubber impact modifiers, thermoplastic and
cross-linked polyurethanes, polyethylene, polypropylene, polycarbonates, and poly-epoxides [83–89].
4. Compatibility of AM Substrata with Biological Applications
Biocompatibility of polymeric substrata used to fabricate LOC technologies is critical for any
biological and biomedical applications. Bioassays on living cells and tissues are conducted in aqueous
media and leaching of any chemicals from 3D printed plastics after contact with water can directly affect
test specimens. Until recently, critical biocompatibility issues and potential hazard risk implications
of widespread usage of 3D printed polymers have received only marginal attention [13,17–19,56,90].
Data on toxicity, bioaccumulative potential, persistence, and degradability of photopolymer materials
is largely lacking [4]. This is in part due to a lack of available information on resin composition,
which constrains independent evaluation of environmental and human health risk.
Typically, commercial resin formulas are proprietary. Only known hazardous materials are
declared in material product safety data sheets (SDS). Compounds considered by the manufacturer as
posing no significant risk are omitted. Open source and patent documents showed limited insight on the
potential formulas and compounds used in resins. This indicates that formulas are complex, potentially
containing greater than 20 compounds [82–88]. Consequently, it is difficult to predict which compounds
may leach and to estimate and measure the toxicity of individual and mixtures of compounds.
Comprehensive biological and chemical testing is a consequence necessary to evaluate biocompatibility.
Generally, substrata used for MJ and vat photopolymerization AM can have greater toxicity
than those used in material extrusion AM [17,91]. Typically, photopolymerization AM is reliant on
acrylate- and methacrylate-based compounds, which have up to a 90% weight-to-weight ratio (w/w),
and phosphine-oxide-based PI systems, which are less than 5% w/w (Tables 1 and 2). These compounds
are known to be acutely and chronically toxic to aquatic test organisms, including fish, algae, and water
microorganisms. In mammals, chronic exposure to these compounds has sublethal effects that include
impaired reproductive, liver, and kidney function and abnormal growth and development. Despite
this, studies investigating AM polymer toxicity have primarily focused on the emission hazards of
fumes resulting from material extrusion techniques, and photopolymerization materials have been
largely ignored [12,13,18,92,93].
The two principal mechanisms by which compounds can be released from a polymerized
object are (1) degradation or erosion and (2) extraction by solvent or aqueous medium, the latter
often referred to as a leaching of toxic residues [91]. Erosion, which may be caused by
photo, thermal, mechanical, or chemical factors, and the solubility of the resin-matrix also
influence the release of compounds. For example, UDMA-based resins (urethane dimethacrylate,
1,6-bis(methacryloyloxy-2-methoxycarbonyl amino)-trimethylhexane) are less water-soluble than
materials containing bisphenol-A-glycidyl methacrylates and are thus more susceptible to erosion [91].
Salivary esterases can erode the surfaces of resin-based dental materials, releasing methacrylic
substances that subsequently enter the intestine via swallowing, diffuse into the circulatory system,
and remain in the body until metabolized [94]. Unpolymerized co-monomers, triethylene glycol
dimethacrylate (TEGDMA) and 2-hydroxyethyl methacrylate (HEMA), released from polymerized
parts used as dental implants, have been detected in the human circulatory system [95].
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Table 3. Summary of toxicity data available for auxiliary compounds used in stereolithography resins.
Compound w/w% Available Toxicological Information
Butylated
hydroxytoluene Dental resins
Toxic or harmful to various species of fish, algae, and water
microorganisms [96]
LD50 Oral rat >6000 mg/kg (OECD 401) [96]
LC50 (48 h) Oryzias latipes—5.3 mg/L [96]
EC50 (48 h) Daphnia magna—0.48 mg/L (OECD 202) [96]






Toxic to aquatic life with long lasting effects [49], not readily
biodegradable (OECD 301B) [49,97]
LD50 Oral rat—3230 mg/kg (OECD 423) [49,97]
LC50 (96 h) Lepomis macrochirus—0.97 mg/L (OECD 203) [49,97]
LC50 (96 h) Oncorhynchus mykiss—7.9 mg/L (OECD 203) [49]
LC50 (96 h) Brachydanio rerio—0.9 mg/L (OECD 203) [49]
LC50 (48 h) Daphnia magna—8.58 mg/L (OECD 202) [97]
EC50 (72 h) Pseudokirchneriella subcapitata—1.1 mg/L (OECD 201) [97]




LC50 (96 h) Danio rerio—9 mg/L [80]
EC50 (72 h) Pediastrum boryanum—1.7 mg/L [80]
EC50 (24 h) Daphnia magna—15 mg/L [80]
Hydroquinone Dental resins
Evidence of mutagenicity in mammal studies, toxic to aquatic life;
absorption, in sufficient concentrations, leads to cyanosis [98]
LC50 (96 h) Oncorhynchus mykiss—0.04 mg/L [98]
EC50 (48 h) Daphnia magna 0.13 mg/L [98]
EC50 (72 h) Pseudokirchneriella subcapitata—0.34 mg/L [98]
LD50 Oral rat—367.3 mg/kg [98]
1 Bis(2,2,6,6-tetramethyl-4-piperidyl) sebacate, Pentamethyl-piperidyl sebacate.
2 2-methyl-1-(4-methylthiophenol)-2-Morpholinopropan-1-one.
Leaching of toxic residues to aqueous media is significantly more important for implementations
of AM in bioanalytical LOC technologies. Recent reports have shown that leaching of compounds from
plastic parts is relatively high in the first 24 h [30]. The rate of compound leaching is influenced partly
by geometry, characteristics of resin components, and polymerization extent [36,99]. Several studies
have isolated compounds such as residual monomers, additives, and photoinitiators by means of
extraction with aqueous media including distilled water, natural or artificial saliva, Ringer’s solution,
and organic diluents such as methanol, ethanol, and acetone. We have recently tested a random sample
of photopolymer leachate from several SLA systems using gas chromatography–mass spectrometry
(GC-MS) analysis. Our qualitative data based on different retention times in GC confirmed the presence
of a photoinitiator 1-hydroxycyclohexyl phenyl ketone (1-HCHPK) and a substance closely related but
not identical to methacrylate monomer (Figure 3).
Interestingly, 1-HCHPK has recently been reported as toxicant leaching from polyethylene
ampoules used for intravenous injections [100]. Such pilot GC-MS analysis highlighted its limited
detection capability for substances that are polar and non-volatile. Indeed, subsequent toxicity profiling
of identified pure compounds suggested that they were responsible for only half of the cumulative
toxicity effect. This warrants additional analysis to enable quantitative and conclusive identification
of compounds that leach out of the 3D-printed plastic parts. Combined, these data signify possible
biological risks associated with photoinitiators use in different plastic materials.
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Figure 3. Qualitative analysis of Form Labs photopolymer leachate using gas chromatography-mass
spectrometer (GC-MS) indicating the presence of photoinitiator 1-hydroxycyclohexyl phenyl ketone
(1-HCHPK) and a substance closely related but not identical to methacrylate monomer.
Incomplete polymerization of photo-reactive resins amid MJ, SLA, and DLP processes can lead
to greater levels of uncured and highly toxic substratum in the manufactured object, which can
potentially increase the leaching rate [31]. Even under optimal conditions, the conversion of monomers
to polymers is usually incomplete, and even the most efficient systems achieve approximately 55–60%
of complete polymerization [101]. Early termination of polymerization may further result from
a higher-than-optimal PI concentration in the resin, which over-produces reactive species, or the
presence of oxygen [102]. The above issues can be further intensified by part geometry. The latter
affects polymerization since initiation is due to ‘line of sight’, making shadowed areas more difficult
to cure, particularly at the ‘post-curing’ stage. Since the PI, compounds are not typically indicated
by the resin manufacturer, mismatch of the absorption characteristics of the resin to the emission
characteristics of the chosen curing method, is a potential problem that may result in incomplete
polymerization. For example, most UV photoinitiators, in particular those for cationic polymerization,
exhibit very weak or no absorption at 365 nm, 400 nm, and 465 nm, which makes the MPM lamps and
LEDs inefficient light sources for curing [45].
When considering AM systems such as SLA, MJ and DLP for any biological applications it
is important to consider that PIs, auxiliary compounds, monomers, and short chain polymers,
as well as their metabolites, may not be exhausted during or after polymerization. Furthermore,
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they are not entirely bound to or within the printed object [103,104]. For example, small
photoinitiators of 200–250 Da used in food packaging, such as 4-methyl benzophenone (4-MBP)
and isopropylthioxanthone, were found to migrate from the packaging into the food, raising significant
food safety concerns [105]. The authors of Short et al. [90] found that the PI antimony, a toxic heavy
metal, leached from AM objects over a 24 h period. In addition, several studies on human tissues have
shown that PI metabolites were implicated in material toxicity [106].
Key metabolites of PIs are free radicals, also known as reactive oxygen species (ROS), such as
peroxides and peroxy radicals [40,44]. These are implicated in the damage of DNA and proteins by
oxidative stress mechanisms [107]. The pathophysiology of ageing and various age-related diseases,
including chronic inflammatory of the gastrointestinal tract, diseases associated with cartilage,
and other neurology disorders, have been linked to oxidative damage [108].
Recent clinical investigations of biocompatibility of AM-fabricated polymeric dental implants
have shown a correlation between leachate and irritation of the oral mucosa [30]. Compounds such as
MMA, formaldehyde (a degradation of a copolymer formed from oxygen and methacrylate during
polymerization), and dibutyl phthalate (a plasticizer) have been detected in saliva. The authors of
Schweikl et al. [109] demonstrated that methacrylate monomers, such as HEMA, leach from dental
materials and induce cell apoptosis as a response to the associated DNA damage. Epoxides are
highly reactive molecules that are also implicated in DNA damage, apoptosis, and carcinogenic and
mutagenic effects [94]. The leached PI camphorquinone has moderate cytotoxic effects as shown in
human submandibular-duct cells [110]. It has been associated with cytotoxicity and correlated with
a significant increase in intracellular ROS in human pulp fibroblasts [111].
A commonly used endpoint for the determination of adverse systemic effects is acute oral
toxicity in rats (Tables 1–3). This quantifies the single-dose required to kill 50% of test animals (LD50).
Since photopolymerised resin-based materials release compounds in relatively small amounts, acute
oral toxicity in rats is less relevant to the assessment of the biocompatibility of these materials
compared with tests documenting sublethal endpoints [91]. The latter determines the effective
concentrations, which induce a response in 50% of the test animals (EC50), sometimes determined
along with the concentration required to kill 50% of the test organisms (LC50). These values
allow comparisons between relative biocompatibility of materials. For example, the authors of
Geurtsen [111] investigated cytotoxic effects of 35 single compounds used in stereolithographic resins,
in permanent 3T3 cells, and in three primary human oral fibroblast cultures. They showed that
EC50 values varied significantly among compounds, and that the PI 2,6-di-t-butyl-4-methylphenol,
the auxiliary compound 2-hydroxy-4-methoxy benzophenone, and the PI diphenyliodonium chloride
had relatively elevated cytotoxic effects.
Several recent studies have investigated the biocompatibility of parts made by vat polymerization
and MJ (Table 4). These studies utilized the fish embryo toxicity (FET) test, which is an established and
sensitive, phenotype-based physiological analysis of developing zebrafish (Danio rerio) embryos. It is
a relatively non-biased approach and is used extensively in the process of elucidating organ-specific
toxicity and environmental adaptations at the organ, tissue, and systems level [112]. The embryonic
developmental stage is considered one of the most sensitive to environmental perturbations and can
be readily applied to assess the impacts of any potential toxic effects of chemicals or solid phases.
Despite SLA and MJ parts being post-processed according to manufacturer specifications,
they appear to leach compounds. The authors of Macdonald et al. [13] investigated the biocompatibility
of commercial resins—VisiJet Crystal EX200, VisiJet S300, Watershed 11122 XC, ABSplus P-430,
and Fototec SLA-7150-Clear—using FET and found that these resins may leach toxic compounds
(Table 4). Leachate from several caused malformations during embryonic development (teratogenicity)
of zebrafish embryos. The authors of Oskui et al. [17] tested the biocompatibility of a Form Clear
(Form Labs, Inc., Somerville, MA, USA) resin and found that exposure to leachate lowered survival
rates of zebrafish embryos and elevated rates of malformations (yolk sac edema, heart edema,
embryo length deformation, spine flexures, a lack of melanophore development, and a lack of swim
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bladders). In a similar study, the authors of Alifui-Segbaya et al. [16] showed that 48 h of exposure
to a VisiJet (3D Systems Inc., Rock Hill, SC, USA) crystal-printed part leachate had lethal, sublethal,
and teratogenic effects on zebrafish embryos.
Table 4. Summary of recent assessments on biocompatibility of parts printed with commercially
available SLA and MJ printing polymers.
Resin Organism Toxicological Information
VisiJet Crystal Algae 1 At 24 h ∼70% growth inhibition [18].
Flea 2 At 24 h 100% mortality [18]
Rotifer 3 At 24 h 100% mortality [18]
Zebrafish 4
Stunted growth, missing eyes, reduced pigmentation and yolk sac, abnormal
shapes and also appear darker [13]. Greater than 90% mortality observed at
48 h [16] and 100% mortality observed at at 72 h [13].
Watershed 11122XC Algae 1 At 24 h >90% growth inhibition [18]
Rotifer 3 At 24 h ∼ 100% mortality [18]
Flea 2,5 At 24 h ∼ 100% mortality [18]
Fototec 7150 Clear Algae 1 At 24 h >90% growth inhibition [18]
Rotifer 3 At 24 h ∼ 100% mortality [18]
Flea 2,5 At 24 h ∼ 100% mortality [18]
Form Clear Algae 1 At 24 h ∼60% growth inhibition [18]
Rotifer 3 At 24 h ∼100% mortality [18]
Flea 2,5 At 24 h ∼ 100% mortality [18]
Zebrafish 4
At 72 h higher rate of mortality, malformations (yolk sac edema, heart
edema, embryo length deformation, spine flexures, lack of melanophore
development, and a lack of swim bladders) [17].
VisiJet Clear Zebrafish 4 At 48 h >90% mortality of embryos [16].
Algae 1 At 24 h >90% growth inhibition [18]
Rotifer 3 At 24 h ∼ 100% mortality [18]
Flea 2,5 At 24 h ∼ 100% mortality [18]
MED610/620 Zebrafish 4 >50% lethality [16].
1 Freshwater algae (Pseudokirchneriella subcapitata)—OECD 201 Growth Inhibition Test. 2 Freshwater water
flea Daphnia sp.—OECD 202 Acute Immobilization Test. 3 Freshwater rotifer Brachionus calycifloru—ASTM
E1440-91 Acute Toxicity Test. 4 Zebrafish Danio rerio embryo—OECD 236 Fish Embryo Acute Toxicity (FET)
Assay. 5 Freshwater water flea Ceriodaphnia dubia—USEPA Acute Toxicity Test.
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Zhu et al. [18] expanded upon the above studies and performed a battery of cell-based and whole
organism bioassays to assess the biocompatibility of several polymers including Watershed 11122
XC, Dreve Fototec 7150 Clear, VisiJet Crystal, Form Clear, and VisiJet SL Clear (Table 4). This work
for the first time provided an in-depth and multispecies view of potential biological implications of
fabricating devices using AM technologies. The published results demonstrated that leachate from
polymerized parts were toxic to vertebrates and several invertebrate model organisms. All of the zebra
fish larvae exposed to MJ and SLA leachates developed complete paralysis within 5 min of exposure,
indicating the effect leachates may have on the central nervous system of zebrafish larvae.
These results identified VisiJet Crystal polymer as toxic despite its being classified as a substance
with favourable biocompatibility, as evidenced by United States Pharmacopeia (USP) Class VI
certification [13,18,113]. However, its USP Class VI certification is dependent on specific post-curing
and cleaning steps [113]. These recent studies, though, have demonstrated that compounds, which are
potentially toxic, remain and can leach. Furthermore, standard and specialised post-processing steps
may not be adequate for removing toxicity, which still may occur in ranges affecting LOC bioassays.
While advances in AM of microfluidic and biomedical devices empower a rapidly growing
number of applications, the above studies suggest that considerable caution must be exercised to
mitigate biocompatibility concerns. The AM of biomicrofluidic LOC devices may not be suitable for in
vitro bioassays applications. Ongoing research is aimed at solving these biocompatibility concerns by,
for example, the development of AM systems capable of using biologically compatible substrata such
as PDMS and PEG-DA [114].
5. Methods for Mitigating Toxicity of Polymeric Resins
AM is undoubtedly an elegant approach to the fabrication of monolithic functional LOC devices.
Its ability to produced LOC with integrated fluidic interconnects and functional elements such as
valves has been proven. In addition, several different approaches aimed at ensuring biocompatibility
of photopolymer resins have been explored. Beyond customizing resin formulas to select for less toxic
compounds, carefully managed post-cleaning and post-curing processes, or coating of surfaces with
various biocompatible compounds, can increase biocompatibility.
While cross-linked polymer matrix may not leach, unreacted monomers, short-chain polymers,
additives and PI residues are prone to leaching when the part is in aqueous media (Tables 1–3). For this
reason, dentures and orthodontic devices, made using proprietary resins, are routinely stored in
water for up to 24 h (depending on the type of resin) to allow uncured compounds to be released,
thus reducing unwanted side effects [30]. For microfluidic LOC and biomedical devices made using
proprietary photopolymer resins, coating with PDMS, a nontoxic and transparent elastomer, has also
been used to overcome the limitation of unknown surface chemistry and toxicity [114,115].
Biocompatibility increases when polymerizing and post-curing light sources, and emission
regimes, are matched to meet the absorption requirements of the resin compounds [46]. To optimize
polymerization, the absorption maximum of PIs present in the photopolymer resin should overlap
with the wavelength emitted by the polymerizing light source [45,116]. Commonly used light sources
for polymerization are light-emitting diodes (LEDs), medium pressure mercury (MPM) lamps, and the
UV-light-emitting diodes (UV LEDs). LED curing units emit at two wavelength peaks (400 nm and
465 nm), MPM lamps emit at one wavelength peak (365 nm) and UV LED can emit at four wavelength
peaks (320 nm, 345 nm, 365 nm, and 390 nm). The total energy (light intensity times exposure time)
irradiating the surface is also essential to polymerization [117]. Thus, it is necessary that the chosen
polymerizing light source emits a sufficient intensity, and at wavelengths matching the absorption
range of the PIs present in the SL resin.
Differences in the structure of printed parts will influence the effectiveness of post-curing
treatments. To maximize exposure of the printed parts surface to the polymerizing light source,
commercial curing ovens often have a rotating inner table and several floodlights that project from
the inner walls and ceiling. However, LOCs have enclosed inner channels that are likely to be shaded
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from polymerizing light. The degree of which will depend on the penetration depth of the light source
through the part, the thickness of the part, and part geometry. Shading will result in incomplete curing
and less than optimal mechanical properties. For this reason, post-curing alone may not effectively
remove toxicity.
Photopolymer resins classed as biocompatible require thorough post-cleaning [113]. For example,
a standard cleaning procedure for a part printed in VisiJet clear consists of soaking the part in isopropyl
alcohol (IPA), brushing lightly if needed, rinsing in IPA, and air-drying, followed by 10–30 min of
post-curing. Cleaning procedures required for a USP Class VI certification involve soaking the part for
20 min in IPA, followed by scrubbing, and afterward four repeat cycles of soaking the part for 5 min
in IPA, again followed by scrubbing. Each repeat soak is to be conducted in fresh IPA. Subsequently
excess solvent is removed from the surface of the part using clean compressed air, and the part is
air-dried for a minimum of 6 h, during which the part must be flipped periodically to facilitate equal
drying. After this, the part must be cured for 1 h per side in a ProJet Curing Unit.
To reduce leaching, Macdonald et al. [13] experimented with coating SLA printed parts with wax
and found that the coating was only effective at delaying the onset of toxicity (by ∼40 h). The authors
of van den Driesche et al. [118] removed the toxicity of parts printed by DLP in resins, E-Shell 300
and HTM140, by coating them in parylene-C, which is an ultra-thin biocompatible polymer coating.
Coating parts with biocompatible hydrogels (e.g., PEG-DA) or PDMS may also be an effective strategy
to remove toxicity of easily accessible photopolymeric resins.
In another attempt to mitigate toxicity of photopolymeric resins by minimizing leaching in situ,
the authors of Popov and Evseev [119] experimented with post-processing SLA-printed anatomical
implants with supercritical carbon dioxide and found that, without treatment, the implant caused
severe inflammation, whereas, with treatment, the implant was biocompatible [119].
Commercially available resins vary in how effective post-curing and cleaning techniques are at
reducing toxicity. The authors of Macdonald et al. [13] treated parts by washing them in 99% ethanol
and found that this increased biocompatibility of some printed parts, such as Fototec 7150 polymers.
However, VisiJet Crystal still showed toxicity after treatment and 100% mortality of zebrafish embryos
at 72 h was observed. The authors of Oskui et al. [17] reduced toxicity of the Form Clear SLA polymer
by post-curing each side for 30 min. However, while survival and hatching rates of embryos increased
compared to those exposed to non-treated parts, the majority of larvae still had elevated rates of
malformations (e.g., yolk sac and heart edema and slower swim bladder development).
To improve the safety of photosensitive polymers, alternative compounds can replace those
that exhibit higher toxicity. PIs that are less toxic and less likely to leach are being developed.
For example, PIs derived from grafting or condensing low-molecular-weight PIs to linear,
dendritic, or hyper-branched polymers exhibit reduced leaching compared to their corresponding
low-molecular-weight analogues [120]. The authors of Nguyen et al. [106] used riboflavin (Vitamin
B2) as an alternative PI, and this had the effect of significantly increasing the biocompatibility
of 3D-printed objects, compared to those made with other commercial PIs such as Irgacure 2959
and Irgacure 369. Acrylates, which are cytotoxic, can be replaced by less toxic methacrylates and
thiol-ene systems (Table 2). In general, cationic photopolymerizable systems are characterized by
decreased toxicity and are, to a degree, a viable alternative to acrylate-radical photopolymerization
systems Sangermano [40]. Compounds such as methacryloxypropyl trimethoxysilane-zirconium
propoxide copolymer have demonstrated biocompatibility and have been used to build
microneedles [121]. As previously discussed, materials such as PDMS, ORMOCER, and PEG-DA are
considered relatively non-toxic.
6. Outlook
The AM industry is projected to grow by 17.8% by 2025 due to the expansion of AM applications,
the adoption of industry standards, the improvements in material quality, and its technological
capabilities [2]. Currently, SLA and DLP AM occupy ∼32% of the market share, and FDM and SLS,
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∼36% and ∼33%, respectively [20]. Photopolymerization AM (namely, SLA, MJ, and DLP) systems
represent by far the largest and most attractive market segment. SLA, DLP, and MPP are AM methods
that are highly relevant to LOC design and manufacture as they offer higher resolution than alternatives
and can utilize optically transparent materials.
While advances in AM of micro-milllifluidic devices is enabling a rapidly growing number of
applications, the studies discussed in this work suggest that caution is required when devices are
fabricated for biological applications. Further improvement in resin compositions by, for example,
improving the depth of curing and selecting environmentally benign compounds will mitigate toxicity
and simultaneously improve print resolution. The treatment of parts with organic solvents and
dedicated surface modifications has been shown to minimize toxicity in some cases. These methods can
be considered as a practical, albeit limited, stopgap solution to improve biocompatibility. However, due
to limited knowledge about proprietary polymers and their interactions with biological specimens, such
methods lack in-depth studies evaluating their effectiveness. Moreover, solvent extraction methods
during post-processing steps are inherently variable and may not remove the potential for long-term
effects resulting in chronic toxicity.
To solve biocompatibility issues, ongoing research efforts aim to develop AM systems proficient
at using biologically compatible substrata such as ORMOCER PDMS and PEG-DA [114,122–124].
Despite some recent progress, these techniques are still at early stages of development and not readily
available on the market.
This review highlights that, despite the obvious advantages of AM, the leaching and toxicity
mechanisms of AM photopolymers need to be clarified so that innovative AM technologies can be
used to advance the LOC field. In this context, we also have to become aware of the larger picture
associated with AM technologies. We expect that, with their increasingly use, many relevant questions
about waste disposal and about environmental and human health effects will soon emerge. Relatively
little is known about long-term impacts of AM materials on human health as well as wellbeing of the
environment. New research efforts exploring the above and related issues are necessary [125].
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TEGDMA Triethylene glycol dimethacrylate
HEMA 2-hydroxyethyl methacrylate
w/w weight-to-weight
GC-MS Gas Chromatography-Mass Spectrometry
1-HCHPK 1-hydroxycyclohexyl phenyl ketone
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LED Light-emitting diodes
MPM Medium pressure mercury
USP United States Pharmacopeia
PDMS Poly(dimethylsiloxane)
PEG-DA Poly(ethylene glycol) diacrylate
OECD Organisation for Economic Co-operation and Development







BAPO Bis Acyl Phosphine oxide
MMA Methyl methacrylate
UDMA Urethane dimethacrylate
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Abstract: Highly fluorinated perfluoropolyether (PFPE) methacrylates are of great interest for
transparent and chemically resistant microfluidic chips. However, so far only a few examples of
material formulations for three-dimensional (3D) printing of these polymers have been demonstrated.
In this paper we show that microfluidic chips can be printed using these highly fluorinated polymers
by 3D stereolithography printing. We developed photocurable resin formulations that can be printed
in commercial benchtop stereolithography printers. We demonstrate that the developed formulations
can be printed with minimal cross-sectional area of 600 μm for monolithic embedded microfluidic
channels and 200 μm for open structures. The printed and polymerized PFPE methacrylates show a
good transmittance above 70% at wavelengths between 520–900 nm and a high chemical resistance
when being exposed to organic solvents. Microfluidic mixers were printed to demonstrate the great
variability of different designs that can be printed using stereolithography.
Keywords: 3D printing; perfluoropolyether; additive manufacturing; microfluidics; stereolithography
1. Introduction
Three-dimensional (3D) printing is of high interest for microfluidics due to the multitude of
channel systems that need to be tested in the course of lab-on-a-chip device development. With 3D
printing, prototypes and devices can be produced in a fast and effective manner. While many different
techniques exist for 3D printing of microfluidic devices [1–3], for example, fused deposition modeling
(FDM) [4], inkjet printing [5], two-photon printing [6], or stereolithography. While two-photon
printing has been used to fabricate optical submicron structures [7,8], stereolithography remains
the method of choice for most laboratories to fabricate microfluidic chips as it combines affordable
machinery with high resolution [9]. Microfluidics started out with chips made from silicon and
glass, but today polymers (thermosets, elastomers) are the preferred material class because polymer
processing and structuring is considerably easier when compared to glass and silicon. One of
the main perspectives of microfluidics is automation and miniaturization in biological as well as
in chemical devices. While alternative materials, such as glass [10,11], are extremely chemically
resistant, polymers are still the preferred choice for rapid fabrication as they do not require
specialized fabrication equipment [12,13]. However, most polymers that are used for printing
and fabrication of microfluidic chips are not stable when exposed to even low concentrations of
chemicals, especially organic solvents. This is why there has been increasing interest in recent years
in developing resistant materials, which could pave the way to simple fabrication techniques of
solvent-resistant microfluidic chips. Concerning durability and chemical resistance, fluoropolymers
stand out specifically. Fluorination affords the lowest known surface energies: the difluoromethylene
(-CF2-) group, the difluoromethyl group (-CF2H), and the trifluoromethyl group (-CF3) possess surface
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energies of ~18 mN/m, ~15 mN/m, and ~6 mN/m, respectively [14]. For comparison, methyl groups
(-CH3) have surface energies of ~23 mN/m [14]. In addition, the carbon/fluorine bond is the shortest
bond in organic chemistry which makes fluorinated polymers outstandingly stable also in direct contact
with organic solvents. There is a high interest in using fluoropolymers for microfluidic chips, and many
applications have been reported. Commercial fluorinated thermoplasts such as Viton and Dyneon
can be structured by hot embossing [15,16], or selectively bonded to parts of the chip that require
chemical stability [17]. Commercially available perfluoropolyether (PFPE) polymers, like SIFEL, have
been used for chip fabrication via, e.g., casting [18] or spin-coating [19]. Another strategy is to employ
chemical vapor deposition techniques to deposit fluoropolymer films on microfluidic devices [20].
Photolithographic direct structuring of highly fluorinated polymers has been first reported using
PFPE acrylates [21], which are now widely used for the fabrication of microfluidic devices [22,23].
Despite the interesting features of fluoropolymers, few attempts have been reported to structure
fluoropolymers via 3D printing or for the fabrication of microfluidic devices. Recently, a method to
fabricate pillar arrays (100 μm diameter, 400 μm height, 50 μm layer thickness, 150–200 μm spacing)
by printing a custom-synthesized PFPE tetraacrylate was reported [24]. Here, we present a simple
method for 3D printing of PFPE dimethacrylates for the fabrication of microfluidic devices. To the
best of our knowledge, this is the first technique for 3D printing of microfluidic chips in highly
fluorinated polymers.
2. Materials and Methods
Materials: All of the chemicals were used as received and were not purified any further. PFPE
Fluorolink MD700 was purchased from Acota, Shrewsbury, UK. Acetone, 2-propanol, methanol
(MeOH), dichloromethane (DCM), dimethylformamide (DMF), tetrahydrofuran (THF), toluene,
and n-heptane were purchased from Merck, Darmstadt, Germany. Diphenyl(2,4,6-trimethylbenzoyl)
phosphine oxide (TPO), phenylbis(2,4,6-trimethylbenzoyl)phosphine oxide (PPO) was purchased
from Sigma Aldrich, Taufkirchen, Germany. Tinuvin 384-2 (T384-2) and Tinuvin 326 (T326) were
kindly provided by BASF, Ludwigshafen, Germany. Sudan Orange G (SOG) was purchased from
Sigma Aldrich. Elastosil RT 601 A/B was purchased from Wacker, Munich, Germany. Formlabs Tough
was purchased from Formlabs, Somerville, MA, USA. The microfluidic channels were filled with a
black, blue, and yellow printing ink that was purchased from ESM online, Hirschberg, Germany.
Stereolithography: The benchtop stereolithography printer Asiga Pico 2 was used for printing,
postcuring of the printed parts was done with the ultraviolet radiation lamp Asiga Flash DR-301C
(both Asiga, Alexandria, Australia). Single layer thickness was 50 μm and an overcuring of 125 μm was
adjusted to avoid delamination of the individual layers during the printing process. Single layer
thickness of 50 μm was chosen for giving good printing results at adequate printing speeds.
The overcure of 125 μm was necessary to prevent the parts from delaminating during printing.
Overcuring does not cause the channel structures to be blocked because the Asiga Slicing Software
compensates for the overcuring when void or free hanging structures are printed. Compensation
is achieved by the so-called z-compensation, which adds the overcure thickness to the size of the
channel void (see Supplementary Figure S1 for details). The spectrum of the blue LED was measured
using a BTC112E Fibre Coupled TE Cooled Linear CCD array spectrometer (B&W Tek, Newark,
DE, USA). UV-Vis measurements were performed on an Evolution 201 UV-Vis spectrophotometer
(Thermo Fisher, Waltham, MA, USA). Quartz Suprasil high precision cells were purchased from Hellma,
Müllheim, Germany. HybriWell chambers were purchased from Grace Bio-Labs, Bend, OR, USA. Layer
thicknesses were measured using a MT 60 M length gauge (Heidenhain, Traunreut, Germany). A Stemi
508 microscope (Zeiss, Oberkochen, Germany) with an AxioCam ERc 5s was used for microscopy.
LED spectrum measurements: The spectrum of the blue LED of the Asiga Pico 2 was measured using
a BTC112E spectrometer. A background spectrum of the surrounding area was recorded, then the
printer LED light was switched on and the spectrometer was held above the optical setup, which
was close to the printing focus of the (removed) build tray. Spectra were recorded with the BWSpec
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software (version 4.03_23_C, B&W Tek, Newark, DE, USA). Spectra have been normalized to the
maximum value.
UV-Vis measurements: Initiators were weighed into microcentrifuge tubes, dissolved in acetone
and diluted to a concentration of 12.5 mg/mL. The solutions were transferred to a quartz glass Suprasil
high precision cell and measured in an UV-Vis spectrophotometer against a blank measurement of pure
acetone. Absorbers were weighed in microcentrifuge tubes, dissolved in acetone, and were diluted to a
concentration of 3.76 mg/mL. The SOG solution was further diluted to a concentration of 0.12 mg/mL.
Preparation of printing mixtures: Stock solutions of the initiator TPO or PPO and acetone were
prepared in a vortex mixer of type Reax Top (Heidolph, Schwabach, Germany). The required amount
of absorber SOG, T326, or T384-2 was added in a glass vial and the initiator/acetone stock solution was
added up to their respective concentrations. After mixing with the vortex mixer, the PFPE Fluorolink
MD700 was added to this solution up to the final concentrations listed in Table 1. After agitating the
glass vial, entrapped air bubbles in the solution where removed by using an ultrasonic bath Sonorex
Da 300 (Bandelin electronic, Berlin, Germany) for 2 min at 25 ◦C.
Table 1. Composition of printing formulations mix 1–5.
Mix 1 Mix 2 Mix 3 Mix 4 Mix 5
Initiator (mg/mL) 1 6.25 TPO 9 PPO 6.25 TPO 6.25 TPO 9 PPO
Absorber (mg/mL) 1 1.88 T326 10 T384-2 0.235 SOG - 0.5 T326
1 Final concentration in MD700.
Preparation of poly(dimethylsiloxane) (PDMS): Elastosil RT 601 A and B were mixed in a ratio of
9:1 wt %. Entrapped air bubbles were removed using a desiccator and a vacuum pump. The material
was polymerized at a temperature of 70 ◦C for 30 min.
Determination of optimal printing parameters: To determine the layer thicknesses in dependence of
the exposure time under the LED of the printer, the printing mixtures were pipetted into a rectangular
cutout of a PDMS form to a height of 2 mm and were placed above a circular light spot of the printer
with a diameter of approximately 3 mm and were exposed to the light for time periods between 4 s
and 20 s. The polymer layer thicknesses were measured at three different spots using a length gauge.
The results were plotted and analyzed for the slope of the resulting plots. The light intensity was set to
8.8 mW·cm−2.
Solvent compatibility: Solvent compatibility of the printed PFPE material was determined using
8 mm × 8 mm × 3 mm printed blocks of mix 3 and 5. The blocks were weighted three times
and consecutively immersed in eight solvents (water, MeOH, DCM, DMF, THF, toluene, acetone,
and n-heptane—approximately 5 mL each) for 24 h. The blocks were retrieved from the solvents,
the solvent on the outside was quickly dabbed away and the blocks were immediately placed on
the balance and the initial weight was recorded. The block was then re-immersed in the solvent and
after weighting of the next eight blocks, the block was measured again. In this way, the weight was
determined a total of three times.
Contact angle measurement: Contact angles were measured with an OCA15 Pro (Data Physics,
San Jose, CA, USA). Static contact angles were measured using 5 μL water droplets. The surface energy
was calculated using the Owens, Wendt, Rabel, and Kaelble (OWRK) method. 5 μL of diiodomethan
and water were used as the nonpolar and polar testing liquid, respectively.
3. Results and Discussion
Several printing mixtures were used to produce PFPE microfluidic devices. To determine the
optimum mixture, spectra of initiators and absorbers were recorded, mixtures were prepared and
the optimum printing parameters were tested. Microfluidic devices were printed and tested for their
performance. The solvent compatibility and the spectra of the printed materials were characterized.
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3.1. UV-Vis Spectra of Initiators and Absorbers
In order to obtain embedded microchannels with a height of less than 1 mm, a printing formulation
requires an effective initiator and a significant amount of absorber, thus ensuring that the light does
not penetrate too deep into the material which would lead to undesired polymerization in layers
below the lowermost layer facing the light source. The absorber must cover the whole spectral
range of the light source. The UV LED of the Asiga Pico 2 emits light at 370–430 nm (see Figure 1).
Two phosphine based initiators, PPO and TPO were tested for their absorption properties. At the
relevant concentrations for 3D printing, PPO effectively absorbs light between 325–465 nm, while TPO
shows a less broad absorption spectrum between 325 nm–415 nm (see Figure 1a). Both initiators absorb
within the spectrum of the UV LED of the Asiga Pico 2 printer and were suitable for the printing
process. Three absorbers, T326, T384-2, and SOG were tested for their absorption properties (Figure 1b).
The absorption spectrum of T326 is well suited for printing with the UV light source, but the powder
could only be mixed at a significant amount with MD700 if dissolved in acetone first (mix 1). However,
this renders the printing formulation unstable for storage due to the volatility of acetone. T384-2 could
also only be mixed with MD700 if being dissolved in acetone first and additionally didn’t cover the
whole range of the UV LED. SOG is a very effective absorber at wavelengths between 325 nm and
560 nm. In addition, it was readily dissolvable in MD700 and the formulation was stable for storage.
Figure 1. Absorption spectra of initiators and absorbers tested in comparison to the spectrum
emitted by the UV LED of the Asiga Pico 2 printer (three-dimensional (3D) printer LED):
(a) Absorption spectrum of the initiators phenylbis(2,4,6-trimethylbenzoyl)phosphine oxide (PPO)
and Diphenyl(2,4,6-trimethylbenzoyl)phosphine oxide (TPO). TPO (325–415 nm) shows a less broad
absorption spectrum than PPO (325–465 nm); (b) Absorption spectra of the absorbers tested: Tinuvin
326 (T326), Tinuvin 384-2 (T384-2), and Sudan Orange G (SOG).
3.2. Optimum Printing Parameters
The aim of this work was to print microfluidic channels with a layer thickness of 50 μm. To prevent
the layers from delaminating during the printing process, an additional overcuring of 125 μm was
required. The printing parameters for the different mixtures were optimized by analyzing the
measured polymerization thickness in dependence of the exposure time (see Figure 2). The optimum
printing curve should have a small slope (when plotted on a lin-log semi-logarithmic graph) to
achieve most accurate printing results, but should allow for the printing of layers with a thickness
of 175 μm (50 + 125 μm) within reasonable time [25]. The SOG absorber shows an optimum slope for
a concentration of 0.235 mg SOG per mL of MD700, which affords a total layer thickness of 175 μm
after an exposure time of 11.250 s (see Figure 2a). The T326 formulations (Figure 2b) show this
optimum slope for 1.88 mg T326 per mL of MD700 (9.5 s for 175 μm layer thickness) and the T384-2
formulations at 10 mg T384-2 per mL of MD700 (6.5 s for 175 μm thickness, Figure 2c). As discussed
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above, these high amounts of absorbers (both T326 and T384-2) were not readily soluble in the final
formulations and thus required acetone as a solvent, thereby impairing storage stability due to the
volatility of acetone. Additionally, these mixtures led to a decrease of the optical transparency of the
printed parts (see characterization in Section 3.5). Therefore, SOG was chosen as suitable absorber
due to the fact that low concentrations are sufficient to obtain adequate light absorption and high
transparency of the final parts. In the course of this work, mix 3 with an SOG concentration of 0.235 mg
per mL of MD700 was used for printing the embedded microfluidic channels.
 
Figure 2. Layer thickness of printing formulations as a function of the exposure time.
The polymerization curve flattens with increasing absorber concentration (final absorber concentration
in MD700). Layer thickness as a function of the exposure time for different SOG (a), T326 (b), and T384-2
(c) concentrations.
3.3. Printing Embedded Microfluidic Chips
Two exemplary microfluidic gradient generators were printed with the formulation using SOG
as absorber (mix 3, see Table 1). The chips were printed with a channel width and height of 800 μm
and 600 μm, respectively, with a single layer thickness of 50 μm (Figure 3a–d). After printing,
the microfluidic chips were washed out with 2-propanol in an ultrasonic bath for 15 min at a
temperature of 45 ◦C. Afterwards, the printed parts were postcured for 15 min. The microfluidic chips
were filled with black ink to highlight the 3D channel networks.
Figure 3. 3D printed perfluoropolyether (PFPE) microfluidic chips: (a) Front view of a gradient
generator with a channel width and height of 800 μm, filled with black printing ink (scale bar: 2 mm);
(b) Photomicrograph of the 800 μm gradient generator (scale bar: 500 μm); (c) Isometric view of the
600 μm gradient generator, filled with black printing ink (scale bar: 2 mm); and, (d) Photomicrograph
of the 600 μm gradient generator (scale bar: 500 μm).
In Figure 4, the microfluidic gradient generator with a channel width and height of 800 μm was
filled with a blue printing ink at the upper entrance and a yellow printing ink at the lower entrance
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to demonstrate the gradient generation along the mixer cascade. See Supplementary Information in
Figure S2 for image analysis of the RGB red channel pixel brightness evaluation.
 
Figure 4. Gradient generation in a 3D printed PFPE microfluidic chip with a channel height and width
of 800 μm. The upper entrance is filled with a yellow ink, the lower entrance is filled with a blue ink
(scale bar: 2 mm).
3.4. Characterization of Printed Microfluidic Channels
We measured the channel height and width of the printed channel to characterize the homogeneity
of the printed microfluidic chips. The channel height and width were measured on printed channels
with a length of 24 mm at five different spots (see Figure 5a). The highest reduction of the channel
height was measured in the middle of the channels at 12 mm from the inlet. For the 1000 μm and
the 800 μm channel, a reduction of 20.3% and 21.5% of the theoretical channel height was measured
at 12 mm from the inlet. The highest reduction of the channel height was measured for the 600 μm
channel, with a reduction of 57.2%. The cross sections of the 800 μm and the 600 μm channel at the
inlet and for the middle spot are shown in Figure 5b–e.
 
Figure 5. Characterization of the channel height of the printed PFPE methacrylates: (a) Height
of a printed rectangular PFPE methacrylate channel for different spots from the inlet to the outlet.
Channel heights decrease with distance from the inlet/outlet; (b) Lateral view of the 800 μm channel at
the inlet, channel width of 800 μm, height of 692 μm (scale bar: 250 μm); (c) Cross section of the 800 μm
channel in the middle, channel width of 800 μm, height of 628 μm (scale bar: 250 μm); (d) Lateral view
of the 600 μm channel at the inlet, channel width of 600 μm, height of 500 μm (scale bar: 250 μm);
and, (e) Cross section of the 600 μm channel in the middle, channel width of 600 μm, height of 257 μm
(scale bar: 250 μm).
The minimum channel dimensions of 600 μm that could be printed with the developed MD700
formulations are comparable to minimum channel sizes of around 500 μm, which have been
described in literature for printing microfluidic chips using benchtop stereolithography printers [26].
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The minimum channel dimensions in this work were mainly limited by the high viscosity (850 mPas,
according to the manufacturer’s information) of the commercially available PFPE methacrylate MD700.
These highly viscous resins are difficult to fully wash out of the printed microfluidic chips especially
for long channels. Developing resin formulations with lower viscosities by using fluorinated acrylates
with lower molecular weight and lower viscosity could help in solving this problem. Adding an
appropriate solvent, like 1-butanol, to the resin formulation [27] could be another strategy to reduce
the viscosity of the resin formulation with the additional advantage that the shrinkage of the material
during solvent evaporation could further reduce the minimum channel dimensions.
The formulation for printing open-channel structures or replication masters (mix 4) was identical
to mix 3 for printing embedded microfluidic chips with the sole exception that no absorber was
required. Rectangular open channels with a height and width from 500 μm to 200 μm were printed.
As can be seen in Figure 6a, the channels show a high uniformity of the width along the channel
length. The width was measured at three different spots: The 500 μm channel possesses a width of
499 ± 14 μm, the 400 μm channel a width of 413 ± 14 μm, the 300 μm channel a width of 300 ± 13 μm,
and the 200 μm channel a width of 205 ± 22 μm. Figure 6b shows the cross section of the printed
open channels and demonstrates the high accuracy of the printed channel height. The 500 μm channel
possess a height of 491 ± 6 μm, the 400 μm channel a height of 403 ± 8 μm, the 300 μm channel a
height of 307 ± 6 μm, and the 200 μm channel a height of 209 ± 7 μm. Figure 6c,d shows an exemplary
printed PFPE methacrylate structure with a 500 μm chess board structure.
Figure 6. PFPE-printed open channels with a height and width of 500 μm, 400 μm, 300 μm, 200 μm
and an exemplary printed PFPE chessboard structure: (a) The top view of the open channels shows a
high conformity of the channel width (scale bar: 500 μm); (b) The lateral view shows the accordance of
the channel heights with the set values. The inset shows the cross section of the 500 μm channel with a
channel height of approximately 491 μm (scale bars: 500 μm); (c) Exemplary printed PFPE methacrylate
chessboard structure (scale bar: 2 mm); and, (d) Microscope image of the chessboard from (c) (scale bar:
500 μm).
3.5. Characterization of Printed PFPE Methacrylates
Solvent compatibility of printed PFPE methacrylates of mix 3 and 5 were tested and compared to
replicated PDMS components and the printed commercial stereolithography resin Formlabs Tough.
Therefore, blocks (8 × 8 × 3 mm3) were immersed in the following solvents: water, MeOH, DCM,
DMF, THF, toluene, acetone, and n-heptane. As can be seen in Figure 7, the printed PFPE methacrylates
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show a higher solvent compatibility than the printed commercial resin and the replicated PDMS blocks.
The printed PFPE methacryates show a maximum swelling of around 14% in THF and 11% in DCM.
In comparison, PDMS showed a swelling of 146% in THF and 175% in DCM. The printed Formlabs
Tough parts showed the highest swelling of around 78% in DCM and 76% in DMF. However, the
printed Formlabs Tough parts that were immersed in DCM, DMF, THF, and acetone were strongly
damaged by the solvents (see Figure 7b,c). We further tested if the used absorbers and initiators affect
the chemical resistance of the printed PFPE methacrylates. For this we compared blocks made from
mix 5 (initiator: PPO, absorber: T326) and from mix 3 (initiator: TPO, absorber: SOG). As can be seen
from Figure 7, the printed polymers from both mixtures show a similar swelling, suggesting that
the absorbers and initiators do not have major impacts on the swelling of the printed PFPE parts.
We also determined the surface energies of the printed PFPE methacrylates, which were measured at
19.5 ± 0.5 mN/m. Given this relatively low value, the printed PFPE methacrylates showed a high water
contact angle of 107 ± 0.8◦, which is comparable to the values described in literature [21]. Although
the contact angle for water on MD700 is relatively high, at 107◦ the capillary pressure (calculated using
Laplace-Young equation [28]) is around −1.4 mbar for a printed channel with a circular cross-section
of 600 μm. Therefore, the channels do not oppose microfluidic flow in a significant manner.
 
Figure 7. Solvent compatibility of printed PFPE methacrylates compared to poly(dimethylsiloxane)
(PDMS) and the printed commercial stereolithography resin Formlabs Tough: (a) Rectangular
8 × 8 × 3 mm3 blocks were immersed in eight different solvents and the weight increase was measured
after 24 h. The PFPE blocks show a lower weight increase than the PDMS blocks and the Formlabs
Tough resin, which were immersed in the solvents dichloromethane (DCM), tetrahydrofuran (THF),
toluene, acetone, and n-heptane. Mix 5 (initiator: PPO, absorber: T326) and mix 3 (initiator: TPO,
absorber: SOG) show a similar swelling, which demonstrates that the absorbers and initiators have
no major impact on the swelling of the printed PFPE parts; (b) Polymerized Formlabs Tough resin
after immersion in the respective solvents for 24 h. The parts were strongly damaged by DCM,
dimethylformamide (DMF), THF, and acetone; (c) Photograph of a Formlabs Tough block (left) and a
PFPE methacrylate block (mix 3, middle) and PDMS (right) after 24 h immersion in THF.
We further characterized the transmittance of the printed PFPE methacrylates using UV-Vis
spectroscopy. The transmittance of the printed PFPE methacrylates was further compared to
polymerized PDMS parts. The transmission spectra of polymerized PFPE sheets with a thickness
of 250 μm are shown in Figure 8a. Mix 1 with the absorber T326 shows a transparency above 30%
between 400–900 nm, mix 2 (T384-2) a transparency above 35% between 400–900 nm. Mix 3 (SOG)
shows a transmittance of over 70% between 520–900 nm. Mix 4 without any absorber shows the highest
transparency above 75% between 350–900 nm. Mix 1 and mix 3 show a peak at about 330 nm and
280 nm in the UV-range, which is most likely an artefact from the photoinitiator TPO. Figure 8b shows
two blocks printed from mix 1 and 2 and a microfluidic mixer that is printed from mix 3 (from left to
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right, thickness: 3.5 mm) placed on top of the logo of our lab (NeptunLab, Eggenstein-Leopoldshafen,
Germany) showing the varying transparencies of the printed PFPE parts. As mentioned above, the high
concentration of T326 and T384-2 required for printing microfluidic channels below 1 mm is not readily
soluble in the formulation and required a prior dissolving in acetone. Consequently, a decrease of the
transparency of the printed PFPE methacrylates was observed. SOG, which possesses a high light
absorption at low concentrations, is readily soluble in the mixture and the printed parts have a higher
optical clarity.
Figure 8. UV-Vis spectroscopy of PDMS and the printed PFPE methacrylates from mix 1, 2, 3 and
4 show different transparencies between 190–900 nm: (a) Transmission spectra of polymerized PDMS
and PFPE methacrylates from mixtures 1, 2, 3 and 4 (thickness: 250 μm). Mix 1 shows a transparency
of about 30% between 400–900 nm, mix 2 a transparency above 35% between 400–900 nm and mix 3
has a transmission above 70% between 520–900 nm. Mix 4 has a transparency of over 75% between
350–900 nm. Peaks at 330 and 280 nm are measured for the formulations prepared with TPO as
photoinitiator. For comparison the UV-Vis spectrum of PDMS is shown; (b) Three microfluidic chips
printed from mixtures 1, 2, and 3 (from left to right) show different transparencies as a function of the
used absorber (scale bar: 4 mm).
4. Conclusions
In this work, we have demonstrated a new method to fabricate microfluidic chips in highly
fluorinated PFPE methacrylates using stereolithography 3D printing. We have developed material
formulations that can be printed in commercial stereolithography printers. We have shown that
by adjusting the amount of initiator and absorber transparent microfluidic chips can be printed.
The printed chips show high chemical resistance in the tested organic solvents. We believe that
printing highly fluorinated PFPE methacrylates will find numerous applications from chemical resistant
microfluidic valves to chemistry-on-chip applications.
Supplementary Materials: The following materials are available online at http://www.mdpi.com/2072-666X/9/
3/115/s1, Figure S1: Overcuring and z-compensation of the Asiga Pico 2 printer: (a) Initial CAD file; (b) Slicing of
the CAD file without the overcuring effect. The sliced CAD file has the same dimension like the initial CAD file;
(c) Overcuring (l+o) is needed to prevent the slices from delamination during the printing process; (d) During the
slicing process the overcuring is taken into account by the so called z-compensation. The shown sliced channel
structure is higher than the initial CAD file; (e) The difference is polymerized by the overcuring during the
printing process. The printed channel has the height of the initial CAD file. Figure S2: Determination of the color
intensity in a PFPE-printed microfluidic channel (800 μm channel height and width) at different mixing positions:
(a) The color intensity ((red+green+blue)/3) at different measurement spots shows the gradient generation in the
microfluidic chip; (b) Greyscale image of the microfluidic chip showing the position of the measurement spots.
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Abstract: Increased demand for inexpensive and rapid prototyping methods for micro- and
millifluidic lab-on-a-chip (LOC) devices has stimulated considerable interest in alternative
cost-effective fabrication techniques. Additive manufacturing (AM)—also called three-dimensional
(3D) printing—provides an attractive alternative to conventional fabrication techniques. AM has been
used to produce LOC master moulds from which positive replicas are made using soft-lithography
and a biocompatible elastomer, poly(dimethylsiloxane) (PDMS). Here we characterize moulds made
using two AM methods—stereolithography (SLA) and material-jetting (MJ)—and the positive replicas
produced by soft lithography and PDMS moulding. The results showed that SLA, more than MJ,
produced finer part resolution and finer tuning of feature geometry. Furthermore, as assessed by
zebrafish (Danio rerio) biotoxicity tests, there was no toxicity observed in SLA and MJ moulded PDMS
replicas. We conclude that SLA, utilizing commercially available printers and resins, combined with
PDMS soft-lithography, is a simple and easily accessible technique that lends its self particularly well
to the fabrication of biocompatible millifluidic devices, highly suited to the in-situ analysis of small
model organisms.
Keywords: stereolithography; material jetting; soft lithography; Lab-on-a-Chip; millifluidic; biodevices;
biotests; polydimethylsiloxane
1. Introduction
Lab-on-a-chip (LOC) devices permit the manipulation of extremely small volumes of fluids and
regents within networks of miniaturized channels, and are being readily adopted in the fields of
biomedical and ecological testing [1–7]. Consequently, interest in the development of superior rapid
and inexpensive prototyping and fabrication techniques has increased.
Traditionally, LOC devices have been prototyped and produced by methods such as laser cutting,
micro milling, or soft lithography [5,8,9]. However, these techniques often require multiple stages of
assembly, a high degree of technical expertise, and the use of clean room facilities. In the case of laser
cutting, low resolution and heat-related substratum deformations may occur.
Additive manufacturing (AM) techniques such as stereolithography (SLA) and material jetting
(MJ) provide an elegant and practical alternative LOC fabrication method [2–4,10]. By using
computer-assisted design (CAD), SLA and MJ produce a solid monolithic three-dimensional (3D)
object by the successive polymerization of a light-sensitive resin. The produced part requires minimal
post-processing. The multiple stages of assembly and the high degree of technical proficiency required
by conventional LOC manufacturing techniques is thus avoided. AM has been used to produce
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optically transparent LOC devices with integrated fluidic interconnects and functional elements such
as pumps and valves [11–14].
The sub-millimeter resolution achieved by the market-dominant SLA and MJ machines makes
them highly suited to application in millifluidic LOC device prototyping and production. SLA
machines such as the FORM 2 and ProJet 7000 HD, are capable of printing layers as thin as ≥25 μm,
and MJ machines such as the Objet J750 can print layers as thin as ≥14 μm. The minimum feature
size achievable by SLA and MJ is dependent on accuracy, z-axis layer thickness, and laser-spot (SLA)
or droplet (MJ) size. For SLA machines, features may be produced as small as ∼70 μm, and for MJ,
∼100 μm [3,14,15].
Millifluidic LOC devices typically require designs customized to the selected model metazoan
organism which are typically ≤50 mm in size [10]. Consequently, LOC geometric features which
are often required include channel cross-section dimensions ranging from 250–2000 μm and features
with high aspect ratios (width-to-height). In general, millifluidic LOC devices are difficult to rapidly
prototype, customize, and fabricate using traditional techniques and materials.
Biocompatibility of the LOC material is critical [10,16,17]. The material used in SLA and MJ is a
liquid light-sensitive resin composed of a polymer–photoinitiator system, and auxiliary compounds
for tuning material mechanical and aesthetic properties [18]. Companies recommend using their
proprietary resins in their AM machines to optimize final print resolution and mechanical properties.
However, studies have identified that quantities of toxic compounds may leach from proprietary AM
materials, reviewed in [19]. For example, Zhu et al. [9] showed that leachate from several commonly
available AM materials were toxic to a variety of model organisms, with exposure having both sublethal
and lethal affects. Tsuda et al. [20] found that the leaching of unknown compounds from materials can
unpredictably affect test organisms, and may compromise the outcomes of biological tests.
In some respects, the results found by Zhu et al. [9], and similar studies conducted by
Oskui et al. [21], Alifui-Segbaya [22], and Macdonald et al. [17], were unexpected because some
of the materials tested (e.g., VisiJet SL Clear) have been awarded a United States Pharmacopoeia (USP)
Class VI certification [23]. However, it is important to note that this certification is highly dependent
on strict adherence to post-processing cleaning procedures.
Nonetheless, these studies highlight a potential obstacle in the use of proprietary AM resins
for fabricating LOC devices intended for biological applications. Since advances in AM LOC
devices can enable a growing number of applications [6], ongoing research aims to develop the
capability of AM systems capable of using biologically compatible substrata. Several proprietary
resins are reported to be biocompatible, including the E-Shell series (Envision Tec. Inc., Dearborn, MI,
USA). E-shell has been successfully applied in micro-needle fabrication with SLA-based two-photon
polymerization systems [24,25].
Custom-designed open-source resins, primarily consisting of poly(ethylene glycol) diacrylate
(PEG-DA), are also reported to be biocompatible [10,26–28]. Bhattacharjee et al. [10] used PEG-DA
to fabricate biocompatible petri dishes. After printing, the petri dishes were rendered biocompatible
by post-curing under ultraviolet light, followed by 24 h extraction in water to remove potential toxic
compounds (i.e., uncreated monomers and photoinitiators). Rogers et al. [13] used a B9 Creator SLA
printer and a PEG-DA custom resin to manufacture microfluidic valves and channels designed to be
as narrow as 350 μm in diameter. Using the the AM technique of material extrusion, Tsuda et al. [20]
created biocompatible LOC devices printed in thermoplastic materials, rendered biocompatible by
post-treatment with oxygen plasma bonding of a silicone-based polymer.
Those involved in the design and application of AM for LOC in vitro bioassays should exercise
caution in their approach, and aim to avoid the use of potentially toxic materials which may leach from
AM-printed parts in aqueous media. Compared to the direct AM of LOC devices, transfer moulding
has been explored as a more rapid and economic manufacturing method [29]. Transfer moulding
involves the AM of moulds which are used to cast a relief in a material which has the desired properties,
such as biocompatible poly(dimethylsiloxane) (PDMS). For example, Glick et al. [29] used transfer
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moulding to produce a biocompatible LOC with geometrically complex components and rounded
channels as narrow as 100 μm. In this example, the ProJet 3000 SLA printer was used to produce the
moulds, and PDMS was used for casting.
The main motivation of our work was to demonstrate an easily and widely accessible user-friendly
and inexpensive fabrication method using “off-the-shelf” resins and commercially available AM
printers to produce biocompatible millifluidic systems for application in bioengineering, biomedical
and toxicological fields, and for use in laboratories that may or may not have direct access to
AM facilities. This method utilizes standard technology and materials and requires minimum
infrastructure investments, thus reducing the entry barrier to this technology when compared to
conventional techniques.
In this work, we use two different AM methods—SLA (ProJet 7000 HD) and MJ (Objet350)—to
produce moulds for casting PDMS, and compare these AM methods for application in PDMS transfer
moulding for the production of biocompatible millifluidic LOC devices. We characterize both the
moulds and PDMS replicas, and assess the toxicity of PDMS replicas by using zebrafish (Danio rerio)
toxicity tests.
2. Materials and Methods
2.1. Metrology
Scanning electron micrographs were taken using a Quanta 200 SEM (FEI Inc., Hillsboro, OR, USA)
operating at 20.0 kV and 5.0 Spot size in high vacuum. Samples were coated with Au/Pd using an
in-house sputter coater operating at 15 mA for 2 min [9]. Optical profilometry was performed using a
ContourGT-I 3D Optical Microscope (Bruker Daltonics Inc., Billerica, MA, USA) with stitching enabled,
as described by Zhu et al. [9]. Images were analysed with Image J.
2.2. Additive Manufacturing
AM prototypes were designed using SolidWorks 2011 (Dassault Systems SolidWorks Corp.,
Waltham, MA, USA). The CAD was exported as a .stl file and processed by the AM machine software
packages. SLA was performed with ProJet 7000 HD in VisiJet SL Clear resin (3D Systems Inc., Rock Hill,
SC, USA), and MJ performed with Objet350 Connex, in VeroClear resin (Stratasys Inc., Eden Prairie,
MN, USA) and as described earlier [9,30].
2.3. Soft-Lithography
Replica moulding was performed in PDMS (Sylgard 184; DowCorning Corp, Midland, MI, USA)
according to a standard protocol as described earlier [31]. Briefly, the PDMS was mixed at a 10:1
weight-to-weight (w/w) ratio of elastomer base to curing agent, then degassed at 40 Torr to remove
any residual air bubbles. PDMS was then poured on master moulds to achieve approximately 5 mm
thickness and cured thermally at 75 ◦C for up to 1 h.
2.4. Non-Contact Laser Machining
Controls were fabricated using infra-red computer numerical control (CNC) laser machining of
poly(methyl methacrylate) (PMMA) substrate by the methods described by Khoshmanesh et al. [32]
and Akagi et al. [31]. The laser cutting system achieved x–y accuracy of up to 5 μm.
2.5. Toxicological Profiling
The OECD 236 Fish Embryo Acute Toxicity (FET) Assay [33] and fish behavioural toxicity
test [9,30] were employed to assess toxicity as described previously [9,30]. Five days post-fertilisation
(DPF) zebrafish (Danio rerio) embryos were used in all tests. Animals were treated according to Monash
University Ethics Committee regulations and protocols.
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3. Results and Discussion
A combination of AM negative relief moulds and soft lithography were used to produce a
biocompatible millifluidic LOC. Preliminary validation experiments showed that this approach is
highly suited to the design, prototyping, and production of LOC with cages designed to mirror the
shape of the biological specimen.
The reproduction quality of geometric features of the printed moulds made by two different
AM techniques was compared, and PDMS replicas were assessed using SEM and quantitative 3D
topographic surface mapping using optical profilometry. The x–y and z resolution of the printed
moulds were also evaluated and compared. Of the two techniques, SLA was found most suitable for
this application.
The two AM machines used in this study were the Objet350 Connex (MJ) and ProJet 7000 HD
(SLA), and both are claimed to have ”ultra-high definition” capabilities. Positive relief test structures
(moulds) were fabricated using the ProJet 7000 HD in VisiJet SL Clear resin, and the Objet350 Connex
in VeroClear resin. Accuracy of the moulds was evaluated by comparing the fabricated dimensions
to the dimensions in the CAD. There was variability between SLA and MJ in terms of accuracy
(Figures 1 and 2).
Figure 1. Physical characteristics of moulds fabricated using additive manufacturing processes:
(A) SEM image of the cross-section of millifluidic positive relief pattern made with infrared laser
cutting (and subsequent thermal bonding to obtain a complete mould), ProJet 7000 HD (in VisiJet SL
Clear resin), and Objet350 Connex (in VeroClear resin). (B) Deviation from designed feature geometry
of high aspect ratio poly(dimethylsiloxane) (PDMS) replicas. Dotted boxes represent the designed
geometry superimposed on SEM images of PDMS channel cross-sections. (C) Quantitative analysis of
AM moulds. Angle parameter denotes an average deviation from the designed geometry measured
top plane edges of positive relief moulds. Measurements were performed on cross-sectional views
obtained using SEM. Measurements were made with ImageJ software (n = 20).
In general, we found that the smallest feature reliably produced by both machines was ∼300 μm
in width and height. Features such as rectangular channel geometries with straight sidewalls fabricated
by the ProJet 7000 HD more closely matched the theoretical CAD design than the features fabricated
by the Objet350 Connex.
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Figure 2. Physical characteristics of millifluidic channel replicas obtained from stereolithography (SLA;
ProJet) or material jetting (MJ; Objet350 Connex) printed moulds: (A) SEM image of the channel with
rectangular cross-section formed by moulding PDMS on a positive relief pattern made with ProJet 7000
HD (in VisiJet SL Clear resin). The channel was obtained from two identical and sandwiched PDMS
replicas; (B) Relationship between the designed and actual width parameter of rectangular channels
fabricated using SLA or MJ; (C) The relationship between the designed and actual height parameter of
rectangular channels fabricated using SLA or MJ; (D) SEM micrographs of the channel with circular
cross-section formed by moulding PDMS on a positive relief pattern made with ProJet 7000 HD in
VisiJet SL Clear resin; (E) Relationship between the designed and actual feature width (defined here as
a diameter in the centre plane) of circular channels fabricated using SLA or MJ; and (F) The relationship
between the designed and actual height parameter (defined here as a diameter in the vertical plane) of
circular channels fabricated using SLA or MJ. Measurements using ImageJ software were performed
on cross-sectional views obtained using SEM (n = 20).
For positive relief test structures fabricated by the ProJet 7000 HD, deviation from the designed
geometry was typically <10%, irrespective of feature dimension, and vertical walls exhibited an angular
skew in the vertical plane of 6–9◦ compared to the design parameters (Figure 1). In contrast, those
fabricated by the Objet350 Connex failed to reproduce straight edges and corners. Considerable edge
rounding—up to 60◦—occurred at the bottom and top planes of the channels. Rounding was more
pronounced when fabricating features ≤600 μm in height, which resulted in deviations from the designed
geometry >40%.
The Objet350 Connex tended to exceed the designed channel width; for example, when printing
features designed to be smaller than 400 μm, the printed object feature was ∼650 μm (±25μm)
(Figure 2). Accuracy improved when fabricating channels designed to be larger than 900 μm in
width. While the printer achieved excellent results in terms of height deposition, significant edge
rounding artefacts prevented the printed channels having a rectangular shape as specified by design.
Furthermore, the Objet350 Connex could not reproduce semicircular geometries reliably, and deviations
from the designed geometry exceeded 40%.
We explored the fabrication of millifluidic channels with both rectangular and circular
cross-sections (Figure 2, and Figure S1). When fabricating channels with both rectangular and circular
cross-sections from two sandwiched PDMS replicas, the ProJet 7000 HD achieved the most consistency
with theoretical design parameters. For instance, a channel with a designed geometry of 500 × 500 μm,
width and height, was reproduced with dimensions of 520 ± 6 μm × 484 ± 5 μm (Figure 2). This
corresponded to average deviations from a desired CAD geometry in x and y-axis of ∼5%. Overall, the
ProJet 7000 HD tended to exceed channel width by 5–7%. The ProJet 7000 HD also failed to match the
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CAD file with respect to height. The degree of inaccuracy varied depending on the designed height.
Precision decreased for designed rectangular channel heights of 1000 μm and for circular cross-section
heights of 400 μm (Figure 2).
The control method—infra-red laser cutting—was unable to fabricate an optically transparent
positive relief pattern with a channel width <300 μm. Achievable laser x–y accuracy was up to 5 μm.
The vertical walls exhibited an angular skew in the vertical plane of ∼8◦ compared to the specified
design parameters (Figure 1). This is likely due to significant thermal deformation and melting damage
of PMMA sheets (data not shown). These results show that these geometries are not easily fabricated
by laser micromachining or photolithography methods.
A considerable advantage of using SLA to fabricate LOC moulds is that it permits fine control
over complex topologies without any additional cost or complex protocols. Accordingly, we explored
the capability of fabricating miniaturized 3D-cages that mirrored the shape of the selected biological
specimen, larval zebrafish (D. rerio) (Figure 3). Such 3D geometries are typically difficult to achieve
using conventional methods such as laser micromachining or photolithography. In addition, these
methods require multiple stages of assembly, multiple masks, repeated coatings, photoresist re-flow,
development, and alignment procedures.
Figure 3. Fabrication of miniaturized 3D cages that mirror the shape of the biological specimens such
as the larval stages of zebrafish (Danio rerio) using SLA moulds: (A) Microphotograph of a positive
relief pattern fabricated using a ProJet 7000 HD in VisiJet SL Clear resin. The mould is the size of a
standard microscope slide 25 mm × 75 mm. The dashed box denotes a single 3D cage; (B) Topographic
surface analysis of a single 3D cage (marked as dashed box in (A) using scanning electron microscopy
(SEM); (C) D. rerio larvae immobilized inside a PDMS cage, made from an SLA mould and that mirrors
the organisms shape; and (D) High-resolution fluorescence imaging of a transgenic Fli1a:EGFP D. rerio
larva showing green fluorescent protein (GFP)-expressing vasculature. Larger and smaller vessels are
clearly distinguishable in the trunk region (boxed area, red outline).
Soft-lithography moulds the size of a standard microscope slide (25 mm × 75 mm; Figure 3) were
fabricated using SLA process in under 40 min, and cost ∼US$2 per template. In comparison, laser
machining soft-lithography moulds took ∼5 min, and cost ∼US$0.2 per mould. However, the control
method was more labour intensive than SLA. It required the cutting of independent PMMA layers,
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subsequent alignment for assembly in 3D structures, and then thermal bonding for >60 min. Whereas
AM required transferring the CAD to the AM software.
PDMS cured well on the VisiJet SL Clear moulds and VisiJet SL Clear moulds were geometrically
stable during the PDMS curing process at 70 ◦C for 1 h. In addition, the releasing of PDMS replicas
did not require any application of releasing agents. However, the curing of PDMS on VeroClear resin
experienced several polymerization issues, and were more difficult to release.
Importantly, the SLA mould could be used multiple times without any degradation or deformation
of pattern geometries observed during the repeated PDMS curing cycles.
Quantitative 3D topographic surface mapping using optical profilometery revealed that PDMS
replicas had low surface roughness (Figure 4). Median surface roughness of PDMS replicas made from
VisiJet SL Clear resin moulds was higher than the control PMMA moulds (Ra = 850 nm vs. 200 nm,
respectively). The SLA moulds had had an average surface roughness of 1.7 ± 0.4 μm (taking into
account both the tops of channels and bases of troughs). Consequently, following plasma treatment,
PDMS replicas achieved proper hydraulic sealing to both glass and PDMS surfaces.
The PDMS millifluidic LOC produced from the SLA mould was optically transparent, thus
enabling high-resolution fluorescence imaging (Figure 3).
Several studies have shown that photoinitiator and short-chain polymer residues that may leach
from SLA devices exhibit a level of toxicity to test organisms [17,21,22,30,34]. This indicates that
compounds remaining in the SLA-printed parts are not irreversibly trapped or adequately removed
in standard manufacturer recommended post-processing protocols (e.g., solvent extraction and
post-curing) [23]. This has cast doubt on the appropriateness of using SLA to produce biomicrofluidic
LOC devices intended for in vitro bioassays [9,16,17,35]. However, using AM to create moulds, and
the final LOC being produced by soft-lithography in PDMS side-steps these concerns.
Biocompatibility of PDMS replicas fabricated from SLA moulds was evaluated by using the
well-established and very sensitive standard OECD FET test on developing D. rerio embryos [9,17].
The embryonic developmental stage is considered to be the most sensitive to environmental
perturbations, and can be readily applied to assess impacts of any potential toxic effects of chemicals
and solid phases [9,33].
The FET bioassay showed no observable toxicity of PDMS replicas fabricated using SLA moulds
(Figure 4). At 24 h, all D. rerio embryos exposed to PDMS replicas survived without any developmental
abnormalities. In contrast, at 24 h, the survival rate of embryos exposed to test parts fabricated by
SLA and post-processed using standard cleaning procedures was ∼0% (data not shown). Behavioural
toxicity bioassay revealed a lack of any behavioural abnormalities in zebrafish larvae exposed to PDMS
replicas. In contrast, D. rerio larvae exposed to parts made with SLA exhibited sudden and complete
paralysis. This suggests that toxic compounds did not transfer from SLA moulds to PDMS during the
casting and curing process.
One of the main limitations of conventional soft lithography for millifluidic devices is the low
availability of inexpensive master-mould fabrication techniques, and AM presents an attractive solution
to overcoming this obstacle. Current-generation SLA technologies are generally able to print with
resolutions >100 μm in the x–y dimension and >25 μm in the z dimension. Consequently, this
technology is particularly suitable for fabricating millifluidic devices such as those designed with
channel minimum cross-section dimensions ranging from 500 to 1500 μm for use with metazoan model
organisms. While AM cannot match the performance and resolution of photolithography, it does
permit the design and manufacture of complex geometries. SLA, rather than MJ, was shown to be a
better choice for the fabrication of the millifluidic devices used in our study.
Despite some practical limitations, the significance and convenience of PDMS replica moulding
and PDMS-on-glass-LOC is still high. Due to high metabolic rate, gas diffusion through PDMS layer is
particularly advantageous for devices aimed at bioassays on model metazoan organisms. Moreover,
the elastic properties of PDMS can alleviate mechanical damage during the loading and immobilization
process of fragile embryonic stages. The replicas achieved a suitable level of pattern fidelity, with
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only a relatively insignificant deviation from the desired geometry of the fluidic channels. PDMS
replicas also permitted bright field and fluorescent imaging at relatively high resolution. In addition,
we showed that there was no transfer of toxic compounds from AM moulds to PDMS replicas.
Figure 4. Characterization of PDMS replicas obtained from both control (CTRL) laser-cutting methods
and SLA-AM (ProJet 7000 HD) positive relief moulds: (A) Quantitative topographic surface analysis of
a representative 500 μm × 500 μm section of a millifluidic channel fabricated in PDMS from moulds
made with laser cut and thermally bonded PMMA moulds; PMMA surface topography such as
valleys (peak-to-peak value of 200 ± 20 nm) are thermal deformations formed during laser cutting
and subsequent oven bonding. (B) Surface roughness renders of PDMS replicas obtained from ProJet
7000 HD printed moulds. Surface topography characteristic of SLA was peak-to-peak = 850 ± 70 nm.
Measurements consisting of at least three independent samples were taken using ContourGT-I 3D
optical profilometery. (C,D) Toxicity profiling of PDMS test wells casted on a mould fabricated using
ProJet 7000 HD in VisiJet SL Clear resin. PDMS replicas were tested using OECD 236 Fish Embryo
Acute Toxicity (FET) Assay with zebrafish (Danio rerio). Comparative analysis between negative control
polystyrene wells (CTRL), SLA moulds printed in VisiJet Clear SL (PROJET), and wells made from
moulding PDMS with Visijet Clear SL moulds (PROJET-PDMS): (C) survival of D. rerio larvae, and
(D) behavioural responses of D. rerio larvae, measured as the change in total distance travelled (±S.E)
after 5 min in wells. Results represent data from at least three independent experiments performed
in triplicate.
Here we present a combinatorial fabrication approach utilizing SLA and soft lithography in PDMS
as a viable method for the inexpensive production of high-definition biocompatible millifluidic LOC
devices. These devices are easily adaptable for use in a range of studies using small to large metazoan
model organisms. The presented technique offers the possibility of prototyping millifluidic devices
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and iterating multiple designs per day to support fast optimization cycles and achieve significant
advancement in the definition of manufactured structures. Due to the growing availability of AM
facilities, which enables the outsourced fabrication of small batches of prototypes at a very low cost,
our described manufacturing method is readily accessible to any biological laboratory. In addition,
issues previously observed with polymer toxicity were avoided.
Supplementary Materials: The following are available online at www.mdpi.com/2072-666X/9/3/116/s1,
Figure S1: Physical characteristics of semi-circular positive relief patterns fabricated using additive manufacturing
processes. (A) Pattern fabricated in VisJet Clear material using the ProJet 7000 HD system; (B) PDMS replica
obtained from the master depicted in (A); (C) Pattern fabricated in Vero Clear using the Objet350 Connex system;
(D) PDMS replica obtained from the master depicted in (C). Dotted lines represent the designed CAD geometry
superimposed on SEM images of representative cross-sections.
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Abstract: We have developed a sequential stereolithographic co-printing process using two different
resins for fabricating porous barriers in microfluidic devices. We 3D-printed microfluidic channels
with a resin made of poly(ethylene glycol) diacrylate (MW = 258) (PEG-DA-258), a UV photoinitiator,
and a UV sensitizer. The porous barriers were created within the microchannels in a different resin
made of either PEG-DA (MW = 575) (PEG-DA-575) or 40% (w/w in water) PEG-DA (MW = 700)
(40% PEG-DA-700). We showed selective hydrogen ion diffusion across a 3D-printed PEG-DA-575
porous barrier in a cross-channel diffusion chip by observing color changes in phenol red, a pH
indicator. We also demonstrated the diffusion of fluorescein across a 3D-printed 40% PEG-DA-700
porous barrier in a symmetric-channel diffusion chip by measuring fluorescence intensity changes
across the porous barrier. Creating microfluidic chips with integrated porous barriers using
a semi-automated 3D printing process shortens the design and processing time, avoids assembly
and bonding complications, and reduces manufacturing costs compared to micromolding processes.
We believe that our digital manufacturing method for fabricating selective porous barriers provides
an inexpensive, simple, convenient and reproducible route to molecule delivery in the fields of
molecular filtration and cell-based microdevices.
Keywords: multi-material stereolithography; porous barrier; diffusion; microfluidics
1. Introduction
Precise control of small molecule diffusion through porous materials and its application to analyze
cell behavior is an important technology in fundamental biology, biomedicine, and pharmaceutics [1–5].
Lab-on-a-chip research has progressed over the last decades by adapting microfabrication technology from
semiconductor fabrication processes that bring advantages such as miniaturization, uniformity, accuracy,
reproducibility, and fluid/cell/tissue manipulations [6–12]. Hydrogels, which are three-dimensional (3D)
polymer networks with high porosity, have been employed in the field of tissue engineering, drug delivery
systems, biomaterials, and size-selective separation, among others [13–18]. The pore size of hydrogels can
be easily tuned by manipulating their crosslinking density.
Researchers have used microfluidic architectures in combination with hydrogel materials for
delivery of chemicals in cell and tissue engineering applications [19–22]. For example, Lee et al.
developed a macroporous polyacrylamide and poly(ethylene glycol) diacrylate (PEG-DA) hydrogel
array within a microchannel to monitor solute transport into the hydrogel; they fabricated
macroporous hydrogels composed of polyacrylamide and analyzed the diffusion of both glutathione
S-transferase-green fluorescent protein and dextran-fluorescein isothiocyanate into the hydrogel;
they also produced PEG-DA (MW = 700) (PEG-DA-700) hydrogels and tested the penetration of
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250 kDa dextran into the hydrogel [23]. Huang et al. reported a 3D microfluidic platform, which was
fabricated using typical photolithography methods, to observe cell to extracellular matrix and cell to cell
interactions; they filled multiple adjacent channels with type-I collagen and Matrigel by balancing the
capillary forces and surface tension; the different patterned gels in the microchannels enabled real-time
observation of intercellular interactions in co-cultures using MDA-MB-231 cell and RAW cells [24].
Sung et al. announced a microfluidic device for testing drug toxicity in a pharmacokinetic-based
manner that included multiple hydrogel-based cell culture chambers connecting to microfluidic
channels to mimic multi-organ interactions [25]. However, fabrication of porous microstructures in
a microfluidic chip usually requires the assembly and bonding of an additional membrane or hydrogel
structure, a process that is complex, costly, and time-consuming, and often requires the intervention of
a trained specialist.
3D printing has emerged as an attractive alternative technique for manufacturing microfluidic
devices because of its attributes, i.e., 3D design, semi-automated and assembly-free 3D fabrication,
rapidly decreasing costs, and faster production time [26,27]. 3D printing has also been extensively
used to build hydrogel scaffolds [28,29]. For example, Mohanty et al. fabricated scalable scaffolds
using a combined 3D-fused deposition modeling printing and salt leaching process for precise control
of the geometry and dimensions of the scaffolds [30,31]. He et al. investigated the printability of
a sodium alginate and gelatin mixture hydrogel using an extrusion-based 3D bioprinting system
and demonstrated the viability of L929 mouse fibroblasts on the 3D-printed hydrogel scaffold [32].
Hinton et al. recently reported a complex 3D biological structure using a thermoreversible gelatin
support bath that enabled freeform reversible embedding of hydrogel to suspend alginate, fibrin,
collagen type I, and Matrigel [33]. However, multi-material printing has not been used yet for the
production of porous barriers in microfluidics.
Integrating the fabrication of a porous microstructure within a microfluidic device using
an automated process such as 3D printing allows for materials and performance modeling prior
to fabrication, shortens the duration of design iterations, and reduces overall manufacturing costs.
In this work, we developed a stereolithographic co-printing process to enable the inexpensive
microfabrication of selective porous barriers in order to control the diffusion of small ions or
molecules within a microchannel. We explored two different hydrogels—PEG-DA (MW = 575)
(PEG-DA-575) and 40% (w/w in water) PEG-DA-700 (40% PEG-DA-700)—for printing the porous
barriers separating two adjacent microchannels. The microchannels were fabricated with PEG-DA
(MW = 258) (PEG-DA-258) [34]. Diffusion of hydrogen ions and fluorescein was demonstrated with
a 3D-printed cross-channel diffusion chip (PEG-DA-575 barrier) and a 3D-printed symmetric-channel
diffusion chip (40% PEG-DA-700 barrier), respectively.
2. Materials and Methods
2.1. Resin Composition for Multi-Material Stereolithography Printing
Photocurable resins for stereolithography printing were developed for the microfluidic chips that
have selective porous barriers within their microchannels. The resin for creating the microchannel
floor, walls, and roof is based on PEG-DA-258 (Sigma Aldrich, St. Louis, MO, USA) mixed with 0.6%
(w/w) Irgacure 819 (IRG, BASF Corporation, Florham Park, NJ, USA) as a photoinitiator and 0.6%
(w/w) 2-isopropylthioxanthone (ITX) as a photosensitizer. The resin for the porous barrier of the
3D-printed cross-channel diffusion chip contains PEG-DA-575 (Sigma Aldrich), 0.6% IRG, and 0.6%
ITX. 40% PEG-DA-700 (Sigma Aldrich) in distilled water conjugated with 0.6% IRG is used for printing
the porous barrier of the 3D-printed symmetric-channel diffusion chip.
2.2. Stereolithography—Setup and Printing
Both the cross-channel and symmetric-channel diffusion chip were designed with Autodesk
Inventor® and saved in STL formats. In order to slice the designed object, we used Autodesk
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Print Studio (Autodesk, Inc., San Rafael, CA, USA), which has a function for automatic mesh
analysis and healing. After slicing the designed object into 25 μm-thick layers, the sliced images
and the UV exposure settings for each layer outlined in a CSV file named layersettings.csv were
compressed into a zipped folder. The folder was then sent to the 3D printer to fabricate the object.
The fabrication of the multi-material diffusion microfluidic chip was carried out in bat configuration
with an Ember DLP® 3D Printer (Autodesk, Inc.), which has a 405 nm wavelength LED, 50 μm
in-plane resolution, and 10~100 μm out-of-plane resolution controlled by a digital light projector
(DLP). To make transparent prints, we used a glass slide (75 mm (L) × 50 mm (W) × 1.0 mm (T)) as the
substrate on which the designed object was built [34]. Prior to using the glass slide, the glass surface
was thoroughly cleaned with acetone, isopropyl alcohol, and deionized (D.I.) water and dried at 70 ◦C
overnight. The surface of the glass slide was plasma-activated with oxygen plasma for 180 s and
treated with 3-(trimethoxysilyl) propyl methacrylate (TMSPMA) (Sigma-Aldrich) in an 85 ◦C chamber
for 8 h. The silanized glass slide was attached to the aluminum build plate by coating one side of it
with uncured PEG-DA-258 resin and exposing it to UV light using a broadband UV lamp (B-100 A,
UVP). For the microchannel fabrication, the PEG-DA-258 resin was poured into a resin tray and then
the build plate was lowered until it reached the resin tray for calibration. After calibration, the object
was printed with repeated cycles of UV curing, resin tray separation from the current print position,
Z-Axis overlift, and resin tray approach to the new print position. This process was repeated until the
whole object was fabricated. For multi-material printing, the printer was paused at the desired layer
and the PEG-DA-258 resin tray was changed to the other material (PEG-DA-575 or 40% PEG-DA-700),
or vice versa. The glass slide with the printed object was removed from the build plate and cleaned
using D.I. water and pressurized air.
2.3. Molecule Diffusion Analysis
To test the hydrogen ion diffusion through the porous barrier printed using PEG-DA-575 in the
3D-printed cross-channel diffusion chip, phenol red (Sigma) was employed to observe color changes
corresponding to changes in acidity. Then 0.1 M HCl was injected into the bottom channel of the
cross-channel diffusion chip and phenol red was loaded into the top channel of the diffusion chip.
The color change of the phenol red was recorded using a Nikon SMZ1500 stereomicroscope (Nikon,
Tokyo, Japan) fitted with a Canon Rebel EOS 5D Mark II DSLR camera (Canon, Tokyo, Japan).
The 3D-printed symmetric-channel diffusion microchip was utilized to transport fluorescein
molecules through its porous barrier made of 40% PEG-DA-700 resin. The 0.1 M fluorescein was
inserted into Channel 1 of the symmetric-channel diffusion chip while PBS buffer was loaded into
Channel 2. The diffusion of fluorescein across the porous barrier from one channel to the other was
measured for 1 hour using an inverted epifluorescence microscope (Nikon Eclipse Ti, Plan Apo λ
2× objective).
3. Results and Discussion
3.1. Selection of Resin Components
We have fabricated selective porous barriers in microchannels using multi-material
stereolithography. We chose PEG-DA-258 to print microfluidic channels due to its characteristics
such as photo-curability, water impermeability, transparency, and low cost [34]. We added 0.6% IRG to
the PEG-DA-258 resin because of its ability to absorb energy and initiate free radical polymerization at
longer UV wavelengths (405 nm), corresponding to that of the printer DLP projector. We also added
ITX at 0.6% to increase the Z-resolution of 3D-printed microchannels. ITX, which is a sulfur-type
photosensitizer, is widely used in UV curing to promote the polymerization of photopolymers because
of its UV absorption characteristics. PEG-DA with higher molecular weights were chosen as porous
barrier materials since it had been shown before that PEG-DA hydrogel networks (MW = 575 to 20,000)
have a mesh size of 0.1 to 10 nm [35–37]. A porous barrier in the cross-channel diffusion chip was
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printed using PEG-DA-575 mixed with 0.6% IRG and 0.6% ITX for small ion diffusion such as hydrogen
ions. We also used 40% PEG-DA-700 in D.I. water containing 0.6% IRG to make a porous barrier for
the transport of larger molecules since adding 60% water to PEG-DA-700 resin increases the pore size
in a hydrogel polymer matrix [16].
3.2. Fabrication of a 3D-Printed Cross-Channel Diffusion Chip
Figure 1A shows the fabrication process of a cross-channel diffusion chip. We developed two
different resins to print the 3D-printed cross-channel diffusion chip: a resin to build the porous barrier
(PEG-DA-575) and a microfluidic channel resin (PEG-DA-258). Prior to the printing of the 3D-printed
cross-channel diffusion chip, the designed object was sliced into 25 μm-thick layers. A PEG-DA-258
resin tray and a PEG-DA-575 resin tray were prepared to build the microchannel part and the porous
barrier part, respectively. First, the PEG-DA-258 resin tray was inserted into the Ember DLP® 3D
Printer and the first layer was created with 6 s UV exposure to aid the adhesion of the device to the
glass slide. After printing a 100 μm-thick bottom layer, a 1 mm high bottom channel was fabricated
using the PEG-DA-258 resin with a 0.3 s exposure setting for each layer. Prior to build the porous
barrier, PEG-DA-258 residue was washed using D.I. water. The PEG-DA-575 resin tray was inserted
into the printer for fabricating the porous barrier. The 100 μm-thick porous barrier was printed by
irradiating each layer for 0.8 s. Compared to PEG-DA-258, PEG-DA-575 needs longer exposure times
to fabricate polymer structures because, for the same polymer mass, PEG-DA-575 has less active
sites (diacrylate groups) for photopolymerization than PEG-DA-258; the smaller number of active
sites results in a slower reaction speed in PEG-DA-575. The lower molecular weight monomers in
PEG-DA-258 have a higher mobility in the resin, which increases the probability of radical initiation on
the carbon-carbon double bond (this radical initiation is the first step of the polymerization process).
Moreover, due to its higher mobility compared to PEG-DA-575, the PEG-DA-258 molecule has a greater
chance of encountering other molecules, which also results in a faster reaction speed. To fabricate
a 1 mm-high top channel, the resin tray was switched back to the PEG-DA-258 resin tray after rinsing
the PEG-DA-575 residue and the top channel was fabricated with the same conditions as the bottom
channel. In order to prevent the microchannel from clogging with PEG-DA-258 residue due to
overexposure, the resin in the microchannels was removed after printing a 100 μm-thick top channel
roof and the fabrication continued until the diffusion chip was completed. At the end of the print
process, the microchannels were flushed in a dark room with distilled water to remove any PEG-DA
resin from the channel.
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Figure 1. (A) Fabrication process in cross-section schematics (top row) and 3D view (bottom row) of
a 3D-printed cross-channel diffusion microchip containing a PEG-DA-575 porous barrier. The process
depicts the fabrication of (i) the bottom layer; (ii) the bottom channel; (iii) the porous barrier; (iv) the top
channel; and (v) the roof and inlets; (B) CAD representation of the finished 3D-printed cross-channel
diffusion chip (left) and its cross-sectional schematic (right); (C) photograph (top view) of the 3D-printed
cross-channel diffusion chip; the top channel is filled with red dye and the bottom channel is filled with
blue dye for visualization purposes.
Figure 1B illustrates a CAD design of the 3D-printed cross-channel diffusion chip and its
cross-sectional view. A photo image of the 3D-printed cross-channel diffusion chip is displayed
in Figure 1C. The bottom channel is filled with blue dye while the top channel is filled with red dye.
3.3. Hydrogen Ion Diffusion Test
We confirmed the selective diffusion of hydrogen ions through a PEG-DA-575 barrier by observing
pH shifts as color changes with the pH-sensitive phenol red dye. The phenol red color was shown
to gradually shift from yellow to red over the pH range 6.8 to 8.2 [38]. 0.1 M HCl solution was
injected into the bottom channel of the cross-channel diffusion chip and then 0.5% phenol red in PBS
was loaded into the top channel. Hydrogen ion diffusion was recognized by observing the color
change of phenol red as shown in Figure 2. The phenol red solution at 0 s gradually took on a yellow
color at 10 s at the porous barrier area, corresponding to the overlap between the two microchannels.
The phenol red turned completely yellow after 70 s. The color change happened only in the top
channel, which means hydrogen ions can pass through the porous barrier from the bottom channel to
the top channel, while phenol red remains in the top channel, as illustrated in the cross-section view
of Figure 2.
Figure 2. Hydrogen ion diffusion experiment (top row) and cross-section schematic (bottom row)
using the 3D-printed cross-channel diffusion chip. The phenol red in the channel (t = 0 s) gradually
changed to yellow at the channel intersection (t = 10 s) until it turned completely yellow (t = 70 s),
while the bottom channel did not change color.
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3.4. Fabrication of a 3D-Printed Symmetric-Channel Diffusion Chip
Small-ion diffusion was successfully carried out with the 3D-printed cross-channel diffusion chip
(see Section 3.3). However, some biomedical applications may require the delivery of larger molecules
such as dyes and drugs. To make a hydrogel barrier with larger pores, we used 40% PEG-DA-700 mixed
with 60% water. The higher molecular weight of PEG-DA can produce larger pores in the hydrogel
because of its longer chain length, which increases the mesh size of the polymer network. To polymerize
a dilute PEG-DA-700 resin, a longer exposure time is required, which increases the risk of clogging
channels under the porous barrier. We changed the diffusion chip design to a symmetric-channel
chip having a porous barrier in between two channels, which ensured that the longer exposure time
required to polymerize 40% PEG-DA-700 did not occlude the channels.
The fabrication process of a 3D-printed symmetric-channel diffusion chip is described in Figure 3A.
PEG-DA-258 resin and 40% PEG-DA-700 resin in D.I. water were used to print the symmetric-channel
and porous barrier, respectively. Prior to printing, the 3D designed symmetric-channel diffusion chip
was sliced into 25 μm thick layers similar to the cross-channel chip. As explained before, a 100 μm-thick
bottom layer was printed with 6 s exposure and then eight layers of the channel (200 μm) were
fabricated with 0.3 s UV irradiation for each layer. Next, the PEG-DA-258 residue was washed using
D.I. water and the 40% PEG-DA-700 resin tray was inserted. The porous barrier was created by a single
6.5 s exposure of the resin, which allowed the PEG-DA-700 hydrogel structure to grow down and attach
to the glass slide. The porous barrier is designed as the shape of an extruded rectangle between two
microchannels and is, by design, 200 μm tall, 300 μm wide and 2 mm long. The PEG-DA-258 resin tray
was re-installed in the 3D printer to build the last of the channel layers after cleaning the PEG-DA-700
residue. To avoid clogging of the microchannels, they were cleaned after printing a 100 μm-thick roof
layer and then the diffusion chip fabrication was completed. The microchannels were washed using
distilled water to remove uncured PEG-DA resin. Figure 3B,C show a schematic cross section and
a photograph, respectively, of the device.
Figure 3. (A) Fabrication process in cross-section schematics (top row) and 3D view (bottom row) of
a 3D-printed symmetric-channel diffusion microchip with a 40% w/w PEG-DA-700 porous barrier.
The process depicts the fabrication of (i) the bottom layer; (ii) the channel part 1; (iii) the porous
barrier; (iv) the channel part 2; and (v) the roof and inlets; (B) CAD representation of the 3D-printed
symmetric-channel diffusion chip (left) and its cross-sectional schematic (right); (C) photograph of the
3D-printed symmetric-channel diffusion chip; Channel 1 is filled with blue dye and Channel 2 is filled
with red dye for visualization purposes.
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3.5. Fluorescein Diffusion Test
Molecular diffusion across the 40% PEG-DA-700 barrier in the 3D-printed symmetric-channel
chip was tested by observing the transport of fluorescein (as a model of a small drug) using an
inverted epifluorescence microscope. 0.1 mM fluorescein was loaded into Channel 1 while PBS
buffer was loaded into Channel 2. The change in fluorescence intensity as fluorescein diffused from
Channel 1 to Channel 2 was measured for 1 h. The results of the fluorescein diffusion are shown
in Figure 4. The green signal was observed only in Channel 1 when fluorescein was loaded into
it (Figure 4A). Then, fluorescein molecules transferred to Channel 2 through the 40% PEG-DA-700
hydrogel barrier (Figure 4B). After 60 min, the green color was clearly observed in Channel 2 as seen
with the fluorescence image in Figure 4C. The fluorescence intensity was quantitatively analyzed and
plotted in Figure 4D. The fluorescence intensity gradually increased with time from 0 to 60 min in both
the 40% PEG-DA-700 hydrogel barrier and Channel 2.
Fick’s second law of diffusion was employed to calculate the diffusivity of fluorescein molecules







where D represents the diffusivity of fluorescein in 40% PEG-DA-700 and C indicates the concentration
of fluorescein.
The solution to Equation (1) can be expressed as
C(x, t) =
Cx − C0















where C(x = 0) = Cs is the concentration of fluorescein at the junction of the porous barrier and
the channel containing fluorescein (“Channel 1”), and C(x = ∞) = C0 = 0 corresponds to the initial
concentration of fluorescein in PEG-DA [39]. We assume that Cs and C0 remain constant over time.
The characteristic diffusion length (L) at a given time (t) is defined as the distance at which
the concentration of the diffusing species reaches 50% of the source concentration (Cs), and can be
approximated as [39]:
L ≈ (Dt)1/2. (3)
To determine the diffusivity of fluorescein in the 40% PEG-DA-700 barrier, we acquired time-lapse
images of fluorescein diffusion through the hydrogel from 0 min to 10 min using an inverted
epifluorescence microscope. The fluorescent time-lapse images were analyzed using ImageJ to obtain
the diffusion profiles, which show that the fluorescein molecules diffuse into the porous barrier
(Figure 4E). For the duration of the experiment (t = 10 min), since C(x = 200 μm) = 0, we can
assume that there is negligible mass loss from the porous barrier into Channel 2. We plotted the
experimentally observed characteristic diffusion length (L) as a function of the square root of time
(t1/2) and performed a linear regression analysis to determine the diffusivity (D). The diffusivity of
fluorescein in 40% PEG-DA-700 was estimated to be ~4.6 × 10−7 cm2/s from the slope (D1/2) of the
fitted curve (L = 6.77951t1/2, adjusted R2 = 0.99343) (Figure 4E inset).
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Figure 4. Fluorescein diffusion test using the 3D-printed symmetric-channel diffusion microchip.
(A–C) Fluorescein diffused through the 40% PEG-DA-700 hydrogel barrier from 0 min to 60 min;
(D) graph of the fluorescein intensity profiles obtained across the microchannel in the three images
above, showing that the fluorescein intensity gradually increased in Channel 2; (E) concentration
profile of fluorescein in the 40% PEG-DA-700 hydrogel barrier from 1 min to 10 min. (Inset) Plot of the
characteristic diffusion length as a function of the square root of time (dots); the red line is a linear fit of
the dots, L = 6.77951t1/2 (adjusted R2 = 0.99343).
4. Conclusions
Our simple 3D-printed microfluidic channel with an integrated porous barrier is the
first step toward 3D-printed devices capable of more advanced functionalities. We developed
a stereolithographic co-printing process to demonstrate the selective diffusion of small ions or
fluorescein molecules through a 3D-printed porous barrier. The 3D-printed cross-channel chip
and the 3D-printed symmetric-channel chip were successfully printed using PEG-DA-575 and 40%
PEG-DA-700, respectively, for the porous barrier and PEG-DA-258 for the microchannels. We were
able to confirm the selective hydrogen ion diffusion through the PEG-DA-575 hydrogel barrier by
observing the color change of phenol red. Fluorescein diffusion was demonstrated using the 3D-printed
symmetric-channel chip, which has a 40% PEG-DA-700 hydrogel barrier in the microchannel.
The proposed stereolithographic co-printing process for fabricating selective porous barriers will
provide an inexpensive, simple, convenient, and reproducible molecule delivery platform that can
be applied in the fields of tissue engineering, drug delivery systems, and biomaterials. 3D-printed
hydrogels with larger porosities could potentially be used for filtering particles from bodily fluids such
as circulating tumor DNA, exosomes, bacteria, and circulating tumor cells, and in general 3D-printed
hydrogels could be used for immobilizing biomolecules within microfluidic devices for biosensing
applications. Moreover, the biocompatibility of 3D-printed PEG-DA-258 microdevices as well as
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PEG-DA-700 structures makes our strategy of printing porous barriers inside a microchannel amenable
to the development of cell-based assays and organ-on-chip platforms [40,41].
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Abstract: Scientific communities are drawn to the open source model as an increasingly utilitarian
method to produce and share work. Initially used as a means to develop freely-available software,
open source projects have been applied to hardware including scientific tools. Increasing convenience
of 3D printing has fueled the proliferation of open labware projects aiming to develop and share
designs for scientific tools that can be produced in-house as inexpensive alternatives to commercial
products. We present our design of a micropipette that is assembled from 3D-printable parts and some
hardware that works by actuating a disposable syringe to a user-adjustable limit. Graduations on the
syringe are used to accurately adjust the set point to the desired volume. Our open design printed
micropipette is assessed in comparison with a commercial pipette and meets the ISO 8655 standards.
Keywords: open source labware; 3D printing; functional prototyping
1. Introduction
The open source development model, initially applied to software, is thriving in the development
of open source scientific equipment due in part to increasing access of 3D printing [1,2]. Additive
manufacturing methods have existed for decades although the recent availability of inexpensive
desktop printers [3,4] has made it feasible for consumers to design and print prototypes and even
functional parts, as well as consumer goods [5,6]. The proliferation of free CAD software [7–10]
and design sharing sites [11–14] has also supported the growth and popularity of open designed
parts and projects. Open design 3D-printable lab equipment is an attractive idea because, like
open source software, it allows free access to technology that is otherwise inaccessible due to
proprietary and/or financial barriers. Open design tools create the opportunity for scientists and
educational programs in remote or resource-limited areas to participate with inexpensive and easy
to make tools [15–20]. Open source development also enables the development of custom solutions
to meet unique applications not met by commercial products that are shared freely and are user
modifiable [5,21–26]. Some advanced, noteworthy, open source scientific equipment include a PCR
device [27], a tissue scaffold printer [28] and a two-photon microscope [29], although simple tools have
the potential to be impactful as they can serve a wider community.
Some simple and clever printable parts that have emerged are ones that give a new function to
a ubiquitous existing device, such as a drill bit attachment designed to hold centrifuge tubes, allowing
a dremel to be used as a centrifuge [30]. Although this may make a rather crude centrifuge, it may be an
adequate solution for a fraction of the cost of a commercial centrifuge. Other examples of open source
research tools that utilize 3D-printed parts include optics equipment [31], microscopes [32,33], syringe
pumps [34,35], reactionware [36–39] and microfluidics [40,41], and the list continues to grow [42].
One example of an everyday scientific tool that provides the opportunity for an open design
solution is the micropipette. An open design micropipette that can be made inexpensively affords
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more options for labs and educational settings. Micropipettes are an indispensable tool used routinely
in lab tasks and can easily cost $1000 USD for a set. Often, a lab will require several sets each for
a dedicated task. Some pipettes may even be re-calibrated for use with liquids of different properties.
Air displacement pipettes use a piston operating principle to draw liquid into the pipette [43].
In a typical commercial pipette. the piston is made to be gas-tight with a gasketed plunger inside
a smooth barrel. Consumer-grade fused deposition modeling (FDM) printers are unable to build
a smooth surface due to the formation of ridges that occur as each layer is deposited [44]. The ridges
formed by FDM make it impractical to form a gas-tight seal between moving parts, even with a gasket.
Existing printable open-design micropipettes get around this limitation by stretching a membrane over
one end of a printed tube, which when pressed causes the displacement. The displacement membrane
can be made from any elastic material such as a latex glove. A few open design micropipettes exist
including a popular one, which in addition to the printed parts, uses parts scavenged from a retractable
pen [45]. A major limitation of this design is that there is no built-in feature such as a readout for
the user to set the displacement to a desired volume. This requires the user to validate the volumes
dispensed with a high precision scale. Without verification with a scale, the volumes dispensed
can only be estimated based on the calculations of the deflection of the membrane, which is not
a practical protocol.
We submit a new design whose major strength is the ability to adjust to any volume aided by the
built-in scale. Our open design 3D-printable micropipette works by actuating a disposable syringe to
a user-adjustable set point. This allows the user to set the pipette to a volume by reading the graduations
on the syringe barrel. We have also designed an adjusted graduation scale, to be used in place of the
printed on scale, that corrects for the compressibility of air, which allows the pipette to be set accurately.
Additionally, our pipette offers a simplified assembly requiring no glue, tape or permanent connections.
2. Materials and Methods
Our printed pipette is designed to actuate a 1-mL or 3-mL syringe to a user-set displacement.
The core of the design is two printed parts, the body and the plunger, which are able to be printed on
a consumer-grade FDM printer (Figure 1), in this case a Makerbot Replicator.
Figure 1. CAD renderings of printable parts and cross-sections. (A) The printed plunger part is a shaft
that pushes on the syringe plunger and slides in the printed body part. The printed plunger has
a latching tongue and button, which interfaces with the printed body part. (B) The printed body part
holds the syringe and interfaces with the printed plunger part. The body part features the unlatching
button and slots to hold the syringe in place by its flanges. The body part also has two cutouts in the
top for the plunger button and for the hex nut and bolt. STL files of the printable parts are available
in the Supplementary Materials.
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A 1-mL or 3-mL syringe twists to lock in the body part and is held into place by the syringe
flanges. The 30–300-μL configuration uses a 1-mL pipette, and the 100–1000-μL configuration uses
a 3-mL pipette. The plunger part slides freely in the body part and actuates the syringe by pushing
the thumb button (Figure 2). The pipette is spring loaded towards a set point, which is adjustable by
a set-screw. When the thumb button is pressed, the system locks when it reaches the latched position,
where it is ready to draw in fluid. The plunger is held in place with a latching mechanism, which
when released, draws in fluid. The displacement is equal to the distance between the set position
and the latched position. The pipette can also be pressed past the latched position to ‘blow-out’ the
transferred fluid completely from the pipette tip. For a demonstration of the assembly and operation,
see the videos in the Supplementary Materials. Additional materials required for assembly include
two springs, a nut and a bolt (Tables A1 and A2). Attempts to make a printable luer lock adapter for
tips was abandoned as the surface of printed parts is too rough to make an air-tight seal with the luer
or pipette tip. Instead, a combination of a barbed luer adapter and elastic tubing is used to attach the
pipette tips. Our printed pipette mimics commercial pipettes in design, function and user operation,
making it intuitive to use.
Figure 2. CAD renderings of assembled pipette and function. The pipette actuates the syringe to three
positions. (A) The latched position. When the plunger is pressed, the pipette locks at this position.
The tip is then placed in a liquid, and the unlatching button is pressed to release the pipette back to
the set position (B), drawing in liquid. (B) The set position. The position of the screw determines
the total displacement that the plunger moves. The pipette is spring loaded to return to this position.
(C) The blow-out position. The fluid is transferred by pressing the plunger past the latched position to
blow-out all the liquid. (D) Return to the latched position. The pipette returns to the latched position
ready to perform another transfer.
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Our pipette uses the air-displacement method, where a vacuum is applied to a pocket of air
to draw liquid into the pipette. As air is a compressible fluid, this pocket of air expands due to the
weight of the liquid pulling on it. Due to this effect, the graduations on the syringe are not accurate,
as they are designed for measuring liquid within the syringe. At larger volumes, this effect is more
pronounced, resulting in the volume measured being greater than the amount of liquid pulled into the
syringe. We remedied this by creating a new scale to account for the expansion. The scale is printed on
a transparency sheet and is taped onto the syringe for accurate measurements (the scales appear in
Appendix A: Figures A1 and A2).
2.1. Fabrication and Assembly
Two parts are printed at normal resolution with rafts on a Makerbot Replicator (STL files are
available in the Supplementary Materials). A disposable syringe and a few extra parts are used to
assemble the pipette (Figure 3). A small amount of paraffin wax is applied to the screw to prevent slop
from causing the set point to drift after each actuation. The nut is sunk into the hex inset in the printed
body part. The bolt is threaded in from the top of the body into the nut. Two springs are threaded
onto the plunger of a 1-mL syringe for the 30–300-μL configuration. Springs are placed inside a 3-mL
syringe for the 100–1000-μL configuration. The plunger part is inserted in the body, and the syringe
assembly is pushed in and locked from the syringe flanges to the body part to complete assembly
(Figure 4). Parts and cost are listed in Tables A1 and A2 in Appendix A.
Figure 3. Photo of the parts to make the pipette. (A) Printed body part. (B) Printed plunger part.
(C) Springs. (D) M3 hex nut and M3 bolt. (E) Disposable syringes. (F) Two sizes of tubing to adapt
pipette tips to luer barbs. (G) Luer lock syringe-to-barb adapters. (H) Pipette tips. A list of parts is
in Appendix A: Tables A1 and A2.
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Figure 4. Photos of assembled pipettes. (A) Two assemblies of the pipette: the 100–1000-μL configuration
(top) and the 30–300-μL configuration (bottom). (B) Close-up photo of the taped on scale for each of
the syringes. Scales are available in the Appendix A: Figures A1 and A2.
2.2. Validation
The printed pipette’s accuracy and precision were characterized and compared to a commercial
pipette, as well as ISO 8655. The printed pipette was adjusted to the target volume by eye from the
syringe graduations. Deionized water was transferred and measured with a high precision scale.
Five transfers were recorded and averaged to account for random variability. Data were taken for
printed pipettes with existing syringe graduations, as well as with our adjusted scale. Data were taken
with commercial pipettes of 30–300 μL and 100–1000 μL to compare to the printed pipette. Accuracy
and precision are expressed as systematic error and random error, respectively, and are calculated
according to ISO 8655 [43] (Tables 1 and 2). The systematic error, or accuracy, is calculated according to
the following equations where accuracy (A) is the difference of the mean volume (V̄) and the nominal
volume (Vo):
A = V̄ − Vo, A% = 100% × A/Vo (1)





n − 1 , cv = 100% × s/V̄ (2)
3. Results
Using the adjusted syringe graduation scale, our printed pipette meets ISO 8655 standards,
but using the existing syringe graduation scale does not meet the ISO standard for accuracy. According
to ISO 8655 for a pipette with the maximum nominal volume of 1000 μL, the systematic error
cannot exceed 8 μL, and the random error cannot exceed 3 μL [43]. For the maximum nominal
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volume of 300 μL, the systemic error cannot exceed 4 μL, and the random error cannot exceed
1.5 μL. The commercial pipettes met these standards handily, but in our initial tests with our printed
pipette, we noticed large negative systematic error, suggesting that we were missing a biasing
factor. This error was exaggerated while transferring larger volumes (Figures 5 and 6). After further
investigation, we realized that the water in the tip pulls on the air due to gravity, which causes the
air to expand, making measuring with the graduations inaccurate. The graduations are intended to
measure incompressible fluids within the syringe, while we were using them to measure air while
under vacuum. The syringe graduations could not be expected to accurately indicate the volume of
water pulled into the tip, because the air had expanded under vacuum. This explains the negative
systematic error we were experiencing.
Our solution was to replace the built-in scale with a scale that accounted for the expansion.
We compared expected volumes with actual measurements and noticed a linear relationship. We scaled
up the graduations by a factor of 1:1.027 for both the 100–1000-μL, and 30–300-μL configurations.
These adjusted scales are printed on paper or a transparency sheet and taped onto the syringe with
the zero at the plunger when the pipette is in the latched position (scales appear in Appendix A:
Figures A1 and A2). With the new scale taped on the syringe, our validation testing met the ISO 8655
standard. Replacing the built-in scale with our scale corrected this effect. Our printed pipette with the
adjusted scale meets ISO standards for accuracy and precision (Tables 1 and 2).
Figure 5. Comparison of the accuracy, or systematic error, among 100–1000-μL pipettes. The box plot
indicates the range of the ISO standard; the plotted circle indicates the commercial pipette; and the
plotted squares are the printed pipette. Empty squares are with the printed pipette with our adjusted
graduation scale, and the filled squares are measurements taken with the syringe’s existing graduations
(data from Table 1.)
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Figure 6. Comparison of the accuracy, or systematic error, among 30–300-μL pipettes. The box plot
indicates the range of the ISO standard; the plotted circle indicates the commercial pipette; and the
plotted squares are the printed pipette. Empty squares are with the printed pipette with our adjusted
graduation scale, and the filled squares are measurements taken with the syringe’s existing graduations
(data from Table 2.)
Table 1. ISO 8655 for 100–1000-μL comparing a commercial pipette with our printed pipette used with
the existing 3-mL syringe scale and an adjusted scale.
Mean Systematic Error % Sys. Err. Random Error % Rand. Err.
1000 μL
ISO 8655, 100–1000 μL 1000 8.00 0.80 3.00 0.30
Commercial Pipette 1002.98 2.98 0.30 1.72 0.17
Printed Pipette 949.29 −50.71 −5.07 0.60 0.06
Printed Pipette Scale 1003.57 3.57 0.36 0.89 0.09
500 μL
ISO 8655, 100–1000 μL 500 8.00 1.60 3.00 0.60
Commercial Pipette 503.67 3.67 0.73 0.49 0.10
Printed Pipette 475.99 −24.01 −4.80 4.75 1.00
Printed Pipette Scale 503.62 3.62 0.72 1.64 0.33
200 μL
ISO 8655, 100–1000 μL 200 8.00 4.00 3.00 1.50
Commercial Pipette 204.61 4.61 2.30 0.15 0.07
Printed Pipette 186.55 −13.45 −6.72 1.31 0.70
Printed Pipette Scale 201.87 1.87 0.94 1.47 0.73
100 μL
ISO 8655, 100–1000 μL 100 8.00 8.00 3.00 3.00
Commercial Pipette 104.29 4.29 4.29 1.65 1.58
Printed Pipette 94.02 −5.98 −5.98 4.81 5.12
Printed Pipette Scale 101.00 1.00 1.00 1.05 1.04
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Table 2. ISO 8655 for 30–300-μL comparing a commercial pipette with our printed pipette used with
the existing 3-mL syringe scale and an adjusted scale.
Mean Systematic Error % Sys. Err. Random Error % Rand. Err.
300 μL
ISO 8655, 30–300 μL 300 4.00 1.33 1.50 0.50
Commercial Pipette 301.19 1.19 0.40 0.53 0.18
Printed Pipette 286.91 −13.09 −4.36 0.42 0.15
Printed Pipette Scale 299.11 −0.89 −0.30 0.48 0.16
200 μL
ISO 8655, 30–300 μL 200 4 2 1.5 0.75
Commercial Pipette 200.06 0.06 0.03 0.46 0.23
Printed Pipette 193.40 −6.60 −3.30 2.86 1.48
Printed Pipette Scale 200.57 0.57 0.28 0.86 0.43
50 μL
ISO 8655, 30–300 μL 50 4 8 1.5 3
Commercial Pipette 49.02 −0.98 −1.96 0.10 0.20
Printed Pipette 49.62 −0.38 −0.76 1.26 2.53
Printed Pipette Scale 48.73 −1.27 −2.54 1.11 2.27
30 μL
ISO 8655, 30–300 μL 30 4 13.3 1.5 5
Commercial Pipette 29.08 −0.92 −3.06 0.09 0.31
Printed Pipette 29.22 −0.78 −2.59 0.31 1.07
Printed Pipette Scale 27.78 −2.22 −7.41 1.37 4.93
4. Discussion and Conclusions
Our printed pipette improves on existing open design pipettes in several ways. Most significantly,
the user is able to adjust the syringe accurately without verifying the volume with a scale. The pipette
can be adjusted to any discrete volume within range. In addition, the assembly requires no permanent
connections using tape or glue, which allows for re-configuration and easy replacement of parts.
Conveniently, our design can also reach to the bottom of a 15-mL conical tube allowing tasks such
as aspirating supernatant fluid from a cell pellet. Unlike existing designs, our design does not use
a membrane that may wear out and require replacement. The only major limitation of this design
compared to the biropipette [45] is the option for a pipette tip ejector. The biropipette also uses arguably
easier to source parts (a pen vs. a syringe) relative to what is required for our design. The biropipette
also was developed in OpenSCAD, which is free and open source CAD software, whereas our design
was created in Solidworks, a proprietary software. This creates a limitation for users who may not
have access to the proprietary software used to make the design. Fortunately, the produced STL files
are universal and can be imported and modified by any CAD software.
The luer to pipette tip connection is a good candidate for a 3D-printed solution. Unfortunately,
the current state of FDM cannot make this adapter with high enough resolution or, critically, surface
smoothness [44]. Other printing techniques, such as stereolithography (SLA) and multijet printing
(MJP), provide higher resolution and smoother finishing, yet FDM is the the most widely available
and affordable of the printing technologies. SLA printers are coming down in price, but are still
significantly more expensive, especially considering the higher cost of the consumable resin vs. FDM
filament. Ultimately, the goal of this project is to make this pipette inexpensive and easy to make.
Our design relies heavily on the syringe, a specialized part, for the core function, as well as
accuracy. Fortunately, as disposable syringes are a regulated medical device, they must meet high
standards, making them a reliable part for this design. As good as the performance of our printed
pipette is, a commercial pipette should be expected to be more reliable and preferred for critical
procedures. Adjusting our printed pipette to the desired volume requires more time and attention,
which would be tedious for procedures requiring many adjustments. On the other hand, due to the $6
cost to make it, many printed pipettes could be assembled and pre-set, each for a planned transfer,
rather then re-adjusting one commercial pipette for each step. The printable pipette can also be used
as a disposable, sparing the commercial micropipette when damage from volatile reagents is a concern
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or in situations were cross-contamination and resterilization is required. This pipette would also be
ideal for high school and teaching labs or any resource-limited program.
The open design nature of this project encourages anyone to use and submit changes to improve
and add features to this design. All of the working files and documentation are kept in a public
repository [46]. Future directions for this project include developing a tip ejection system and additional
configurations for transferring volumes below 30 μL, as well as increasing overall user friendliness,
such as making the adjusting bolt easier to grip and improving ergonomics. It is our hope that this
project will be under continuous development where improvements and compatibility with different
syringes and printers can be crowd-sourced from community contributors.
Supplementary Materials: The following are available online at https://zenodo.org/record/1220094#
.WtcQ2FKSCJ1: File S1: body-clip.STL, File S2: plunger.STL, Video S1: Assembly of the pipette, Video S2:
Operation of the pipette.
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Appendix A. Additional Materials
Table A1. Parts and cost for the 30–300-μL pipette.
30–300 mL Configuration: Source Unit Price Part Number
Filament Makerbot $1.63 NA
1-mL Syringe BD Biosciences $0.15 309628
M3 Bolt, 35 mm McMaster-Carr $0.12 91287A026
M3 Nut McMaster-Carr $0.01 90591A121
Music Wire Compression Springs * (2) Jones Spring Co $1.23 C10-022-048
Female Luer to 1/8" Hose Barb Adapter Cole-Parmer $0.40 EW-30800-08
Tygon Tubing, 1/16” ID × 3/16” OD Cole-Parmer $0.03 EW-06407-72
300-μL Tips (10) Fisher Scientific $0.34 02-707-447
Total $3.91
* Spring specifications: Overall length 38 mm, OD 7.62 mm, wire diameter 0.56 mm, Max load 0.86 kg, with
closed and flat ends. Also available from McMaster-Carr P/N: 9657K347.
Table A2. Parts and cost for the 100–1000-μL pipette.
100–1000 mL Configuration: Source Unit Price Part Number
Filament Makerbot $1.63 NA
3-mL Syringe BD Biosciences $0.73 309657
M3 Bolt, 35 mm McMaster-Carr $0.12 91287A026
M3 Nut McMaster-Carr $0.01 90591A121
Music Wire Compression Springs * (2) Jones Spring Co $1.23 C10-022-048
Female luer to 5/32" Hose Barb Adapter Cole-Parmer $0.66 EW-45508-06
Tygon Tubing, 1/8" ID × 1/4" OD Cole-Parmer $0.05 EW-06407-76
1000-μL Tips (10) Fisher Scientific $0.41 02-707-400
Total $4.84
* Spring specifications: Overall length 38 mm, OD 7.62 mm, wire diameter 0.56 mm, Max load 0.86 kg, with
closed and flat ends. Also available from McMaster-Carr P/N: 9657K347.
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Figure A1. Adjusted scale graduations for the 30–300-μL pipette. Adjusted scale graduations that can
be printed on paper or a transparency sheet and taped onto a 1-mL syringe. Using these graduations
will correct for expansion of air and allow ISO standards to be met. One-inch and 1-cm marks to check
the scale are included, as well as a reproduction of the existing 1-mL syringe graduation marks.
Figure A2. Adjusted scale graduations for the 100–1000-μL pipette. Adjusted scale graduations that can
be printed on paper or a transparency sheet and taped onto a 3-mL syringe. Using these graduations
will correct for expansion of air and allow ISO standards to be met. One-inch and 1-cm marks to check
the scale are included, as well as a reproduction of the existing 3-mL syringe graduation marks. Print
this image to 100% scale.
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Abstract: Microfluidic devices are used in a myriad of biomedical applications such as cancer
screening, drug testing, and point-of-care diagnostics. Three-dimensional (3D) printing offers a
low-cost, rapid prototyping, efficient fabrication method, as compared to the costly—in terms of time,
labor, and resources—traditional fabrication method of soft lithography of poly(dimethylsiloxane)
(PDMS). Various 3D printing methods are applicable, including fused deposition modeling,
stereolithography, and photopolymer inkjet printing. Additionally, several materials are available
that have low-viscosity in their raw form and, after printing and curing, exhibit high material strength,
optical transparency, and biocompatibility. These features make 3D-printed microfluidic chips ideal
for biomedical applications. However, for developing devices capable of long-term use, fouling—by
nonspecific protein absorption and bacterial adhesion due to the intrinsic hydrophobicity of most
3D-printed materials—presents a barrier to reusability. For this reason, there is a growing interest
in anti-fouling methods and materials. Traditional and emerging approaches to anti-fouling are
presented in regard to their applicability to microfluidic chips, with a particular interest in approaches
compatible with 3D-printed chips.
Keywords: 3D printing; microfluidic chips; anti-fouling; surface coatings
1. Introduction
Microfluidic devices are widely used in numerous fields. Pertaining specifically to biotechnology,
microfluidic devices have been used for cancer screening [1–3], microphysiological system
engineering [4,5], high-throughput drug testing [6,7], and point-of-care diagnostics [8–10]. Within
the broad field of microfluidics, novel technologies have been reported, such as paper-based
microfluidics and three-dimensional (3D) printed devices. Each of these alternative methods addresses
different drawbacks of the conventional soft lithography fabrication of poly(dimethylsiloxane) (PDMS)
microfluidic devices. Using paper as a substrate alleviates the need for external pumps, in addition to
the added benefits of low-cost fabrication and disposability [11–16]. Three-dimensional (3D) printing
is a relatively new technique in microfluidics that offers rapid prototyping of a variety of materials,
enabling fabrication of high resolution molds, as well as direct fabrication of 3D-printed chips [17–24].
The latter is of particular interest, as microfluidic chips can be designed using computer aided design
(CAD) software and printed with high resolution. Compared to the laborious fabrication involved
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with PDMS chips, 3D-printed chips are low-cost, efficient, and highly customizable. Microfluidic
devices, of all forms and methods, are indispensable tools in biomedical engineering. Accordingly,
there is a need for reusable, long-term use of microfluidic chips for applications such as long-term
health monitoring. Efforts towards designing long-term use microfluidic chips can be aided by the
low-cost, high-throughput capabilities offered by 3D-printing.
Fostered by biomedical research, a transformation of the healthcare industry is imminent.
There is an unmet need for transformative technologies that are essential for enabling the shift from
hospital-centered, reactive care to proactive, person-centered care which focuses on individuals’
well-being [25]. Next-generation technologies are the vital factor in developing affordable and
accessible care, while also lowering the costs of healthcare. A promising solution to this challenge
is low-cost continuous health monitoring; this approach allows for effective screening, analysis, and
diagnosis and facilitates proactive medical intervention. In a study reported by Health Affairs, it was
shown that a 90% increase in specific preventative screenings back in 2006 would have saved more than
2 million lives without a significant increase in healthcare costs—in fact, a 0.2% decrease in costs was
estimated [26]. Not only does public health benefit, but savings in healthcare costs could be drastically
increased by further research focused on the development and implementation of preventative care
methods and tools. To support this much-needed approach, there is an impending demand for low-cost,
compact, and innovational technologies to perform routine health measurements across the population.
Microfluidic devices have a proven record for being effective analytical devices, capable of controlling
the flow of fluid samples, containing reaction and detection zones, and displaying results, all within a
compact footprint [27–30]. The next crucial step within microfluidic technologies is to address the need
for microfluidic chips capable of long-term use, with a particular interest in designing microfluidic
chips that can be embedded within sophisticated medical devices without the need for replacement by
the user [31,32].
A primary challenge in producing microfluidic devices for long-term use is the biofouling that often
occurs on the surface of integrated channels and features [33,34]. This phenomenon occurs due to surface
interactions between the walls of the channels and the biological sample flowing through the channels.
As a result, there is an accumulation of unwanted substances on the surface of the microfluidic channels,
thereby adversely affecting the performance of the device. Specifically, protein fouling, or nonspecific
protein absorption, is the cause of failure for many microfluidic devices [31]. Furthermore, once a protein
layer is formed, bacterial attachment and growth of biofilms is facilitated. To address the long-term
use of microfluidic devices, there has been a growing research interest in developing new anti-fouling
methods and materials [31,32,35–39]. If fouling can be reduced to miniscule levels, a device may be
considered reusable for the purpose of point-of-care, long-term health monitoring performed ex vivo.
Possible solutions for reducing or preventing biofouling have been explored, including dynamic coating
and chemical modification. Additionally, with the advent of 3D-printed microfluidic devices, there is a
newfound interest in studying the protein absorption of 3D-printed materials [40–42]. Directly associated
with protein absorption are possible anti-fouling techniques which may be implemented to improve the
surface properties of 3D-printed devices. With continued research, these anti-fouling methods applied
to 3D-printed microfluidic devices will work towards the future of reusable, long-term use, low-cost,
point-of-care biomedical devices. Herein, we assess the reusability of 3D-printed chips for biomedical
applications through a review of 3D-printed microfluidic fabrication techniques, 3D-printable materials,
and traditional and emerging anti-fouling methods and materials.
2. 3D-Printed Microfluidics
2.1. Fabrication Methods for 3D-Printed Microfluidics
There are several 3D printing techniques, including the following: fused deposition modeling
(FDM), stereolithography (SLA), photopolymer inkjet printing, selection laser sintering (SLS),
binder deposition, laminated object manufacturing [19], two-photon polymerization (2PP), and
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micromirror-controlled projection printing [20]. In FDM, depicted in Figure 1a, a thermoplastic filament
is fed through a nozzle [17,19,20,43]. Within the nozzle, rollers force the solid filament through heaters
which melt the filament prior to extrusion. The melted filament is then deposited onto the print-bed
where it solidifies post-extrusion. SLA 3D printers use light to cure layers of photosensitive resin,
as seen in Figure 1b [17,19,20,43]. The resin is cured by photopolymerization caused by a laser or
digital projector that is directed towards the surface of the resin by motorized mirrors. SLA offers
high resolution, as defined by the size of the laser spot and the type of resin. Photopolymer inkjet
printing, modeled in Figure 1c, also prints with a photosensitive polymer, but functions on the concept
behind inkjet printing: the liquid photopolymer is deposited onto the print-bed by an inkjet printing
head [17,19,20,43,44]. By printing layer-by-layer, each layer is deposited and subsequently cured
by UV light. Two powder-based 3D printing methods are SLS and binder jetting. In SLS, a laser
is used to thermally bind precursor polymer powders in a layer-by-layer fashion [19,45]. In binder
jetting, a liquid adhesive, or binder, is deposited by a print head onto a bed of powder [19,43].
For both SLS and binder deposition, a roller is used to form layers of powder. Another 3D printing
method used for microfabrication is 2PP, which uses a near-IR light with high peak power within a
UV-photopolymerizable resin. The photo-initiator within the resin absorbs one UV photon and two
near-IR photons, causing it to radicalize, thereby breaking its current monomer bonds and forming
polymer bonds [19,46,47]. In terms of application in microfluidic device fabrication, FDM, SLA, and
photopolymer inkjet printing are the most commonly implemented [18].
Figure 1. Schematic representation of 3D printing methods commonly applied in the fabrication of
microfluidic devices. (a) Fused deposition modeling (FDM) [48]: a solid filament is fed from an external
spool through the extrusion head, in which the filament is heated and extruded; (b) Stereolithography
(SLA) [49]: a laser is directed at a scanning mirror which focuses the laser on a pool of photo-sensitive
resin; (c) Photopolymer inkjet printing [50]: photopolymer material and support material are fed into
an inkjet printing head which deposits the material in layers while an attached UV lamp cures the
printed material. Illustrations courtesy of [48–50].
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2.2. Materials for 3D-Printed Microfluidics
Beyond the fabrication methods, another important aspect of 3D-printed microfluidic devices is
the material itself. Certain mechanical properties are very relevant to 3D printability, including the
elastic modulus and tensile strength of the post-printed material, and the viscosity of the pre-printed
material (Table 1) [17]. The elastic modulus is representative of the mechanical relationship between
stress and strain. The 3D-printed materials must withstand high internal pressures from the fluid
flow; due to the high fluid-induced stress, the resulting degree of strain is an important factor in
choosing a material [51]. Likewise, tensile strength also helps to characterize the mechanical properties
of the material in terms of the forces it can withstand. Additionally, the viscosity of the material before
printing (for resins) is an important factor in determining the printability and resolution of the print.
The material must be thin enough (low viscosity) to be precisely deposited in minute quantities but
must also be sufficiently thick (high viscosity) such that it does not spread, migrate, or deform during
the printing process. Viscosity also plays a role in the ease of cleaning the microfluidic channels
post-printing—a lower viscosity is preferred for easier and quicker emptying and rinsing of channels
and semi-enclosed geometries.
Additional material properties that are necessary for microfluidics include high optical
transparency, hydrophobicity or hydrophilicity, and biocompatibility (Table 1). Optical transparency
is extremely useful for microfluidic applications since visual observation and imaging are often
necessary. In particular, a transparent microfluidic chip allows for qualitative observations—a visual
check on proper fluid flow and reagent interactions—as well as quantitative, through-chip imaging
using either visible transmitted light or fluorescence detection. PDMS is widely used for microfluidic
device fabrication and has excellent transparency [52]. Several 3D-printable resins have comparable
transparency. However, these resins may suffer from fogginess or discoloration over time due to
excessive UV-light exposure after fabrication. In some cases, such as for Formlabs clear resin, a thin
layer of isopropyl alcohol, oil, or PDMS can be applied to the exterior surfaces of the printed chip to
facilitate transparency. Additionally, some commonly used materials in 3D printing exhibit natural
fluorescence due to the photo-initiators used for curing, contributing to fluorescent background noise,
which could be problematic in fluorescent imaging systems—a challenge which can be mitigated
by proper calibration of the imaging process [43,53,54]. Another important property of materials in
microfluidics is their intrinsic hydrophobicity or hydrophilicity. Hydrophobic surfaces are more prone
to suffering from fouling due to surface interactions, whereas hydrophilic surfaces can facilitate a
protective hydration layer [31,55]. Since practically all 3D-printable resins are hydrophobic, either
copolymerization, material grafting, or a surface treatment is necessary for anti-fouling purposes.
While it should not absorb or react with biological agents in the fluid sample, such as proteins or
bacteria, the material should be biocompatible. In biomedical applications, it is likely that living cells
may come into contact with the 3D-printed material. Fortunately, the majority of 3D-printable resins
are reportedly biocompatible or can be UV-treated to reduce cytotoxicity [20,40,56].
Table 1. Materials for 3D printing.












0.00132–0.00297 3.51–7.65 N/A High transparency(standard) Hydrophobic Biocompatible
MakerBot polylactic
















N/A 52.6 342 Semi-transparent N/A N/A
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Table 1. Cont.












2–3 50–65 N/R Transparent, discolors Hydrophobic Biocompatible
3DSystems VisiJet
Clear Class [40,66–69] 0.866–2.168 20.5–49 150–260 Semi-transparent N/A Biocompatible
Somos WaterShed




N/A N/A N/A Semi-transparent N/A Biocompatible available
DWS Lab Vitra 429 &
DS3000 [74] 1.38 32–35 600–850 Transparent N/A Short-term biocompatible
2.3. Benefits and Applications of 3D-Printed Microfluidics
Given the variety of fabrication methods and materials available for 3D printing, it is also
important to consider the benefits and applications of 3D-printed microfluidics. The conventional
method for fabricating microfluidic devices is soft lithography, which involves casting PDMS based on
a semi-3D mold [20]. A channel pattern, designed using CAD software, is used to fabricate a master
negative-mold. The mold is fabricated, most often by a photoresist process, consisting of spin coating
SU-8 on a wafer and exposing it to an ultraviolet source filtered by a photomask. The master mold is
then filled with PDMS, which is then allowed to cure. After curing, the PDMS is peeled away from
the master, cut into the shape of the desired device, and inlet ports are punched. The cast PDMS is
then oxygen plasma treated to improve adhesion to a glass substrate, resulting in the final microfluidic
device, in which one of the four channel walls is provided by the glass. This conventional fabrication
process is extremely time consuming, involves extensive manual operation, and requires new molds for
different designs [75–77]. Additionally, the channel height of traditional PDMS microfluidic chips cast
using soft lithography, determined by the material properties of the photoresist, is extremely limited.
Although photoresist-based molds can have a very high resolution, fabricating complex designs is
a tedious and exacting process, requiring photomasks to be perfectly aligned, to expose sequential
layers of photoresist [78]. Even with multiple layers of photoresist, three-dimensional PDMS chips are
not feasible, as 3D PDMS designs are produced by layering and thus cannot be arbitrarily complex.
Three-dimensional (3D) printing offers a solution to these challenges, yet it comes with its own unique
set of limitations [19]. The resolution achievable by 3D printing cannot match that of soft lithography.
Similarly, the smooth surface of PDMS cannot be recreated by 3D-printed materials. 3D printing can
be implemented in two ways: (1) to fabricate a mold, and (2) to directly print the device.
While conventional photoresist-based molds yield smoother surface topology and smaller feature
sizes, this method is often economically unfeasible, inaccessible, and involves a lengthy prototyping
process [79]. On the other hand, molds can be fabricated by 3D printing, which enables low-cost
production of more complex designs. Fabrication of PDMS microfluidic chips using 3D-printed master
molds provides many of the advantages of 3D printing fabrication while maintaining the desirable
material properties of PDMS, such as biocompatibility and gas permeability [17]. The mold benefits
from rapid prototyping techniques, reducing the overall cost and time required for fabrication and
enabling a simple method for printing new mold designs. Additionally, 3D-printed molds enable
considerably more complex channel geometries: circular cross-section channels [80], non-planar
channels such as helices and pillars [81], and even complex intermingling internal patterns supported
by sacrificial scaffolds which can be dissolved or melted away post-production [82–84].
Three-dimensional (3D) printing can also be implemented to directly fabricate microfluidic
devices. Rather than designing a negative-mold for the chip, the chip is printed using the 3D-printed
material. This method reduces fabrication costs, increases the speed of production, and is ideal for rapid
prototyping and low-cost microfluidic devices. Since the whole device is directly printed, 3D printing
eliminates the assembly steps required by conventional molding processes and allows for quick
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changes to the design, simply requiring a few hours for the new design to print. Another advantage of
progressing beyond mold-based fabrication is the ability to produce arbitrarily defined structures in a
fully 3D space, with no significant increase in fabrication complexity and time [78,85]. Furthermore, a
wide variety of microfluidic components can be fabricated by 3D printing, including passive, which
rely on external actuation or capillary forces, and active, which apply energy to manipulate fluid flow
components. Examples of passive 3D-printed components include a micromixer, gradient generator,
droplet generator, reaction zones, and check valves [17,86–89]. Active 3D-printed components which
have been demonstrated include active valves, flow switches, and pumps [17,54,70].
Fully-functional 3D-printed microfluidic chips have also been designed for biomedical applications
(Figure 2), such as a chip for inertial focusing and separation of bacteria [90], high-throughput drug
transport and cell viability testing [91], electrochemical detection [92], pathogen detection of bacteria
and viruses [93,94], biological assays and cell observations [95,96], and cancer assays and studies
on cell migration [97]. Figure 2a demonstrates a mixing scheme which has broad applicability to
high-throughput combinatorial testing applications, such as drug screening, biochemical assays,
lab-on-chip devices, and biosensors [98]. Figure 2b shows an bacteria detection device which separates
captured bacteria using inertial focusing [90]. The fabrication of this device’s complex helical geometry
and trapezoidal cross-section channels was only made possible by the capabilities of 3D printing.
Figure 2c depicts a single-valve 3D-printed microfluidic device which allows for the controlled
opening and closing of channels [70]. While soft-lithographic automation generally involves PDMS
layering, alignment, and bonding, the pictured device offers a rapid, prototyped alternative, which
is completely fabricated by stereolithography. Additionally, two-valve and four-valve switches have
also been demonstrated. Such actuated switches can be pivotal in microfluidic sample handling
for various assays. Figure 2d shows a three-dimensional microfluidic device built from identical,
individual elements [99]. As another example of enhanced control of fluid flow, these modular
3D-printed elements allow for a wide variety of fluidic circuits to be constructed. Figure 2e offers
an example of a 3D-printed mini-bioreactor (MBRA) for cultivating fecal microbial communities
to study epidemic Clostridium difficile strains [100]. The MBRAs used in this study benefitted from
the simple, high-throughput fabrication process offered by 3D printing. Figure 2f demonstrates
another 3D-printed microfluidic mixing device; however, instead of solely relying on two-dimensional
serpentines and splitters, the pictured device utilizes three-dimensional channel patterns to improve
the gradient generation [86]. Finally, Figure 2g,h detail a multi-material 3D-printed device for the
microphysiological study of cardiac tissues [101]. The functionality of the device relies on contractions
of cardiac tissue to deflect a cantilever substrate, thereby stretching an embedded strain gauge
which generates a resistance chance proportional to the stress of the tissue (Figure 2g). The device
itself was printed with multiple materials to form the cantilever base, strain gauge wire, wire cover,
tissue-guiding microfilaments, electrical leads, and surrounding wells. The inset images of Figure 2h
show (1) a confocal microscopy image of the immunostained cardiac tissues tested using this device,
(2) an image of an active cantilevered device, and (3) an example of the resistance signal from the
cantilever deflection. These examples demonstrate the wide applicability of 3D-printed microfluidics
to biomedical applications.
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Figure 2. Biomedical applications of 3D-printed microfluidic devices; (a) A combinatorial mixer
which generates four titrations of two dye solutions and produces combinatorial mixes of the dye
titrations to deliver sixteen mixture combinations into separate outlet microchannels (reproduced,
with permission, from [98]); (b) a helical-shaped 3D microfluidic device with trapezoidal-shaped
channels for the detection of pathogenic bacteria by inertial focusing (reproduced, with permission,
from [90]); (c) automated 3D-printed microfluidic single-valve device. Below are micrographs of the
valve unit in its open and closed states (reproduced, with permission, from [70]); (d) single-outlet
sub-circuit elements are connected to form a four-outlet mixer. Each sub-circuit element is identical,
constituted by a single inlet splitter (reproduced, with permission, from [99]); (e) example of a simple,
high-throughput mini-bioreactor array (MBRA) used for the cultivation of microbial communities
(reproduced, with permission, from [19,100]); (f) Three-dimensional gradient generator for the mixing
of two dyes, consisting of three levels of combining, mixing, and splitting (reprinted, with permission,
from [86], Copyright 2014 American Chemical Society); (g,h) instrumented cardiac microphysiological
device fabricated by multi-material 3D printing; (g) illustration of the working principles of the
microphysiological device; (h) images of the fully-printed device (reproduced, with permission,
from [101]).
3. Anti-Fouling Methods and Materials
3.1. Traditional Anti-Fouling Methods and Materials
Attributed to the hydrophobicity of PDMS, microfluidic devices fabricated using this traditional
material exhibit low wettability and are prone to biofouling from nonspecific protein and analyte
absorption and cell and bacterial adhesion [102]. To counteract the fouling, coatings aim to minimize
intermolecular forces and interactions between the surface and samples. Pertaining to protein fouling,
absorption into the substrate can be due to hydrogen bonding, electrostatic forces, charge-transfers,
or hydrophobic interactions [55].
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Considerable work has been done to create a hydrophilic PDMS surface with anti-fouling
properties [31,36]. Physical methods to accomplish this adaptation rely on changing the state of
the PDMS surface via physical processes. For instance, a coating material may be absorbed by the
PDMS by hydrophobic or electrostatic interaction. Alternatively, the surface can be treatment-activated
by plasma, ozone, or ultraviolet exposure. There are also chemical modification methods that have
been studied, such as covalent bonding between a coating material and the PDMS. Both physical and
chemical methods have their respective drawbacks—physical modification results in only temporary
anti-fouling, with the effectiveness decreasing over time, while chemical modification requires complex
processes with several reagents and procedural steps. Consequently, these methods may not be ideal
for commercialization, particularly for fabricating long-term use or low-cost devices, since they
are often ephemeral and laborious. Polymer chain length is an important factor when considering
anti-fouling mechanisms [31]. Protein resistance can be achieved by a hydration layer of short chain
length polymers, which forms due to the hydrophilicity of the short chains. In addition to forming a
hydrophilic hydration layer, long chain length materials have the added benefit of steric repulsion
from the flexible polymer chains. When tuning the protein resistance of a material, longer chain
lengths are therefore preferred since they exhibit both a hydration layer and steric repulsion. Beyond
hydrophilicity, anti-fouling mechanisms should be electrically neutral and should only have hydrogen
bond acceptors—no hydrogen bond donors [103].
A widely used anti-fouling surface treatment is a poly(ethylene oxide) (PEO) or poly(ethylene
glycol) (PEG) coating. PEO and PEG are hydrophilic and nontoxic [104,105]. They can be added
as a coating on PDMS by physical or chemical absorption, direct covalent attachment, or graft
copolymerization. The addition of PEG chains to the surface of the microfluidic channels offers
anti-fouling capabilities due to a hydration layer and steric repulsion, the strength of which is dependent
on factors such as surface density and the length of the PEG chains [106–110]. Another class of materials
that has been demonstrated for anti-fouling purpose is zwitterions. Polyzwitterion-based coatings
have an equal amount of positively and negatively charged groups and thus exhibit electrical neutrality,
which is a desirable characteristic [31]. Zwitterionic materials are able to form thick hydration
layers by bonding with water molecules, forming a shield across the surface to prevent protein
absorption [111–116]. Other types of anti-fouling coatings to prevent the absorption of nonspecific
proteins include saccharide-based coatings [117–120], polyhydroxy-polymer-based coatings [121,122],
amide-containing-hydrophilic-polymer-based coatings [36,123,124], and fluorinated-polymer-based
coatings [125–128].
3.2. Emerging Anti-Fouling Methods and Materials
The numerous methods proposed for anti-fouling of PDMS suggest that reusable microfluidic
devices are plausible. However, other materials and methods are needed for anti-fouling coatings of
3D-printed microfluidic devices. Novel advancements from the Wyss Institute at Harvard University
have yielded SLIPS (Slippery Liquid-Infused Porous Surfaces). SLIPS is an ultra-repellent, self-healing,
transparent surface coating for industrial and medical materials [129]. While most repellent surface
materials can repel aqueous substances, they often fail to repel other liquids, fail or degrade under
physical stress, cannot self-heal after repeated use, and may be very costly to implement [129–131].
The SLIPS technology relies on nano- and micro-structured porous material infused with lubricating
fluid [129]. The commonality between the traditional methods and materials described above and SLIPS
is the implementation of a lubrication or hydration layer. High optical transparency and compatibility
with a myriad of substrates are what differentiate SLIPS from other coatings. These features also make
SLIPS an ideal anti-fouling material for 3D-printed microfluidic chips for biomedical applications,
in addition to a variety of previously reported applications [130–133].
As a transparent, anti-fouling material, SLIPS was demonstrated for implementation on an
endoscope lens to prevent vision loss after repeated submersions in blood and mucus [37]. The coating
exhibited conformability, mechanical adhesion, high transparency, biocompatibility, and high resistance
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to fogging and fouling by bodily fluids (Figure 3a,b) [134,135]. These material characteristics were
attributed to the liquid-infused structure of the coating, which consisted of a porous silica particle
network infiltrated with various oils, such as silicone oil which is already used in a variety of
medical applications due to its biocompatibility and proven clinical performance [37,130,136–138].
By applying the coating to the lens, cleaning procedures in between uses of the endoscope were
unnecessary or, in the worst cases, reduced to ten-to-fifteen times shorter than for an untreated lens.
Additionally, the surface coating maintained a clear view through the lens, which is also extremely
important for 3D-printed microfluidic chips for diagnostic applications, as diagnostics often rely on
through-chip imaging.
As opposed to the stationary lens of an endoscope, in an environment with interfaces under flow,
such as the channels of a microfluidic chip, it is also important to consider the stability and longevity of
immobilized hydration layers as surface coatings. The surface hydration layer provides a low-adhesion
interface that deters the attachment of fouling materials. However, as fouling material-laden fluid
flows over the hydration layer, there is an increase in the instability of the interface [139]. Experimental
results and mathematical modeling by Howell et al. provided several important findings: (1) initial
conditioning to flush out excess lubricant from the surface reduces further losses; (2) surface structure
and lubricant viscosity do not cause significant differences in performance; and (3) the formation of an
air–water interface within the channel causes disruptions in the lubricant layer.
SLIPS technology has also been applied as a coating for medical materials that can effectively
suppress thrombosis, even under high-pressure and high-shear flow [35]. An anti-thrombogenic
surface coating was formed by covalently binding a flexible tethered perfluorocarbon (TP) layer on
the material surface, which was then coated by a layer of a liquid perfluorocarbon (LP). The resulting
bilayer is referred to as a tethered-liquid perfluorocarbon (TLP) surface. The TLP is capable of repelling
blood and preventing the adhesion of blood components and bacteria, thereby reducing thrombosis
without the need for anti-coagulants (Figure 3c). Even when subjected to a flowing fluid, the TP
maintains the LP hydration layer. The TLP is also simple to fabricate—virtually any substrate can be
modified by low-plasma surface modification, a procedure which is commonly used for the commercial
modification of materials and is independent of surface geometry and properties [140]. The TLP coating
is ideal for treating the surfaces of 3D-printed microfluidic channels as it is compatible with a large
variety of materials and exhibits anti-thrombogenic, anti-bacterial, and anti-fouling properties.
Another lubricant-infused coating that has been applied to polymeric biomedical devices is
a new, advanced type of the traditional fluorinated-polymer-based coatings. Badv et al. recently
demonstrated an omniphobic, lubricant-infused coating which was applied to catheters to prevent
thrombosis [141]. The proposed omniphobic coating functioned on a similar liquid lubricant concept
as SLIPS—a biocompatible liquid lubricant is held to the surface of the catheter to form an anti-fouling
coating. However, instead of forming a hydrophilic hydration layer as SLIPS aims to accomplish,
the coating developed by Badv et al. was based on a self-assembled monolayer (SAM) of hydrophobic
organosilanes which attenuates clotting. Recently, omniphobic, lubricant-infused coatings have
been developed as a new class of coatings created by tethering biocompatible, perfluorocarbon
lubricants onto SAMs of hydrophobic organosilanes [35,130]. In greater detail, fluorous molecules
can be physically adsorbed onto fluorous-containing surfaces, facilitated by the strong intermolecular
interaction between the fluorinated lubricant and the fluorosilane layer. Such omniphobic coatings are
excellent for resisting blood clot formation and are more effective than traditional anti-fouling methods,
such as PEG grafting, for blocking non-specific adhesion of cells and bacteria [142,143]. In addition
to the great effectiveness of omniphobic coatings, they are stable and durable when exposed to shear
stress [35,139].
A feature that sets the work of Badv et al. apart from other traditional omniphobic, fluorinated
-polymer-based coatings is the method of application. The most common technique for applying SAMs
of fluorine-based silanes is liquid phase deposition (LPD). LPD has a few notable drawbacks and
limitations. LPD is not commercially feasible due to the high volume of solvent waste that it produces
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which is harmful to the environment [144]. Another limitation is that the self-polymerization of silanes
in the liquid may prevent homogenous silane layer formation [145]. Additionally, LPD-treated surfaces
are likely to be exposed to impurities and reaction side products which may have detrimental effects
on the surface itself [144]. Conversely, the proposed surface coating was applied via chemical vapor
deposition (CVD), which has the following benefits: a simplified application process, a lesser effect
on the topography of the receiving substrate, and greater effectiveness. CVD was performed by
oxygen plasma treatment of the catheters, followed by silanization, and completed by the addition of a
biocompatible liquid lubricant.
Figure 3. Emerging anti-fouling methods and materials: SLIPS (Slippery Liquid-Infused Porous
Surfaces). (a,b) Evolution of the reduction in the visible area of an endoscope surface coated by SLIPS
as a function of the number of dips. Silicone oil of low viscosity (10 cSt) was used as the lubricating
liquid. Red corresponds to an uncoated endoscope, which fails immediately after a single dip. Green,
blue, and black correspond to three replicates of SLIPS coated endoscopes; (a) endoscope dipped in
whole porcine blood. Inset images show the visibility of the field of view at 70, 08, and 100 dips for
the poorest performing sample; (b) endoscope dipped in mucus. Insets show the visibility of a coated
endoscope after repeated dips compared to an untreated endoscope (reproduced, with permission,
from [37]). (c) Comparison of the repellency of a tethered-liquid perfluorocarbon (TLP) treated surface
to an untreated surface (reproduced, with permission, from [35]).
3.3. Anti-Fouling Methods Applied to 3D-Printed Materials
Biofouling from nonspecific protein and analyte absorption and cell and bacterial adhesion is not a
detriment of only PDMS; biofouling can occur on the surfaces of all microfluidic chips, of all materials.
While extensive work has been conducted to address the anti-fouling of PDMS, disproportionately
less work has been reported for 3D printing. Nonetheless, recent studies and reviews have considered
the biofouling of 3D-printed materials, demonstrating its significance and importance in the field.
The objective of a study done by Siddiqui et al. was to propose a strategy for developing, characterizing,
and testing 3D-printed feed spacers, both numerically by membrane fouling simulator (MFS) studies
and experimentally [42]. Although the biofouling of the 3D-printed device was not directly assessed,
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the results showed that a 3D-printed feed spacer was similar. Feed spacers are commonly used devices
in spiral-wound reverse osmosis and nanofiltration membrane systems to enhance water mixing and
to reduce biofouling. As reported by Baker et al., the surface of feed spacers is prone to the initial
deposition of fouling which can accumulate and spread [146]. Van Paassen et al. then showed that
biofouling accumulated on feed spacers causes an exponential increase in the pressure drop across
the membrane module containing the feed spacer [147]. To remedy the biofouling of feed spacers,
various solutions have been proposed [148,149]. More recently, researchers have focused on the surface
chemistry of the feed spacers. Multiple studies have considered anti-fouling coatings; however, these
are more likely to wear out over time [150–154]. The solution proposed by Siddiqui et al. considered
the native anti-fouling properties of 3D-printed materials. Their findings demonstrated the benefits of
3D-printing—feed spacers can be designed and printed with complex geometries to reduce the effects
of biofouling. This studied demonstrates an example of the importance and application of studying
the fouling of 3D-printed materials.
In reporting on the 3D printing of biopolymers for tissue engineering applications, Li et al.
discussed the biocompatibility of common 3D-printed materials, such as polycaprolactone (PCL),
poly-lactic acid (PLA), and acrylonitrile butadiene styrene (ABS) [41]. While PCL and PLA are natively
biocompatible, ABS is not as ideally suited for biomedical applications. For this reason, there is
considerable interest in possible methods for modifying the surface of printed ABS to render it
hydrophilic and biocompatible. A traditional anti-fouling method which is compatible with a wide
variety of materials, including ABS and other 3D-printed materials, is surface modification by the
grafting of PEG [41,110]. As an alternative, McCullough and Yadavlli utilized an acetone solution to
transform a porous ABS device fabricated by fused deposition modeling into a water-tight microfluidic
device [155]. The acetone-treated microfluidic device retained the structural fidelity of microstructures
as small as 250 μm, while benefiting from improved water impermeability, hydrophilicity, and
biocompatibility. In addition to the acetone soaking, a traditional process of photo-induced PEG
grafting was performed to further facilitate the formation of a stable, biocompatible surface by reducing
biofouling behavior [155].
Anti-fouling methods have also been applied to 3D-printed molds for microfluidic device
fabrication. Villegas et al. utilized omniphobic, lubricant-infused coatings, similar to the previously
coating implemented by Badv et al., to fabricate 3D-printed molds for fabricating smooth PDMS
microfluidic channels [79,141]. While the use of 3D-printed molds for casting PDMS microfluidic
devices has been previously reported and described above, methods to improve the surface topology
of the mold have not been previously studied [81,82]. The surface topology of a 3D-printed mold is
likely to exhibit high variability and roughness, thereby increasing the difficulty of creating smooth,
defined microfluidic channels from the mold [80]. In the recent study by Villegas et al., they addressed
this challenge by investigating the use of lubricant-infused surfaces as a method for decreasing
surface roughness—in addition to the more common use of lubricant-infusion for creating omniphobic
slippery surfaces, which can be used in a multitude of applications including anti-biofouling.
In this particular study, the mold was 3D-printed using a multi-jet modeling printer equipped with
high-resolution nozzles [156]. The mold was then sonicated in ethanol and oxygen plasma treated
before a self-assembled monolayer of fluorosilane was applied by chemical vapor deposition. Finally,
a fluorocarbon lubricant was applied to form the smooth, lubricant-infused interface. This study,
therefore, demonstrated the compatibility of 3D-printed material with omniphobic lubricant-infused
coatings applied via chemical vapor deposition.
4. Conclusions
Microfluidic devices are invaluable tools in biomedical engineering. Microfluidics have a
proven record of being effective analytical and diagnostic devices. Presently, there is an ongoing
evolution in the field of microfluidics as researchers explore 3D printing as a viable fabrication method.
3D printing is revolutionizing the fabrication workflow of microfluidics. As opposed to the time-
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and resource-intensive process of soft lithography for PDMS chip fabrication, 3D printing offers a
low-cost, customizable platform for the direct fabrication of microfluidic chips. There are several 3D
printing methods, of which fused deposition modeling, stereolithography, and photopolymer inkjet
printing are applicable to 3D-printed microfluidic chips. Additionally, many materials are offered that
may be compatible, boasting features such as high mechanical strength post-printing, low viscosity
pre-printing, optical transparency, and biocompatibility.
The diagnostic capabilities of microfluidic chips and the benefits of 3D printing can be leveraged
to address the unmet need for the long-term use of microfluidic chips for biomedical applications, such
as for long-term health monitoring. Long-term, routine health monitoring has the capacity to improve
public health while also reducing healthcare costs. A noteworthy obstacle in developing long-term
diagnostic microfluidic chips is the fouling that is common on the surfaces of integrated microchannels
and features. Similar to traditional PDMS, 3D-printed resins are most often hydrophobic, which means
they are prone to surface interactions between the walls of the channels and the biological sample
flowing through the channels. The resulting accumulation of unwanted substances on the surface of
the microfluidic channels adversely affects the performance of the device. To combat fouling, there has
been a growing research interest in developing new anti-fouling methods and materials. Traditional
anti-fouling relies on chemical and/or physical surface modification. As an emerging solution, SLIPS
(Slippery Liquid-Infused Porous Surfaces) offers a transparent, durable and robust surface treatment
that can be applied to practically any surface, including the channels of a 3D-printed microfluidic chip.
Continued research and characterization will result in reusable 3D-printed microfluidic chips that are
low-cost, robust, transparent, and biocompatible.
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Abstract: Measuring viscosity is important for the quality assurance of liquid products, as well as
for monitoring the viscosity of clinical fluids as a potential hemodynamic biomarker. However,
conventional viscometers and their microfluidic counterparts typically rely on bulky and expensive
equipment, and lack the ability for rapid and field-deployable viscosity analysis. To address these
challenges, we describe 3D-printed capillary circuits (3D-CCs) for equipment- and calibration-free
viscosity measurement of Newtonian and non-Newtonian fluids. A syringe, modified with an
air chamber serving as a pressure buffer, generates and maintains a set pressure to drive the
pressure-driven flows of test fluids through the 3D-CCs. The graduated fluidic chambers of the
3D-CCs serve as a flow meter, enabling simple measurement of the flow rates of the test fluids
flowing through the 3D-CCs, which is readable with the naked eye. The viscosities of the test fluids
can be simply calculated from the measured flow rates under a set pressure condition without
the need for peripheral equipment and calibration. We demonstrate the multiplexing capability of
the 3D-CC platform by simultaneously measuring different Newtonian-fluid samples. Further, we
demonstrate that the shear-rate dependence of the viscosity of a non-Newtonian fluid can be analyzed
simultaneously under various shear-rate conditions with the 3D-CC platform.
Keywords: viscometer; 3D printing; capillary circuit; microfluidics; Newtonian fluid; non-Newtonian fluid
1. Introduction
Measuring viscosity is important for assessing the quality of liquid products [1–5], optimizing
the performance of microfluidic devices [6,7], and monitoring the viscosity of clinical fluids as a
hemodynamic biomarker [8]. Testing the viscosity of liquid products is an indispensable process
to maximize production efficiency and to screen formulation candidates across diverse industrial
fields [1–5]. Whole blood viscosity has a significant correlation with Alzheimer’s disease and can
be used as a potential biomarker for the monitoring and control of the disease [8]. Hyperviscosity
syndrome is a combination of clinical symptoms (e.g., mucosal hemorrhage, visual abnormalities,
or neurological disorders) caused by increased blood viscosity. It can be diagnosed by measuring
whole blood viscosity or plasma viscosity, and treated by plasmapheresis and blood transfusion [9].
Two types of viscometers are commonly used for such applications and categorized into cone-plate
viscometers [10] and capillary viscometers [11]. Cone-plate viscometers utilize a rotating cone that
applies a shearing force and measures the resistance of a test fluid between the cone and a stationary
plate [10]. Although cone-plate viscometers allow viscosity measurement over a wide range of
viscosities and shear rates, their use at the sampling point for rapid and on-site viscosity measurement is
typically limited by low measurement throughput and the requirement of bulky and costly equipment.
Capillary viscometers are based on the Hagen-Poiseuille law and determine the viscosity of a test
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fluid from a measured flow rate under a given pressure condition or a measured pressure under a
given flow-rate condition [11]. While relatively small and simple to operate, capillary viscometers
require expensive, high-precision sensors and actuators for accurate viscosity measurement, thereby,
increasing the cost of analysis.
Recently, miniaturized viscometers have been developed by adopting the advantages of
microfluidic technologies, including low sample consumption, cost-effectiveness, small device
footprint, and ease-of-use [12], and can be categorized as being based on a single microchannel [13,14],
a falling ball [15], droplet microfluidics [16,17], a microfluidic comparator [18–20], or an optical
tweezer [21]. The microchannel approach utilizes the relationship between the flow rate and viscosity
of a test fluid flowing through a microchannel under a given capillary pressure [13,14]. Falling-ball
viscometers measure the settling velocity of a ball falling in a test fluid that is correlated to the
viscosity of the fluid of interest [15]. In droplet-based viscometers, micro-droplets are generated
through a flow-focusing device and the length of the droplets, which is a function of rheological
parameters, determines the viscosity of an aqueous or non-aqueous fluid [16,17]. The comparator
approach uses a parallel microchannel in which the co-flowing laminar streams of two fluids,
namely, a reference fluid with a known viscosity and a test fluid with an unknown viscosity,
can form different interfacial positions or equilibrium states depending on their viscosities [18–20].
Thereby, the stream-width ratio or the flow-rate ratio of the two fluids determines the relative
viscosity of the test fluid. An optical tweezer has been used to measure viscosity by monitoring
the trajectory of an optically-trapped bead [21]. Although this method enables accurate viscosity
measurement with low sample consumption in a few microliters per measurement, it typically requires
complex and costly optical setup and lacks the ability to perform multiplexed viscosity measurement.
The above approaches have been proven effective to analyze various kinds of fluids, such as whole
blood [15,18,19], blood plasma [13], and polymer products [14], but there are limitations that impede
the wide-spread use of these approaches in industrial and clinical applications. The microchannel
approach requires cumbersome microscopic flow observation for viscosity measurement. The falling
ball approach lacks sufficient controllability to generate a range of shear rates for the analysis
of a non-Newtonian fluid. The comparator and droplet-based viscometers rely on bulky and
high-precision pumps for the stable and accurate generation of co-flowing laminar streams and
micro-droplets, respectively, which increases the size and cost of the overall system. To address these
challenges, our group has recently developed 3D-printed capillary circuits (3D-CCs) that consist of
parallel capillary channels for simple viscosity measurement [22,23]. The 3D-CCs, though enabling
equipment-free and multiplexed viscosity measurement, is highly dependent on the accuracy of a
reference-fluid viscosity, requiring its additional calibration for accurate viscosity measurement.
Here, we report new 3D-CCs that enable equipment- and calibration-free viscosity measurement
of Newtonian and non-Newtonian fluids (Figure 1). The 3D-CC platform enables simple flow-rate
measurement using the graduated fluidic chambers of the 3D-CCs and portable generation of a set
pressure using a modified syringe, called a ‘smart pipette’, that is powered by hand. Based on the
Hagen-Poiseuille law, the viscosities of test fluids flowing through the capillaries of the 3D-CCs can
be calculated from the measured flow rates under a set pressure condition. The number of test fluid
samples to be simultaneously analyzed can be augmented simply by adding more fluidic channels.
We demonstrated the multiplexed capability of the 3D-CC platform by simultaneously measuring
four Newtonian fluid samples within two minutes and comparing the measurement results with a
conventional cone-plate viscometer. We also demonstrated that the 3D-CC platform enables simple
analysis of a non-Newtonian fluid under multiple shear-rate conditions, proving the potential of the
3D-CC platform for rapid and on-site viscosity analysis of Newtonian and non-Newtonian fluids.
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Figure 1. Working principle of the 3D-printed capillary circuit (3D-CC) platform for equipment- and
calibration-free viscosity measurement. (a) (Top) Fabrication process of the 3D-CC having four identical
fluidic channels for the multiplexed analysis of Newtonian fluids. (Bottom) Optical image of the
fabricated 3D-CC filled with red ink for visualization; (b) schematic of the operation process: (top) Scale
reading after withdrawing test liquids and (bottom) expelling the liquids by fully depressing the
plunger. The volumetric flow rate (Q) of each test fluid can be measured by the number of scale ticks
(ns) counted for a given time. Knowing the Q, capillary dimensions, and drop in pressure through each
capillary, the viscosities of the test liquids can be simultaneously determined without cumbersome
calibration and expensive equipment; (c) experimental setup for multiplexed viscosity measurement
using the 3D-CC platform composed of the 3D-CC and smart pipette.
2. Materials and Methods
2.1. Device Fabrication
The 3D-CCs were fabricated by assembling a 3D-printed housing and cut tubing pieces to be used
as the capillaries and fluidic chambers of the 3D-CCs (Figure 1). The 3D-printed parts were fabricated
using a stereolithography-based 3D printer (DWS Systems, Thiene, Italy). The details of fabrication
using stereolithography can be found in previous literature [24,25]. Tygon® tubings, with an inner
diameter of 0.508 and 3.17 mm (Cole-Parmer, Vernon Hills, IL, USA), were cut into pieces to serve
as the capillaries and fluidic chambers of the 3D-CCs, respectively. The air chamber, with an inner
volume of 1.27 L, was fabricated using a 3D printer. Luer-Lock fittings were attached to the ends of the
chamber for reversible and airtight interconnection between a 3D-CC and a syringe (Figure 1c). A film
mask with scale ticks was fabricated, cut into pieces, and attached to the assembled 3D-CC for volume
indication (Figure 1).
A microfluidic viscometer for comparison with the 3D-CC for analysis of a non-Newtonian fluid
was fabricated by photolithography and polydimethylsiloxane (PDMS) replica molding processes as
previously reported (Figure S1) [22]. The comparator is composed of an inlet device and an outlet
device. The inlet device has two inlets, a junction channel, and two outlets, and the outlet device has
two inlets and one outlet. The devices were connected through cut tubing pieces, having an inner
diameter of 0.508 mm and a length of 20 cm. The microfluidic comparator is based on the comparison
of two different fluid streams (i.e., a test fluid and a reference fluid) in the junction channel. The ratio
of their viscosities can be determined by the ratio of their flow rates at the equilibrium state, where the
interfacial position of the fluids is stationary in the junction channel. This approach requires additional
calibration for the reference-fluid viscosity to calculate the absolute viscosity of the test fluid.
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2.2. Sample Preparation and Analysis
A glycerol solution was purchased from Sigma-Aldrich (St. Louis, MO, USA) and diluted in
distilled water at various concentrations (50 to 64.5 wt %) for the preparation of Newtonian fluids of
different viscosities. The viscosities of the glycerol-water mixtures were determined using a cone-plate
viscometer (Brookfield AMETEK Inc., Middleborough, MA, USA). A xanthan gum solution was
obtained from Sigma-Aldrich and diluted in distilled water at a concentration of 0.1 wt % for analysis
of a non-Newtonian fluid. All experiments with the 3D-CCs were recorded using a smartphone and
changes in liquid level were measured during 15 s. The volumetric flow rate in each channel of the
3D-CCs was calculated by multiplying the cross-sectional area of the fluidic chamber by the number
of measurement ticks counted per unit time. The microfluidic comparator was operated using two
syringe pumps (KD Scientific, Holliston, MA, USA), and the flow rates of the test and reference fluids
were manually adjusted to determine the equilibrium state.
2.3. Computational Fluid Dynamics Simulation
The pressure drop profile along the channel of the 3D-CC for multiplexed analysis of Newtonian
fluids was analyzed using COMSOL Multiphysics (COMSOL, Burlington, MA, USA) to verify the
design criterion for the pressure-drop ratio between the capillary and fluidic chamber. The wall shear
rate and pressure drop along the length of each capillary of the 3D-CC for analysis of a non-Newtonian
fluid were also analyzed using COMSOL Multiphysics to determine capillary lengths to achieve
desired shear-rate conditions. Three-dimensional finite element models were created in the same
dimensions as the 3D-CCs and solved using the incompressible Naiver-Stokes equation. The inlet
boundary condition was set to a constant pressure, while the outlet boundary condition was set to
atmospheric pressure. All other boundary conditions were set with no-slip boundary conditions.
3. Results and Discussion
3.1. Measurement Principle
The 3D-CC platform is composed of a 3D-CC and a smart pipette to measure the volumetric flow
rates (Q) of test fluids discharging through the channels of the 3D-CC and to pump the fluids at a
fixed pressure drop, respectively (Figure 1). The channels of the 3D-CC are arranged in a successive
structure of a capillary and a fluidic chamber. The scales marked on the fluidic chamber enable accurate
measurement of the liquid volume discharging through each channel over a given time (Δt), thereby,
determining Q. The smart pipette has an air chamber serving as a pressure buffer, thereby, generating
a fixed pressure condition [26–29]. The Hagen-Poiseuille law is the basis of the 3D-CC platform to





where ΔP is the pressure drop through each capillary of the 3D-CC, r is the capillary radius, μ is
the fluid viscosity, and L is the capillary length. Test fluids of an unknown viscosity are filled and
dispensed through the channels of the 3D-CC under a fixed pressure-drop condition (Figure 1b). The Q
of each test fluid can be measured by the number of scale ticks (ns) for Δt. Knowing the Q, capillary
dimensions and drop in pressure through each capillary, the viscosities of test fluids can be simply
calculated using Equation (1).
There are two design parameters that affect viscosity measurement accuracy. The first parameter
is the volume setting of the smart pipette. Depressing the syringe plunger in a set volume (V1)
compresses the air inside the air chamber and generates a desired pressure (P). Since the product of
pressure and volume is a constant at a constant temperature based on Boyle’s law, P can be defined
as P = (V1/V2)Patm, where V2 is the volume of compressed air. However, a continual expansion in
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V2 occurs due to the discharging volume of liquid, V3, thereby, affecting P. Thus, V1 and V2 should
be sufficiently larger than V3 to maintain P. The smart pipette was, thus, designed with a large air
chamber volume of 1.27 L, at which V3 becomes negligible. At (V1)min = 20 mL, V2 = 1.27 L and
(V3)max = 0.5 mL, the smart pipette can, theoretically, maintain P within 99.96%. A pressure sensor can
be further integrated into the smart pipette for accurate pressure measurement.
The resistance ratio between the capillary and fluidic chamber of the 3D-CC is another design
parameter for accurate viscosity measurement. Under a fixed P, the applied pressure drops along the
capillary and fluidic chamber. In the serial connection, the upstream fluidic chamber resistance (Rf) can
affect the downstream ΔP, i.e., the pressure drop through the capillary. During liquid dispensation,
Rf decreases due to a decrease in the length of the liquid filling in each fluidic chamber. The decreasing
Rf can result in changes in ΔP, leading to an inaccurate viscosity measurement. To maintain the
pressure drop through the capillary at P regardless of Rf, it is necessary to have a capillary, Rc > 410Rf,
as previously reported [22], where Rc is the capillary resistance. Under this condition, it can be assumed
that P drops only in the capillaries of the 3D-CC. Q can be measured by multiplying the cross-sectional
area of the 3D-CC chamber and the length difference of the liquid meniscuses moved during liquid













where rfl is the radius of the fluidic chamber and d is the distance between adjacent scale ticks.
Therefore, simply pushing the plunger of the smart pipette by V1 and counting ns during Δt enables
accurate viscosity measurement by calculating Equation (2), with a set P, known geometric dimensions,
and measured ns. The concept of connecting multiple capillaries and generating fluid flows through
the capillaries using the portable pressure generator enables multiplexed viscosity analysis of different
fluid samples, equipment-free viscosity measurement and viscosity analysis of a non-Newtonian fluid
over a range of shear rates, and provides ease of use similar to a conventional pipette, as well as a new
perspective for 3D-printed fluidic sensors.
3.2. Multiplexed Analysis of Newtonian Fluids
We first tested the ability of the 3D-CC platform for multiplexed analysis of Newtonian fluids.
The 3D-CC for multiplexed analysis of Newtonian fluids was fabricated by incorporating 12 cm-long
Tygon® tubing pieces (inner diameter: 0.508 mm) as a capillary, 3.9 cm-long Tygon® tubing pieces (inner
diameter: 3.17 mm) as a fluidic chamber, and a scale-patterned film into a 3D-printed part (Figure 1).
Under this condition, the ratio of Rc and Rf was greater than 4000 and the pressure drop along the
fluidic chamber was negligible, satisfying the above design criteria (Figure 2). Glycerol-in-water
mixtures in different weight ratios were used as a model system for Newtonian fluids of different
viscosities. Their viscosities of the glycerol solutions were measured using a commercial cone-plate
viscometer and compared with the results obtained from the 3D-CC. Viscosity measurements were
performed by a simple two-step process: Withdrawing and dispensing test fluids through the channels
of the 3D-CC. At P = 2.4 kPa and Δt = 15 s, ns highly depended on the viscosity of a fluid discharging
through each channel of the 3D-CC (Figure 3a). As shown in Figure 3b, the viscosity data obtained
using the 3D-CC in the range of V1 (30 to 50 mL), which corresponds to the range of P (2.4 to 4.0 kPa),
had good agreement with those measured using the cone-plate viscometer. We note that the coefficient
of variation (CV) for V1 = 20 mL and μc = 14.4 cP was 9.1%, which was significantly higher than
the averaged CV of 3.5% for other V1 and μc conditions (range; 0–6.7%) (Figure 3b), where μc is
the viscosity measured using the cone-plate viscometer. This is likely due to the low count of ns at
V1 = 20 mL and μc = 14.4 cP, which was 6.7 ± 0.6. If ns is too low, then the measured μ may not be
representative of the actual μ due to an increased effect of stochastic variables. It was, thus, necessary
to use ns ≥ 9 to ensure reliable viscosity measurement. In addition, the viscosity value (15.6 ± 1.4 cP)
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measured using the 3D-CC at V1 = 20 mL and μc = 14.4 cP was higher than μc (14.4 ± 0.1 cP) (Figure 3b).
This might be due to the low shear rate condition (108.7 s−1) for viscosity measurement under which
fluid-wall interactions and gravitational effects can become dominant. Such additional effects make
the test fluid appear to have a high viscosity. As shown in Figure 4, V1 or the corresponding shear rate
condition is an important operational parameter for accurate viscosity measurement at fixed capillary
geometry and V2. The shear rate condition for 3D-CC operation should be higher than 108.7 s−1 for
accurate viscosity measurement.
Figure 2. Computational fluid dynamics simulation showing the pressure profile along the fluidic
channel of the 3D-CC for multiplexed analysis at μ = 11.0 cP and P = 2.4 kPa. Compared to the capillary,
the drop in pressure along the fluidic chamber is negligible.
Figure 3. Multiplexed analysis of Newtonian fluids using the 3D-CC, having four identical fluidic
channels. (a) Glycerol-water mixtures with different viscosities were analyzed using the 3D-CC
platform at V1 = 30 mL. Their viscosities were 6.1, 8.8, 11.0, and 14.4 cP (from top to bottom) as
determined by the cone-plate viscometer. The blue arrows indicate meniscuses; (b) effect of V1 on
viscosity measurement. Solid lines denote linear regressions, while dotted lines represent a unity slope.
Error bars: s.d. (n = 3).
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Figure 4. Relative errors of the 3D CC-based viscosity measurement results in Figure 3b as a function of
V1 and the absolute viscosities measured using the cone-plate viscometer. Optimal operation conditions
for accurate viscosity measurement can be determined from the color map for further experiments.
3.3. Analysis of a Non-Newtonian Fluid versus Shear Rate
We next tested the capability of the 3D-CC platform to analyze a non-Newtonian fluid, xanthan
gum, at different shear-rate conditions. The 3D-CC for analysis of a non-Newtonian fluid was fabricated
using Tygon® tubing pieces (inner diameter: 0.508 mm) in different lengths for the generation
of different shear-rate conditions (Figure 5a). To generate a range of shear rates (150 to 900 s−1),
the viscosities of a 0.1 wt % xanthan gum solution were first measured at γ = 178, 353, 653, and 930 s−1
using a conventional microfluidic comparator (Figure S1); where γ is the wall shear rate. With the
measured viscosities, we numerically calculated ΔP per unit capillary length (1 cm) required for
the operation of the 3D-CC (Figure 6a). The capillary lengths of the 3D-CC were then determined
using Equation (1) at ΔP = 2.8 kPa and r = 0.254 mm, which were 8.4, 10.4, 14.6, and 20.6 cm for
γ = 930, 653, 353, and 178 s−1, respectively (Figure 6b). For convenience of fabrication, L was set to
8.5, 10.9, 15.5, and 20.0 cm, and rfl of the 3D-CC was set to 1.59 mm. The dimensional conditions
satisfy the design criteria described above, while the resistance ratio between the capillary and fluidic
chamber was greater than 4000. Depressing the plunger of the smart pipette, set at V1 = 35 mL,
simultaneously generated four-different shear-rate conditions according to capillary length (Figure 5b),
which corresponded to 864, 541, 257, and 159 s−1 for L = 8.5, 10.9, 15.5, and 20.0 cm, respectively.
For all conditions, ns at Δt = 15 s was greater than 9, satisfying the design criteria described above.
As shown in Figure 5c, the viscosity results measured using the 3D-CC were closely matched with those
obtained using the microfluidic comparator, demonstrating the effectiveness of the 3D-CC platform
for simultaneously testing multiple shear-rate conditions. Compared with current state-of-the-art
viscometers [13–22], the proposed 3D-CC platform allows rapid, simple, and intuitive operation
without bulky, complicated, high-precision equipment and additional calibration. Thus, non-experts
can easily carry out the necessary procedures in a similar manner to a conventional micropipette.
In addition, the scalability of the 3D-CC enables further enhancement in measurement throughput
by simply adding more channels. Although xanthan gum, as a model system of a non-Newtonian
fluid, was tested for proof-of-principle demonstration, the 3D-CC platform can be widely applicable
for quality-control testing of liquid products and for clinical analysis of blood viscosity as a potential
hemodynamic biomarker.
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Figure 5. 3D-CC for analysis of a non-Newtonian fluid under multiple shear-rate conditions. (a) Optical
image of the fabricated 3D-CC having four-different fluidic channels in length. The lengths were 8.5,
10.9, 15.5, and 20.0 cm (from top to bottom). The channels of the 3D-CC are filled with red ink for
visualization; (b) a xanthan gum solution, which served as a non-Newtonian fluid, was analyzed
using the 3D-CC at different shear-rate conditions of 864, 541, 257, and 159 s−1 (from top to bottom);
(c) analysis results for the xanthan gum solution using the 3D-CC and microfluidic viscometer. Error
bars: s.d. (n = 3).
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Figure 6. Computational fluid dynamics simulation for determining the capillary lengths of the 3D-CC
for analysis of the xanthan gum solution under multiple shear-rate conditions. (a) Simulated pressure
profiles along the capillaries (0.508 mm in inner diameter) at different μ and γ to calculate the pressure
drop per unit length at each condition. The viscosities were obtained using the microfluidic comparator
and varied according to the corresponding γ; (b) the different capillary lengths were determined
from the relationship between ΔP and L, the Hagen-Poiseuille law, at the different μ and γ conditions.
The dotted lines denote the relationships between ΔP and L for μ = 4.5, 5.2, 6.8, and 9.5 cP from left to
right. At ΔP = 2.8 kPa, the capillary lengths were, respectively, determined as 8.4, 10.4, 14.6, and 20.6 cm
that can, subsequently, generate the corresponding γ conditions for the 3D-CC.
4. Conclusions
We present a new 3D-CC platform for equipment- and calibration-free analysis of Newtonian and
non-Newtonian fluids. The viscometer platform allows hand-powered generation of pressure-driven
flows and visual (naked-eye) determination of flow rates in parallel capillary networks.
We demonstrated multiplexed viscosity measurement of Newtonian fluids of different viscosities
and viscosity measurement of a non-Newtonian fluid at various shear-rate conditions. Given these
novel features and the importance of viscosity measurement as a quality control means of liquid
products and a diagnostic tool for evaluating hemorheological disorders, we believe that the proposed
platform represents a promising approach for viscosity measurement in various industrial and
clinical applications.
Supplementary Materials: The following are available online at http://www.mdpi.com/2072-666X/9/7/314/s1,
Figure S1: Schematic showing a microfluidic viscometer to measure a test fluid of unknown viscosity.
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Abstract: Interest has grown in recent years to leverage the possibilities offered by three-dimensional
(3D) printing, such as rapid iterative changes; the ability to more fully use 3D device volume; and
ease of fabrication, especially as it relates to the creation of complex microfluidic devices. A major
shortcoming of most commercially available 3D printers is that their resolution is not sufficient to
produce features that are truly microfluidic (<100 × 100 μm2). Here, we test a custom 3D printer for
making ~30 μm scale positive and negative surface features, as well as positive and negative features
within internal voids (i.e., microfluidic channels). We found that optical dosage control is essential
for creating the smallest microfluidic features (~30 μm wide for ridges, ~20 μm wide for trenches),
and that this resolution was achieved for a number of different exposure approaches. Additionally,
we printed various microfluidic particle traps, showed capture of 25 μm diameter polymer beads,
and iteratively improved the trap design. The rapid feedback allowed by 3D printing, as well as the
ability to carefully control optical exposure conditions, should lead to new innovations in the types
and sizes of devices that can be created for microfluidics.
Keywords: 3D printing; microfluidics; particle traps; stereolithography
1. Introduction
3D printing is a valuable technique for custom and rapid design change and optimization
in fabrication of millifluidic devices [1]. Miniature device applications stand to benefit from the
advantages offered from 3D printing, such as the ability to create and test devices with rapid feedback,
allowing changes to be quickly tested. Device optimization based on empirical results could save time
and money compared to traditional device fabrication techniques that involve conventional machining
or micromachining.
A number of groups have recently sought to use 3D printing to produce fluidic devices for various
applications. Devices for nitrite [2] or anemia [3] detection, measuring endocrine secretion [4], sorting
bacteria [5], and cell culture [6,7], have all been shown to name a few. Although these are promising
assays, a key issue from these works is the size of printed features. Most commercially available printers
and resins are only able to achieve feature sizes down to 250 μm, with typical features around 500 μm,
which are not suitable for many microfluidics applications. Additionally, these commercial printers lack
flexibility in terms of resin development, individual layer custom exposure time control, or multiple
exposures per layer. For 3D printing of fluidic devices with low surface roughness, stereolithography
(SLA) printers are the best suited [8]. The material left in the channels after printing is a liquid and thus
is much easier to clear than solid sacrificial materials formed with either polyjet or fused deposition
modeling printers [9–11]. Reviews of 3D printing over the past several years have offered helpful
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insights regarding types of printers and their applications. Many different outlooks are given for future
directions in 3D printing of fluidic devices, such as resin improvements, material removal techniques,
throughput, and printer resolution [1,12–16]. Several groups have undertaken work to investigate
and compare the resolution of various 3D printers in an effort to make fluidic devices [8,11,17–19];
however, much of this work is still well above 100 μm needed for most microfluidic applications.
Our group has developed an SLA 3D printer, as well as a custom resin formulated specifically
for creating truly microfluidic structures with this printer [20], and we have made small (18 × 20 μm)
microfluidic channels [21], as well as fluid control systems involving pumps and valves [22]. To make
the smallest channels, an edge compensation technique was employed which overexposed the pixels
at the channel edge to make it narrower [21]. However, we have not yet examined how this edge
compensation approach affects features in the channels.
In this work, we investigate precise control over printing exposure areas and dosage conditions
to create microscale substructures within microfluidic features. First, we look at positive and negative
features on the exterior of prints to see what size features can be printed with various exposure
times and with exposure edge compensation. Next, we evaluate positive and negative features in
interior void areas to see the impact of exposure times and edge compensation. Finally, we create
microfluidic particle traps to demonstrate how the ability to control specific dosing parameters allows
improved function.
2. Materials and Methods
2.1. Material Sources
Acetone, 2-propanol (IPA), and 25 μm polystyrene microspheres were purchased from
Thermo-Fisher Scientific (Salt Lake City, UT, USA). Triethoxysilyl propylmethacrylate, hydroxypropyl
cellulose (HPC) and polyethylene glycol diacrylate (PEGDA, 258 Da MW) were purchased from
Sigma-Aldrich (Milwaukee, WI, USA). Toluene and glass microscope slides (3” × 1” × 1.2 mm) were
purchased from Avantor (Center Valley, PA, USA). 2-Nitrodiphenylsulfide (NPS) was purchased from
TCI America (Portland, OR, USA). Phenylbis (2,4,6-trimethylbenzoyl)phosphine oxide (Irgacure 819)
was provided by BASF (Midland, MI, USA). All chemicals were used as received.
2.2. Glass Slide Preparation
Glass microscope slides were scored on one side using a laser cutter (Universal Laser Systems,
Scottsdale, AZ, USA). The settings for cutting were 50% power, 10% speed, and 165 points per inch.
The glass slides were then broken along the scored mark, washed with acetone and IPA, and dried with
air. A fresh preparation of 10% triethoxysilyl propylmethacrylate in toluene was made. Glass slides
were submerged in this silane solution in a shallow covered dish for a minimum of two hours, after
which they were rinsed with IPA and dried with air. For longer term storage, slides were kept in a
container under toluene.
2.3. Resin Preparation
The resin was prepared by mixing 2% NPS with 1% Irgacure 819 in 97% PEGDA. The resin
was sonicated until all solid components dissolved and was stored in an amber bottle wrapped in
aluminum foil to protect it from light. Details regarding resin formulation can be found in reference [21]
for the choice of photoinitiator and absorber matched to the LED of the printer.
2.4. Device Designs
Designs for 3D printed parts were made using open source OpenSCAD software (openscad.org).
Schematics of the resolution prints can be seen in Figure 1. For the exterior ridges (Figure 1a) and
trenches (Figure 1b), the features are 100 μm tall or deep, and the widths are from 1 to 10 pixels (7.6 to
76 μm), with a spacing between individual ridges or trenches of 100 pixels.
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For the interior resolution features (Figure 1c), the height of the feature area is 100 μm. The internal
ridges are all 5 pixels wide, 250 pixels long, and have heights from 1 to 10 layers (10 to 100 μm). For the
trench sections, the trenches are all 100 μm deep and vary in width from 1 to 10 pixels. The pillars are
designed with diameters ranging from 1 to 10 pixels, and all of the pillars in a given row are identical.
In between each internal feature (or set of features with the pillars) is a support beam to help hold
up the microchannel ceiling. These ceiling supports are all 5 pixels wide and go from the floor of the
feature areas to the ceiling.
The trapping devices consist of 6 straight channels 30 pixels wide and 8 layers tall with fluidic
reservoirs at both ends (Figure 1d). The traps consist of two L-shaped pieces facing each other that
are 8 pixels long, 4 pixels wide, and spaced 2 pixels apart (Figure 1e). The traps are spaced 20 pixels
apart down the length of the channel. Each print contains 6 different channels for testing a variety of
trap layouts. Three different configurations of the traps were tested, one with traps only down the
center of the channel, one with traps staggered along the edges, and one with traps staggered in the
middle of the channel and along the sides (see Figure 1d, inserts).
 





1 mm 1 mm 
Figure 1. Cont.
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Figure 1. OpenSCAD designs of prints for exterior and interior resolution features. (a) Ridge device.
The ridges are shown in red and there is a support box around the ridges. The ridges are 100 μm
tall and have widths of 1–10 pixels (7.6–76 μm) from left to right. The cutout shows a zoom view;
(b) Trench device with the trenches shown in orange. The trenches are 100 μm deep and have widths
of 1–10 pixels (7.6–76 μm) from left to right. The cutout shows a zoom view; (c) Interior features device.
The top layers of the device have been removed in the schematic to show the features. From left
to right the regions are ridges, trenches with exposure compensation, pillars, and trenches without
exposure compensation. Each set of features has a series of ceiling support ridges running the length of
the feature area. Below each feature void area is a zoom view; (d) Bead trap device design showing
6 channels and traps within channels. Inserts show a zoom view of the three different trap layouts;
(e) Schematic of bead trap. The large gap is designed to allow the beads to enter and the smaller gap
allows fluid to pass through the trap.
2.5. 3D Printing Parameters
The 3D printer used for this work is the same as described in reference [21]. This printer operates
with a nominally 385 nm light source and 7.6 μm pixel size in the image plane. The build layer
height for all prints was 10 μm, the image plane irradiance was 21.2 mW·cm−2, and the exposure
time was chosen to be either 500, 750, 1000, or 1500 ms to ensure thorough attachment of the print
to the glass slide the first four layers were overexposed for 20, 10, 5, and 1 s, respectively. For prints
in which the normal layer exposure time exceeded 1 s, only the first three layers were exposed in
this manner. After printing, the remaining liquid resin in the print was flushed out three times with
IPA using vacuum. Finally, the device was cured under an 11 mW 430 nm LED (ThorLabs, Newton,
NJ, USA) for 10 min before use. This LED allows the photoinitiator to further cure the print at a
wavelength at which the UV absorber (NPS) does not absorb the light.
2.6. Edge Compensation Technique
An edge compensation technique similar to the one in reference [21] was used where indicated
for both interior and exterior trenches (negative features). This technique exposes the two pixels
forming the edge of the trench for double the normal exposure time. The purpose of this technique is
to cause a wider trench design to be narrower when printed. For example, a 3D printed trench that
is designed to be 4 pixels wide without compensation has the same width as a 6 pixel wide design
formed with compensation.
2.7. Measurement of Print Featuures
Exterior feature heights, depths, and widths were measured using a Zeta 20 optical profilometer
(Zeta Instruments, San Jose, CA, USA). The width was measured as the full width at half height
or depth. SEM imaging was done using an ESEM XL30 (FEI, ThermoFisher Scientific, Waltham,
MA, USA). Samples were prepared by cutting them open with a razor blade and sputtering with 80:20
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Au:Pd to allow the side profile to be observed. Images were processed using ImageJ (NIH) to measure
the widths and heights of interior pillars, ridges, and trenches.
For trapping experiments, imaging was done using a Zeiss AXIO Observer A1 inverted
microscope (Thornwood, NY, USA) using a 10× objective connected to a Photometrics coolSNAP HQ2
CCD camera (Tucson, AZ, USA). The exposure time for the CCD was 10 ms. The images were recorded
and processed using ImageJ. Measurement of print features was performed three times (n = 3), and the
standard deviation is given for each measurement.
For our printer and this resin, surface roughness has previously been characterized using optical
profilometry with prints at various exposure times [22]. For all exposure times tested (600–1200 ms),
the RMS surface roughness was less than 100 nm, typically 55–60 ± 15 nm. While some surfaces may
appear to show pixelation (Figure 4 and Supplementary Materials) as they did in this previous work,
it is expected that the surface roughness should still be the same.
2.8. Trapping Opperation
The bead solution for trapping was made by suspending the beads in deionized water at a
concentration of 1 mg/mL with 0.5% HPC to prevent aggregation. 1.5 μL of bead solution was
pipetted into the left reservoir as oriented in Figure 1d and drawn through the channel with vacuum
over ~7 s, which resulted in a flow rate of 13 μL/min. This was repeated three times so a total of 4.5 μL
of bead solution was pulled through the channel, after which CCD images were taken.
3. Results and Discussion
3.1. Exterior Features
3.1.1. Ridges
Initial testing focused on the exterior resolution features of our 3D printer by testing a set of ridges
and trenches on the surface of prints. The purpose of these features is to evaluate how positive features
turn out on the surface of print. For the surface ridges, the design shown in Figure 1a was created;
the design was printed three times with exposure times of 500, 1000, or 1500 ms for each build layer.
We found that the ends of the ridges became warped when they were not anchored, so a support box
was placed around the ridges. A photograph though the microscope can be seen in Figure 2a, showing
example ridges that are 3 and 4 pixels wide for 1500 ms exposure. The complete set of images can
be found in the Supplementary Materials (Figures S1–S3). The heights and widths of these features
were then measured with an optical profilometer. Figure 3a shows the measured ridge width plotted
against the designed width for ridges that reached >90% of the full height. This shows that increasing
light dosage from 500 ms (blue line in Figure 3a) to 1500 ms (red line in Figure 3a) allows smaller
ridges to successfully reach full height and be closer to their designed width. Additionally, a ridge
that is designed to a certain width will print smaller than expected if the exposure time is insufficient.
The minimum width ridge that could be successfully printed was 30 ± 1 μm, which was with an
exposure time of 1500 ms. These positive features benefit from increased light exposure, indicating the
need to be able to give sufficient exposure to positive features.
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Figure 2. Images of 3D printed features. (a) Top view photograph of 1500 ms exposure ridges designed
3 and 4 pixels (23 and 30 μm) wide. The ridges measured 25 ± 1 and 29 ± 1 μm; (b) Top view
photograph of a 500 ms exposure (without compensation) trench designed 4 pixels (30 μm) wide,
which measures 21 ± 0.5 μm; (c) SEM images of 1000 ms exposure interior ridges designed 5 and 6
layers tall. The ridges measured 46 ± 1 and 55 ± 1 μm tall, respectively; a support pillar is in the
middle of the image; (d) SEM image of interior trenches at 1000 ms exposure without compensation
designed 5 and 6 pixels (38 and 46 μm) wide, which measured 22 ± 0.7 and 34 ± 2 μm wide; (e) SEM
image of interior pillar structures at 1500 ms exposure designed to be 5–7 pixels (38–53 μm) in diameter.
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Figure 3. Designed feature width versus measured width for different exposure conditions.
Only features that reached >90 μm in height (ridges) or depth (trenches) were included. For the
pillars, only those that were attached floor to ceiling were included. Standard deviations are indicated
for each included point (n = 3). (a) Exterior ridges; (b) Exterior trenches; (c) Interior ridges; (d) Interior
trenches; (e) Interior pillars.
3.1.2. Trenches
For the exterior negative features, we created the design shown in Figure 1b. This design was
printed with and without the exposure compensation pattern at 500, 1000, and 1500 ms for a total
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of six prints. An example microscope image showing a trench 4 pixels wide with 500 ms exposure
can be seen in Figure 2b with the full data in Figures S4–S9. The heights and depths of these trenches
were measured with optical profilometry. As seen in Figure 3b, measured width was plotted against
designed width; only the features that achieved >90% of the designed feature depth were included.
The first observation is that the compensation pattern caused the trenches to turn out narrower than
the uncompensated devices due to the additional exposure at the trench edge. The second effect that
can be seen is that increasing the layer exposure time for the uncompensated case results in narrower
trenches, as expected. Finally we note that, to achieve a minimum trench width at full depth, there
are three different possibilities: 500 ms exposure without compensation, 1000 ms exposure without
compensation, or 1000 ms exposure with compensation. All three of these approaches produced a
trench 100 μm deep and about 20 ± 0.5 μm wide; however, the designed widths were all different (4,
5, and 6 pixels, respectively). These results show that having precise control over both exposure and
printing parameters allows for careful control of final feature sizes for exterior trenches.
3.2. Interior Features
For interior feature resolution, we undertook a similar study of positive and negative features
in a confined space according to our design in Figure 1c. When prototyping this design, we found
that a large void space without a support for the ceiling resulted in irregular top layers and erratic
feature measurements. Thus, an alternating pattern of feature and ceiling support pieces exists in
each of the interior feature areas. Each print contains two sets of trenches, either with or without
exposure compensation, such that both could be tested in a single print. Additionally, Figure 2c–e
shows characteristic SLA printing artifacts including uneven sides showing where each layer of the
print sits on the next one, as well as a somewhat trapezoidal shape for the interior ridges and ceiling
support pieces. Smaller layer thicknesses (finer z resolution) could help mitigate the layering, while
the trapezoidal shape may be a result of material shrinkage.
3.2.1. Ridges
We again used ridges as positive features to determine the types of structures that could be
placed in an interior void in a 3D printed part. Five pixels width was chosen, because it formed
reliably for surface ridges. An example SEM image of two ridges at 1000 ms exposure is shown in
Figure 2c; the interior ridge 5 layers tall is shown on the left, with the ceiling support in the middle,
and the ridge 6 layers tall is on the right. For interior ridges, we measured the gap between the
top of the ridge and the ceiling of the void area, which gave information about interior z resolution.
Gap distance (excluding any ridges that attached to the ceiling) is plotted for these interior ridges
as shown in Figure 3c. The 500 ms exposure time resulted in a void region that was taller than the
designed 100 μm, due to insufficient adhesion between layers, as can be observed in the Supplementary
Materials (Figure S10). The ceiling support pieces appear to have broken off, resulting in voids taller
than the designed size. For 1000 and 1500 ms, the void height is smaller than designed, likely due
to exposure of the top layer of the chamber polymerizing significantly more than to 10 μm of resin,
thereby making the first ceiling layer substantially thicker than designed, resulting in reduced overall
chamber height and hence reduced gap size (Figures S11–S12). This is consistent with our previous
work, in which we analyzed the layer exposure profile as a function of z [20]. The height of the void
area was about 70–75 μm instead of 100 μm, and thus any ridges designed to be >7 layers tall were
attached to the ceiling. For the ridges that were not attached, however, there was a linear relationship
between the designed and measured gap distance. From this data, gaps between the feature and ceiling
area as small as 7 ± 0.7 μm can be produced with either 1000 or 1500 ms exposures. As long as the
print receives sufficient light exposure (>500 ms for this formulation), the gap height between features
and ridges is independent of the exposure time for 1000 and 1500 ms exposures, as seen in Figure 3c.
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3.2.2. Trenches
For the interior trenches, a similar approach to the exterior trenches was used. The widths of
printed trenches were measured with SEM imaging, and an example image is shown in Figure 2d for
1000 ms exposure (without compensation) of trenches that were designed to be 5 and 6 pixels (38 and
46 μm) wide. In this image the trench 6 pixels wide is on the left, and the trench 5 pixels wide is on the
right, with the ceiling support pillar in the middle. The full set of interior trench images can been found
in the Supplementary Materials Figures S13–S18. The measured width was compared to the designed
width in Figure 3d, including only those trenches that reached >90% of full depth. The 500 ms trenches
(both with and without compensation) turn out wider than the 1500 ms trenches, indicating that lower
exposure times work better for forming wider trenches. Similar to the effect observed with the exterior
trenches, the use of a compensation pattern leads to trenches smaller than they would have otherwise
printed, as the compensated trenches are all narrower than the uncompensated ones. Similar to the
exterior trenches, the smallest trenches that successfully formed were about 20 μm wide, though they
were printed with different exposure times: 5 pixels wide for 1000 ms with compensation (21 ± 0.8 μm),
6 pixels wide for 1500 ms without compensation (21 ± 0.7 μm), and 7 pixels wide for 1500 ms with
compensation (18 ± 0.7 μm). This again demonstrates the concept that there are several different ways
to obtain a minimum feature size if the right exposure conditions are determined, especially when
there is full control over the exposure properties.
3.2.3. Pillars
A final type of resolution feature we investigated was cylindrical pillars in the interior of a
void area. SEM images were taken of the pillars, and an example can be seen in Figure 2e showing
1500 ms exposure pillars that are 5–7 pixels wide (38–53 μm), with more data in Figures S19–S21 of
the Supplementary Materials. Figure 3e shows a plot comparing the designed pillar diameter and the
measured diameter, including only those pillars which were fully formed. From this graph, it can be
seen that the pillars all printed narrower than their designed width and followed the trend that longer
exposure times led to wider pillars. The smallest pillars that were successfully printed were about
14 ± 1 μm in diameter, printed with 1000 ms exposure for a 5 pixel designed width. The dependency
of pillar diameter on light exposure is another example of how control over dosing parameters is
essential to achieve desired feature dimensions during SLA 3D printing.
3.2.4. Trapping Devices
To demonstrate the utility of tight control of both positive and negative interior features we
created trapping devices to catch particles as they flowed through a channel, as a first step toward
trapping of cells. The beads selected were 25 μm in diameter, approximately the same size as the
smallest trench that was successfully printed. Because our 3D printing designs can be easily edited to
optimize configurations and print parameters, we attempted a number of different trap placements
(see Figure 1d inserts) to determine the best trapping efficiency. Figure 4 shows images of channels
after trapping experiments were carried out. We found that traps exclusively in the center of the
channel (Figure 4a) did not trap as efficiently as traps along the sides (Figure 4b), which in turn were
not as efficient as traps that alternated between the channel sides and center (Figure 4c). This was
largely due to the flow of the beads around (instead of through) the traps. Additionally, we found that
traps that were 3 layers tall did not trap as efficiently as traps that were the full height of the channel;
when the traps are shorter many beads simply pass over the traps.
Finally, it is critical to have traps that have the correct dimensions. The degree of trap openness
could be controlled through the exposure time used for the print. If the exposure time was too short
(<600 ms), the traps would be partially formed, and the beads would pass through the trap without
getting caught. Conversely, if the exposure time was too high (>1000 ms), the traps would end up
overexposed, and there would be no flow through the traps, which would result in no beads being
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trapped and, often, small bubbles that stuck instead. The exposure time of ~750 ms was nearly ideal
for forming traps that worked well for beads. Figure 4 shows this effect, with underexposed in (d),








(d) (e) (f) 
 
Figure 4. CCD images showing the effect of trap placement and different exposure times on trap shape.
(a) Channel with traps exclusively in the center; (b) Channel with traps staggered along the sides;
(c) Channel with traps staggered along the sides and in the middle of the channel; (d) Prints exposed
500 ms showing partially formed traps with no bead capture; (e) Prints exposed for 750 ms with beads
trapped well; (f) Prints exposed at 1000 ms showing overexposed traps. Bubbles are stuck at the front
and back of the traps hindering bead capture.
4. Conclusions
In this work, we have characterized the 3D printing of sub-100 μm external and internal positive
and negative resolution features. We have shown the importance of controlling light dosage, as well as
the benefits of multiple different exposure patterns within one layer of a print. Finally, we created a
particle trapping device and leveraged the rapid iterative design capabilities of 3D printing to improve
trap placement and efficiency.
These developments demonstrate the need for careful control of dosing parameters in making
complex 3D printed microfluidic devices. More customization of printer control, resin development,
and higher resolution projectors should lead to smaller, more intricate 3D printed microfluidic systems.
Improved microfluidics of this type could provide even smaller traps, potentially allowing their use in
cell capture or isolation experiments.
Supplementary Materials: The following are available online at http://www.mdpi.com/2072-666X/9/7/326/s1:
Figure S1: exterior features, ridges, 500 ms exposure; Figure S2: exterior features, ridges, 1000 ms exposure;
Figure S3: exterior features, ridges, 1500 ms exposure; Figure S4: exterior features, trenches with edge
compensation, 500 ms; Figure S5: exterior features, trenches with edge compensation, 1000 ms; Figure S6:
exterior features, trenches with edge compensation, 1500 ms; Figure S7: exterior features, trenches without edge
compensation, 500 ms; Figure S8: exterior features, trenches without edge compensation, 1000 ms; Figure S9:
exterior features, trenches without edge compensation, 1500 ms; Figure S10: interior features, ridges, 500 ms;
Figure S11: interior features, ridges, 1000 ms; Figure S12: interior features, ridges, 1500 ms; Figure S13: interior
features, trenches with edge compensation, 500 ms; Figure S14: interior features, trenches with edge compensation,
1000 ms; Figure S15: interior features, trenches with edge compensation, 1500 ms; Figure S16: interior features,
trenches without edge compensation, 500 ms; Figure S17: interior features, trenches without edge compensation,
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1000 ms; Figure S18: interior features, trenches without edge compensation, 1500 ms; Figure S19: interior features,
pillars, 500 ms; Figure S20: interior features, pillars, 1000 ms; Figure S21: interior features, pillars, 1500 ms.
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Abstract: While the technology is relatively new, low-cost 3D printing has impacted many aspects
of human life. 3D printers are being used as manufacturing tools for a wide variety of devices in a
spectrum of applications ranging from diagnosis to implants to external prostheses. The ease of use,
availability of 3D-design software and low cost has made 3D printing an accessible manufacturing
and fabrication tool in many bioanalytical research laboratories. 3D printers can print materials with
varying density, optical character, strength and chemical properties that provide the user with a vast
array of strategic options. In this review, we focus on applications in biomedical diagnostics and
how this revolutionary technique is facilitating the development of low-cost, sensitive, and often
geometrically complex tools. 3D printing in the fabrication of microfluidics, supporting equipment,
and optical and electronic components of diagnostic devices is presented. Emerging diagnostics
systems using 3D bioprinting as a tool to incorporate living cells or biomaterials into 3D printing is
also reviewed.
Keywords: 3D printing; diagnostics; optics; bioprinting; electronics; microfluidics
1. Introduction
Charles W. Hull in 1986 was the first to report stereolithography [1] as a tool to fabricate 3D
structures. Since then, 3D printing has evolved into a multifunctional fabrication tool that offers
unique advantages for biomedical applications including diagnostics [2], scaffolds for 3D implants [3],
prosthesis [4] and tissue engineering [5]. In recent years, the ability to convert computer-assisted design
(CAD) files into 3D-printed pieces, also known as additive manufacturing, has sparked significant
progress in the field of diagnostics [6]. 3D printing has been utilized in a wide spectrum of applications
with excellent design and performance. As an additive manufacturing technique, production costs
are lower compared to traditional subtractive manufacturing techniques like milling or ablation
due to reduction of the labor and material cost. In addition, versatile 3D printers can be used to
produce different devices and parts without the need for pre-fabrication changes normally required
in subtractive manufacturing techniques [7,8]. These criteria make 3D printing a valuable tool in
prototyping, testing and production of tools and equipment for analytical and diagnostic laboratories.
In principle, CAD files of previously reported devices can be downloaded and printed in any laboratory.
In this way, advanced diagnostic tools can be directly utilized by researchers without the need for
purchase from a commercial vendor. This approach has the potential to bring advanced diagnostic
tools more rapidly to the research lab than ever before.
In this review, we focus on applications of 3D printing techniques in medical diagnostics.
We discuss different 3D printing techniques and how these techniques impact many design aspects
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including resolution, cost and fabrication of complex diagnostic devices in a continuous process [9–11].
3D-printed microfluidic devices have been used to fabricate semi and fully automated diagnostic
approaches for diseases like cancer [12,13], infectious diseases [14–16], and xenobiotic genotoxicity [17].
3D printing can also make tailored supporting devices that improve performance of existing diagnostics
like spectrophotometers [18] and Polymerase Chain Reaction (PCR) devices [14,19] and is used to
assist with smartphone integration for remote sensing [20,21]. The ability to print materials with
special properties allows for the creation of new equipment that can dramatically reduce the cost of
diagnostic devices like Surface Plasmon Resonance (SPR) [22]. All these applications use 3D printing
for cost-effective multifunctional production to integrate several functions in one device [23].
Fabrication of diagnostic devices with embedded electronics and circuits have also been
accomplished by 3D printing. The ability to print different materials simultaneously permits the
fabrication of electrodes that can be incorporated into the insulator plastic matrices allowing for
subsequent electrochemical detection of metals [24–26], organic compounds [27,28] and biologically
active molecules [29]. 3D printing avoids disadvantages associated with screen printing like the need
for masking and drying steps, while exhibiting better resolution and faster fabrication [30].
3D bioprinting is another emerging modification to traditional 3D printing where cells, enzymes
or proteins may be encapsulated or loaded into printable bio-ink solutions [31]. A major focus of
this technique is to provide cell growth medium for tissue and organ repair and regeneration, but it
has also been explored as a tool for diagnostic applications [32]. Bioprinting offers an opportunity to
fabricate 3D-printed implantable sensors that are biocompatible, geometrically complex, and cheap.
With 3D printing, there is a limited need for specialized training, and devices can be tailored to the
users’ requirements [33,34]. In this review, the most common techniques for 3D-printed diagnostics
are briefly described with several examples of diagnostic platforms incorporating microfluidics, device
supports, optical components, electronics and biomaterials.
2. Additive Manufacturing Techniques
2.1. Fused Deposition Modeling (FDM)
This technique utilizes thermoplastic polymeric materials extruded to print objects layer-by-layer
from a heated nozzle onto a surface or platform where it is cooled to below its thermoplastic
temperature (Figure 1). Several materials have been utilized in this printing technique, including
acrylonitrile butadiene styrene (ABS), polycarbonate (PC), PC-ABS blend, and polylactic acid
(PLA) [35]. Single-, double- and triple-print-head machines are available for FDM, making it a good
choice for simultaneous multi-material 3D printing [36]. The ability to incorporate conductive materials
like pyrolytic graphite, graphene, carbon nanotubes and metal nanoparticles into the thermoplastic
matrix enables FDM printing of conductive inks to fabricate electrodes and circuits [37–40]. FDM
is good for rapid prototyping and fabrication of holders and supporting devices, but still suffers
from several limitations, including mechanical strength, roughness and shape integrity of the final
product. Microfluidic devices printed using FDM can show leakage and shape deformation if printing
parameters and the thermoplastic polymer are not carefully tuned [37]. FDM has been successfully
used to print 3D scaffolds that can be seeded with living cells without loss of cell viability [41,42] and
to print bio-friendly polymer materials [43,44].
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Figure 1. Schematic representation of a dual-head fused deposition modeling 3D printer. Thermoplastic
polymer is extruded from a heated nozzle into a printing platform, where it is cooled to below its
thermoplastic temperature. Reproduced with permission from [35]. Copyright (2015) Springer.
2.2. Direct Ink Writing
Similar to fused deposition modeling, Direct Ink Writing (DIW) relies on extrusion of ink through
a fine deposition nozzle to form a 3D structure in layer-by-layer approach [45]. Two different strategies
are utilized in this technique, based on the ink type. First is the extrusion of low-viscosity ink that
undergoes gelation via a chemical, photochemical or noncovalent process [46]. The second strategy
is the use of a shear thinning hydrogel ink that possesses a viscoelastic response toward applied
pressure. Hydrogels like sodium alginate and gelatin are commonly used [47]. In addition to hydrogel
inks, epoxy-based direct writing was developed by Compton and Lewis [48], where epoxy ink with
significant shear thinning is extruded through the printing nozzle. Once extruded, the ink has sufficient
shear to maintain its printed filamentary shape. Direct ink writing is utilized in the 3D fabrication of
injectable therapeutics [49], cell-laden scaffolds [50,51], degradable biomaterials [52] and stretchable
complex cellularized structures [53]. The utilization of DIW in bioprinting offers a tool to develop
multifunctional diagnostic devices with high resolution, which may improve assay sensitivities.
2.3. Stereolithography
Stereolithography, or digital light processing, employs a photocurable polymeric resin which,
when exposed to light, cures into a solid. Initially, curing was only possible with UV light, but polymers
cured with visible wavelengths have recently been introduced. Highly focused lasers or LED beams
with high intensity are used and the spot size of the light beam determines printing resolution [54].
Each layer of the object is printed as a point-by-point 2D cross section cured by the scanning focused
beam onto a printing platform immersed in a photocurable tank that holds the liquid resin [5]
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(Figure 2A). Recently, projection-based stereolithography has been introduced with a promise to
decrease print time while maintaining almost the same resolution as line-based stereolithography.
Projection-based stereolithography replaces point-by-point curing with entire-layer curing under
one single UV or visible light exposure [55,56] (Figure 2B). Stereolithography resin materials have
been extensively studied to produce devices with different properties, including transparency, color,
flexibility and thermal stability [57]. Stereolithography has also been used for printing cells using
biocompatible resins maintaining >90% cell viability after printing [58].
 
Figure 2. Schematic representation of stereolithographic 3D printing. (A) Scanning laser stereolithography,
where the focused laser beam scans point-by-point to cure a layer of resin on top of a previously
fabricated layer. (B) Projection-based stereolithography, where an entire layer is printed in a single
step by projecting the entire layer on top of the previous layer. In both strategies, a printing platform
is immersed in a tank filled with liquid photocurable resin. Reproduced with permission from [54].
Copyright (2014) American Chemical Society.
2.4. Photopolymer Inkjet Printing (Multi-Jet Modeling—MJM)
This technique utilizes multi-head printers with print heads similar to inkjet printers. The print
head extrudes layers of photocurable resin or molten wax, usually with a second head printing support
material to maintain the shape of the design until cured (Figure 3). After printing, the object is cured
by UV irradiation or heat and support material can be removed by heating or dissolving in a specific
solvent [59]. Researchers have been able to utilize this printing technique to print metal nanoparticles
for printed electronics [60], preceramic polymers for 3D-printed ceramics [61] and even metallic
electrodes on flexible substrates [62]. The ability to print multiple materials with varying chemical and
physical properties simultaneously makes MJM a good candidate for diagnostic device fabrication.
Microfluidic channels integrated with either electrodes for electrochemical signal detection [63] or
porous membranes that can be seeded with viable cells for drug permeability and toxicity studies have
been printed using this technique [64]. Most printing resins and materials are proprietary, which makes
the cost of using MJM relatively higher than other 3D-printing techniques [65].
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Figure 3. Schematic representation of multi-jet printing technique, a photocurable resin is printed
simultaneously with a support material that can be removed after curing. Up to 10 printing heads can
be used. Reproduced with permission from [59]. Copyright (2014) American Chemical Society.
2.5. Selective Laser Sintering (SLS)
A focused Infra-Red (IR) laser beam supplies enough localized energy to sinter a fine powdered
polymer into layers of solid. The IR laser scans through the surface of powder in the shape of
each layer of the sliced 3D design (Figure 4). Due to the high energy required to sinter powders,
high-energy CO2/Nd:YAG laser sources are typically used [66]. SLS can be divided into two distinctive
subcategories based on the printing temperature. The first is solid-state sintering, where binding
occurs at a temperature lower than the melting temperature and is usually used with polymers like
polycarbonate. The second is full melting SLS and is used for metals and ceramics where sintering
requires a high temperature above the melting temperature [67]. Printing resolution is affected by
powder particle size and can be controlled by the scan speed and intensity of the laser beam, which also
affects the density and strength of the printed parts [68]. SLS has utilized several printing substrates,
including natural and synthesized polymers like cellulose and polycarbonate, making it compatible
with bioprinting for tissue engineering and cartilage repair [69]. Other printing substrates include
metals, ceramics and polymer/ceramic composites. It is important to note that the printing resolution
of polymers is much lower compared to that of metals or ceramics [70]. Due to the high-energy laser
source required and the substrate specifications, SLS is currently considered to be the most expensive
3D printing technique [71]. Recently, Formlabs introduced Fuse1, a desktop SLS printer that provides
end-users with a more affordable option [72].
 
Figure 4. Schematic representation of Selective Laser Sintering, a rolling ball pushes powdered substrate
to the surface of the printing platform. A high-energy focused laser beam scans the surface where it
sinters the powder particles into a solid layer. The printing chamber is sealed under vacuum or inert
gas atmosphere. Reproduced with permission from [70]. Copyright (2015) Springer Nature available
under Creative Commons Attribution.
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2.6. Direct Laser Writing (DLW) 3D Lithography
Direct laser writing is an emerging technique for 3D printing of high-resolution structures utilizing
a highly pulsed femtosecond laser beam to cure a photosensitive resin material [73]. Two-photon
absorption and polymerization facilitates fast fabrication of 3D scaffolds with high resolution [74].
This short pulsed laser is suitable for encapsulating living cells and biomaterials in 3D structures as it
does not generate localized overheating or UV toxicity. Due to versatility in substrate materials and the
ability to print high-resolution 3D scaffolds, DLW has been used in piezoelectric scaffolds for in vitro
cell stimulation [74], cartilage tissue engineering [75] and cells and whole organisms containing 3D
structures [76–78]. Due to the high resolution achieved by DLW, it has been utilized in fabrication of
microvalve assembly [79], custom microstructures [80,81] and complex microfluidic constructs [82,83].
2.7. Summary of 3D Printing Techniques
In order to select the appropriate 3D printing technique, the user must have in mind the properties
required for the printed piece. Several criteria, such as flexibility, resolution, complexity, transparency,
thermal and chemical stability, are crucial in determining the best technique. Table 1 summarizes the
3D printing techniques discussed in this section.
Table 1. Summary of 3D printing techniques. FDM: fused deposition modeling, PLA: polylactic
acid, ABS: acrylonitrile butadiene styrene, PC: polycarbonate, DIW: direct ink writing, SLA:
stereolithography, MJM: multijet modeling, SLS: selective laser sintering, DLW: direct laser writing.
3D Printing
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3. Applications of 3D Printing in Diagnostics
3D printing has improved biomedical diagnostics in many ways, specifically with advantages
in ease of onsite design and fabrication, providing researchers with the means to develop or modify
devices and equipment. Here we concentrated on the main areas in which biomedical diagnostic
research has been focused recently.
3.1. 3D-Printed Microfluidics
The most representative use of 3D printing technology in diagnostics is the design and
development of microfluidic devices. The ability to fine-tune geometrically complex structures
at the micrometer level is an attractive feature 3D printing can offer while maintaining low-cost
and time-efficient processing. Several applications that have used 3D-printed microfluidic devices
are discussed.
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3.1.1. Sample Pretreatment
Sample pretreatment is an essential step in many diagnostics, as it helps reduce the complexity of
the matrix and improve the sensitivity of the assay. 3D-printed microfluidics facilitates the integration
of sample pretreatment compartments into real applications including sample injection valves [84,85],
preconcentration [86] and sample reactors [87]. Rafeie et al. utilized 3D printing to fabricate an
ultrafast microfluidic blood plasma separator, an essential sample pretreatment step in most assays
requiring blood samples. They were able to fabricate a spiral microfluidic device (Figure 5A) where
cells would flow close to the inner wall of the channel and concentrate in a narrow band near the
outlet allowing the separation of cell/platelet free plasma. [88]. Lee et al. separated pathogenic
bacteria, E. coli, from milk using a 3D-printed helical channel [89]. They flowed magnetic nanoclusters
through the helical microfluidic channel (Figure 5B) where free magnetic nanoclusters were separated
from bacteria-bound clusters. Yan et al. proposed a portable hand operated microfluidic device
that can specifically separate platelets from peripheral blood mononuclear cells [90]. Their device
is composed of a microfluidic channel equipped with a groove (Figure 5C) that effectively sorts
platelets from blood samples with 100% purity where the user pumps the fluid manually with a
hand-held syringe. While fluctuation in the flow rate did not affect the platelet purity, the percent
recovery of blood mononuclear cells varied. A microfluidic pre-concentrator for detection of E. coli
was also proposed by Park et al. [91]. Magnetic nanoparticles labeled with E. coli-specific antibodies
were allowed to capture bacteria from blood samples. The microfluidic device was equipped with a
magnet to separate (Figure 5D) magnetic nanoparticles from the blood matrix which then transferred
with buffer for adenosine triphosphate (ATP) luminescence analysis. Although these devices are
interesting applications for 3D printing in sample pretreatment, they still require a manual transfer of
the treated samples for detection. This manual transfer can negatively affect the assays sensitivity and
reproducibility required for a good diagnostic approach.
Figure 5. 3D-printed devices for sample pretreatment. (A) Spiral microfluidic device to separate blood
cells and platelets from plasma, as the cells and platelets tend to flow in a narrowing band near the
inner wall of the spiral channel. Reproduced with permission from [88]. Copyright (2016) Royal
Society of Chemistry. (B) Helical microfluidic device to separate magnetic nanoclusters coupled to
E. coli from free magnetic nanoclusters. Reproduced with permission from [89]. Copyright (2015)
Springer Nature, available under Creative Commons Attribution. (C) A hand-driven microfluidic
channel with a groove-like structure to separate platelets from blood mononuclear cells. Reproduced
with permission from [90] Copyright (2018) Springer Nature. (D) Trapezoidal filter equipped with a
microfluidic channel for the preconcentration of E. coli captured on magnetic beads. Reproduced with
permission from [91] Copyright (2017) Elsevier.
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3.1.2. Microfluidic Flow Devices
Microfluidic devices offer the most promising approach for miniature fluidic devices due
to their ability to handle small sample volumes and assay reagents in a controlled manner. 3D
printing has pushed prototyping and development of microfluidics forward by supporting fast and
easy design with lower production costs compared to traditional microfabrication techniques. 3D
printing also offers an efficient tool to generate geometrically complex microfluidic devices with the
aid of 3D design software, thus eliminating the hassle associated with traditional manufacturing
tools. Utilizing these advantages, Oh et al. designed and fabricated a 3D-printed blood viscosity
analysis capillary circuit [92]. They designed a hand-held device that can be operated and read
manually that measures blood viscosity using the same principle as commercial viscometers which
are very expensive and complex (Figure 6A). Surprisingly, their device did not utilize the resolution
advances of 3D printing, but instead they added Tygon tubing, with inner diameter of 0.508 mm, to
build a capillary circuit inside a 3D-printed channel. Santangelo et al. proposed a highly sensitive
3D-printed continuous-flow microfluidic device for quantification of adenosine triphosphate (ATP)
molecules (Figure 6B). The device comprised two main functions: mixing of the ATP sample
with the luminescence reagent mixture (Luciferin/Luciferase mixture) and a detection chamber
that brings the produced luminescence close to a silicon photomultiplier detector [93]. Tang et al.
utilized 3D printing to fabricate a unibody ELISA-inspired chemiluminescence assay to detect and
quantify prostate specific antigen (PSA) and platelet factor-4 (PF-4) as cancer biomarker proteins
(Figure 6C) [94]. They proposed a design that can reduce the assay time to 30 min while approaching
an ultra-low sensitivity. Their design is divided into three connected compartments: first, a mixing
chamber to accelerate the interaction between reagents; second, a compartment of sample and reagent
reservoirs; and third, a transparent detection compartment. The ability to 3D print transparent objects
allowed them to directly detect the chemiluminescent signal in their device using a CCD camera
without the need for complex processing. Recently, a Lego-like modular microfluidic capillary-driven
3D-printed flow device was introduced by Nie et al. [95]. This approach proposed a strategy to build
microfluidic devices tailored to different applications. Flow in such devices is driven by capillary forces,
with improved flow rate programmability and biocompatibility. They were able to design different
modules assembled in various designs and utilized them in diverse applications, like degradable bone
scaffolds and cell culture. Kadimisetty et al. proposed a 3D-printed microfluidic unit that manually
controls the flow of sample and assay reagents for electrochemiluminescent detection of PSA, PF-4 and
prostate specific membrane antigen (PSMA) in human serum [12]. The printed device had a slot to
incorporate a screen-printed carbon electrode labeled with detection antibodies for each of the selected
protein biomarkers (Figure 6D). Similar 3D-printed microfluidic flow devices were fabricated and
utilized for flow chemical analysis [96], evaluation of blood components [97], electrochemiluminescence
DNA studies [98] and salivary cortisol detection [99]. In these discussed examples, 3D printing was
the key for better diagnostic performance by providing low-cost incorporation of multiple fluidic
functions easily and without the need for laborious manufacturing procedures.
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Figure 6. 3D-printed microfluidic devices for flow control. (A) Viscometer like 3D-printed syringe
attachment for blood viscosity measurement. Reproduced with permission from [92]. Copyright (2018)
Elsevier. (B) Mixing and detection microfluidic device for luminescent detection of ATP. Reproduced
with permission from [93]. Copyright (2018) Elsevier. (C) Unibody 3D-printed microfluidic chip for
detection of PSA and PF-4. Reproduced with permission from [94]. Copyright (2017) Royal Society of
Chemistry. (D) Manually controlled flow regulatory system for electrochemiluminescence detection of
PSA, PSMA and PF-4. Reproduced with permission from [12]. Copyright (2016) Elsevier.
3.1.3. Microfluidic Mixers
Efficient mixing can be used to improve diagnostic tests by enhancing interaction kinetics between
reactants. Microfluidics can be configured for efficient mixing to enhance chaotic convection in
solutions, increasing the frequency of interactions between solution components [100]. 3D-printed
microfluidic mixers have been successfully used to improve passive mixing enhancing mixing efficiency
that improve diagnostics sensitivity [101]. Devices equipped with 3D-printed mixers have been used
in amperometric quantitation of hydrogen peroxide [102] and DNA assembly [103]. 3D-printed mixers
have been successfully integrated with optical spectroscopic probes including UV/Vis, infrared and
fluorescence probes [104]. Plevniak et al. proposed a 3D-printed microfluidic mixer for diagnosis
of anemia (Figure 7A). In their work, they were able to integrate the device with smartphone-aided
colorimetric signal detection to overcome the distance barrier for efficient screening [105]. The device
can analyze a finger prick of blood (~5 μL) driven by capillary force into the mixing chamber where it
is mixed with an oxidizing agent in less than 1 sec with cost 50 cents/chip. Another mixing device
was introduced by Mattio et al. [106], where a complex valve design was fabricated using 3D printing
(Figure 7B). The device has eight inlets for sample and reagents connected to a valve where samples
and reagents are mixed and transferred to detector. The device was used to quantify Lead and
Cadmium in water samples extracted from soil. One inlet was used for nitric acid required for column
conditioning, other inlets were used for fluorescence reagent, Rhod-5N™, and co-reagents potassium
iodide, N,N,N′,N′-tetrakis-(2-Pyridylmethyl)ethylenediamine (TPEN) and ammonium oxalate.
143
Micromachines 2018, 9, 394
 
Figure 7. 3D-printed microfluidic mixers. (A) Microfluidic mixer for tele-diagnosis of anemia. Less than
one second of mixing required for the blood sample with the oxidizing agent; generated colorimetric
signal detected with a smartphone. Reproduced with permission from [105]. Copyright (2016) AIP
Publishing. (B) A lab on valve complex 3D-printed microfluidic chip for quantification of lead and
cadmium in water samples. Reproduced with permission from [106]. Copyright (2018) Elsevier.
3.1.4. Multifunctional Microfluidics
In the previous examples, 3D printing was utilized to fabricate microfluidics that served
only one purpose. Several researchers have proposed multifunctional 3D-printed microfluidic
devices capable of performing several tasks simultaneously. Kadimisetty et al. introduced a
microfluidic device that can analyze extracts from e-cigarette vapors [17]. The device is equipped
with sample and reagent reservoirs, in addition to an electrochemiluminescence signal detection
compartment (Figure 8A). Another multifunctional microfluidic device was also introduced recently
by Kadimisetty et al. [9], where they were able to extract, concentrate and isothermally amplify
nucleic acids in different bodily fluids as an approach for microfluidic point of care diagnostics
(Figure 8B). The microfluidic device is integrated with a membrane to isolate nucleic acids, then
placed in a chamber where loop mediated isothermal amplification is induced. Finally, the signal is
either detected colorimetrically by a mobile phone or by fluorescence with a portable USB fluorescence
microscope. This demonstrates the promising utility of 3D-printed microfluidic devices in Point-of-care
(POC) applications. Other multifunctional microfluidic devices have been proposed to detect Human
immunodeficiency virus (HIV) antibodies [107], zika virus [108] and glucose [109].
 
Figure 8. Multifunctional 3D-printed microfluidics. (A) A 3D-printed chip to detect genotoxicity of
metabolites from e-cigarette extracts. The device has a sample and reagent reservoir compartment
and a detection compartment equipped with platinum counter electrode and Ag/AgCl reference
electrode. Reproduced with permission from [17]. Copyright (2017) American Chemical Society. (B) A
3D-printed microfluidic array for isolation of nucleic acids equipped with a separation membrane and
heating compartment to amplify nucleic acids using loop mediated isothermal amplification that can
be attached to a USB microscope for fluorescence detection. Reproduced with permission from [9].
Copyright (2018) Elsevier.
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3.2. 3D-Printed Sensing Electronics
A number of researchers, especially those employing electrochemistry, are interested in 3D
printing for its ability to design and fabricate sensing electronics. Supported by the versatility of
printable materials, 3D printers have the ability to produce well defined shapes without masking
required in traditional screen printing or photolithography This enables 3D printing to fabricate
integrated electrode biosensors and electronic sensors that can be utilized as personal diagnostics
devices and POC sensors. Li et al. used a home-made 3D printer to print a conductive polymer in
polydimethylsiloxane (PDMS) or EcoflexTM to fabricate stretchable electrode sensors [110] (Figure 9A).
Using this 3D printer, they achieved a resolution of 400 μm with an electrode height of 1 mm and
detected sodium chloride electrochemically with a 1 μM detection limit and good sensitivity and
reproducibility. Another approach for 3D printing electrodes using fused deposition modeling was
proposed by Palenzuela et al. [111]. A commercially available graphene/polylactic acid filament was
used to print electrodes of distinctive shapes designed on CAD software (Figure 9B). The printed
electrodes were characterized using different redox probes and utilized to detect picric acid and
ascorbic acid in solution. In order to fabricate more complex electronics, Leigh et al. used a triple-head
fused deposition modeling printer to impede conductive filament within a nonconductive ABS or PLA
matrix [38]. Using this approach, they were able to fabricate a variety of complex functional objects
like a 3D flex sensor, capacitive buttons and a smart vessel (Figure 9C). The ability of 3D printing
to develop electronic biosensing devices was demonstrated in the fabrication of strain sensors in
biological systems [112,113] and skin-like sensors using thermo-responsive hydrogels [114]. Most of
these applications are directed towards the fabrication of electronic skin, a promising diagnostic tool
that composed of flexible and stretchable sensor that can perform several health monitoring functions
like temperature, glucose, sodium chloride and pressure sensing [115].
 
Figure 9. 3D-printed electronics. (A) 3D-printed tactile electrode sensor. Conductive PDMS doped
with carbon nanotubes were printed on PDMS or EcoflexTM to fabricate flexible electrode sensors.
Reproduced with permission from [110]. Copyright (2018) IOP Publishing. (B) A 3D-printed
graphene/polylactic acid electrode with ring or disc shape. Reproduced with permission from [111].
Copyright (2018) American Chemical Society. (C) A 3D-printed conductive carbon black electrode
in different objects from left to right: flexible glove sensor, capacitive buttons and smart vessel.
Reproduced from [38]. Copyright (2012) PLOS available under Creative Commons Attribution.
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3.3. 3D-Printed Supporting Devices
Versatility, ease of design and modification in a fast and economic manner made 3D printing
the method of choice to develop the supporting equipment and pieces required for diagnostics.
Shanmugam et al. used 3D printing to fabricate a custom designed mobile phone microscopy
support unit. This unit perfectly aligns the sample compartment with simple optics and a mobile
phone camera (Figure 10A) [116]. They also proposed a holder that can incorporate a microfluidic
chamber for analyzing flowing samples rather than stationary samples (Figure 10B). Using such
equipment, they were able to perform screening of soil-transmitted parasitic worms in resource-limited
areas. Another supporting device for a paper-based electrochemical sensor was proposed by
Scordo et al. [117]. A reagent-free sensor was proposed to test butyrylcholinesterase activity by
detecting thiocholine. A 3D-printed support equipped with a sample application hole was used to
provide the supporting strength and insulation required for electric connections (Figure 10C). Several
3D-printed supports for mobile phone-assisted diagnostics have been developed [118–120], in addition
to equipment pieces that can lower the cost of current diagnostic strategies [19,121,122] without
compromising performance.
 
Figure 10. 3D-printed support devices. (A) Soil analysis system with 3D-printed mobile phone holder
equipped with a glass slide holder where samples were fixed in a lens in between the mobile camera
and the sample holder. This jig has a replaceable filter just above the lens for fluorescence imaging.
Reproduced from [115]. Copyright (2018) PLOS available under Creative Commons Attribution.
(B) Alternate soil analysis system with the same support components, but modified to hold a
microfluidic chip for flowing samples. Reproduced from [115]. Copyright (2018) PLOS available under
Creative Commons Attribution. (C) Support device with sample application hole for paper-based
electrochemical detection of butyrylcholinesterase activity. Reproduced with permission from [116].
Copyright (2018) Elsevier.
3.4. 3D-Printed Optics
Despite the current limitations of the 3D printing of fully transparent surfaces without defects
that could affect light reflection and transmission, researchers have tried to print functional optical
components to reduce the cost and improve the performance of diagnostic devices. An interesting
example from Hinamn et al. describes a 3D-printed prism that can be used for plasmonic sensing [22]
(Figure 11A). In order to prove functionality, they deposited a layer of gold on one side of the prism
and used it to detect cholera toxins. They also printed prisms with different geometries and used
them to monitor nanoparticle growth (Figure 11B). Other researchers used two-photon polymerization
3D printing to fabricate high-resolution micro-optic components of optic fiber ends [123] and other
micro-optics [124]. 3D-printed optical tweezers for sample trapping [125] were also developed to aid
chemical and spectroscopic sample analysis. Some other 3D-printed fine optics that have not been
used yet in diagnostics have also been proposed [126,127]. Integrating compact, lost-cost, effective
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optical components is a crucial development for POC diagnostics. These examples are good candidates
for integration in POC optical diagnostic systems for medical testing [128].
 
Figure 11. 3D-printed optics. (A) 3D-printed prism polished with simple benchtop polishing decorated
with a layer of gold and used for plasmonic sensing of cholera toxins. Reproduced with permission
from [22]. Copyright (2017) American Chemical Society. (B) 3D-printed prism with a different geometry
than (A) used to monitor nanoparticle growth. Reproduced with permission from [22]. Copyright
(2017) American Chemical Society.
3.5. 3D Bioprinting
The ability to use biocompatible 3D printing substrates allowed the incorporation of biomaterials
in 3D-printed scaffolds. This facilitated the further investigation of multifunctional 3D-printed devices
that could express biomimetic activity in diagnostic applications. A bioinspired microfluidic chip
that can be attached to a whole organ was proposed by Singh et al. [129]. This microfluidic chip was
fabricated based on structured light scanning of a whole organ followed by stereolithographic 3D
printing using the scanned conformation. The as-printed device was attached to porcine kidney for
biomarker extraction and profiling (Figure 12A) without the need for tissue removal. This approach
enables the study of metabolic activities in a living whole organ, paving the way for further
investigation into drug toxicity screening and biomarker discovery.
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Figure 12. 3D bioprinting. (A) 3D-printed perfusion chip for extraction of metabolites and
biomarkers from whole organs. Reproduced with permission from [129]. Copyright (2017) Royal
Society of Chemistry (B) 3D-printed bone-like scaffold carrying bone stromal cells to study their
interactions with breast cancer cells. Reproduced with permission from [34]. Copyright (2016) American
Chemical Society.
A cell-laden bone matrix was proposed by Zhou et al. [34] to study breast cancer metastasis.
They printed a gelatin-based methacrylate hydrogel with incorporated bone stromal cells to study their
interactions with breast cancer cells (Figure 12B). An in vivo alkaline phosphatase testing platform
was introduced by Park et al. [32] using 3D-printed biocompatible calcium-deficient hydroxyapatite.
Although 3D bioprinting developments are mainly used in tissue constructs for therapeutics [130],
they offer great advancement opportunities in the field of diagnostics. These developments include
the immobilization of aptamers on silicon nitride surfaces [131], functionalizing gold electrodes with
bacterial reaction centers [132] and embedding bacteria in 3D constructs [133], all which can be useful
in diagnostic applications.
4. Conclusions and Outlook
Evolving applications and developments suggest that 3D printing will be a major player in
fabricating readily available, cheap, miniaturized, multifunctional and sensitive diagnostic devices.
Researchers from different backgrounds have developed diagnostic assays using this versatile
technology. 3D printing has been used as a tool for device prototyping and development with
photolithography most commonly used because of the availability of materials exhibiting different
properties and high resolution. However, its applications now go well beyond prototyping into
real-world device fabrication technology. That is, the fully optimized device becomes the final
diagnostic tool to be used in hospitals and clinics. In addition, 3D printing is pushing biomedical
diagnostic research towards multifunctional devices that can perform several functions, like protein
and metabolite extraction and detection using optical and electrochemical signal detection.
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3D printing technology still needs improvement in order to enhance current diagnostic abilities.
First, simultaneous printing of multiple materials with high resolution and good compatibility
is essential, especially for functional materials like conductive inks and biomimetic substrates.
Printing multiple materials with different physical properties would greatly improve the capabilities of
3D printers to produce more complex functional architectures. The ability to print active biomaterials
like enzymes and proteins in 3D formats without compromising their basic activity is also an important
requirement for better diagnostic devices.
Given the progressive nature of 3D printing, more complex microfluidic architectures can
be expected in the near future. Recent research has focused on the development of microfluidic
pumps [134], automated flow control valves [135], atomic force microscopes [136] and sophisticated
scanning electron microscope sample holders [137]. These are examples of very complex architectures
that cannot be readily approached in the averaged bioanalytical laboratory without 3D printers.
This illustrates again the significance of incorporating 3D printing in bioanalytical and diagnostic
testing research providing a platform for achieving what was believed to be imaginary in the pre-3D
printing era.
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Abstract: Molecular detection of pathogens in clinical samples often requires pretreatment techniques,
including immunomagnetic separation and magnetic silica-bead-based DNA purification to obtain the
purified DNA of pathogens. These two techniques usually rely on handling small tubes containing a
few millilitres of the sample and manual operation, implying that an automated system encompassing
both techniques is needed for larger quantities of the samples. Here, we report a three-dimensional
(3D)-printed millifluidic platform that enables bacterial preconcentration and genomic DNA (gDNA)
purification for improving the molecular detection of target pathogens in blood samples. The device
consists of two millichannels and one chamber, which can be used to preconcentrate pathogens bound
to antibody-conjugated magnetic nanoparticles (Ab-MNPs) and subsequently extract gDNA using
magnetic silica beads (MSBs) in a sequential manner. The platform was able to preconcentrate very
low concentrations (1–1000 colony forming units (CFU)) of Escherichia coli O157:H7 and extract their
genomic DNA in 10 mL of buffer and 10% blood within 30 min. The performance of the platform
was verified by detecting as low as 1 CFU of E. coli O157:H7 in 10% blood using either polymerase
chain reaction (PCR) with post gel electrophoresis or quantitative PCR. The results suggest that the
3D-printed millifluidic platform is highly useful for lowering the limitations on molecular detection in
blood by preconcentrating the target pathogen and isolating its DNA in a large volume of the sample.
Keywords: immunomagnetic separation (IMS); bacterial pathogen; 3D printing; preconcentration;
DNA purification; molecular diagnostics
1. Introduction
It is important to accurately detect pathogens in clinical samples at very low concentrations [1,2].
Methods for detecting pathogens in clinical samples, such as blood and saliva, include bacterial culture
and polymerase chain reaction (PCR) [3]. However, when detecting pathogens in clinical samples,
there are limitations because of the presence of substances that inhibit PCR [3,4]. Thus, such methods
of detection still require sample pretreatment to isolate the target microorganisms and purify their
nucleic acids [3–5]. Among these pretreatment techniques, immunomagnetic separation (IMS) [5,6] and
magnetic silica bead (MSB)-based DNA purification [7–9] are the most popular. However, these two
technologies usually rely on handling small tubes containing several millilitres of the sample and
manual operation; thus, there is an urgent need for automated systems that can process large volumes
of the samples simultaneously because higher concentrations of purified DNA can be obtained by
preconcentrating the pathogens and purifying DNA from larger volumes of samples.
In the past few decades, microfluidic devices (μFDs) have been developed as platforms that
can detect pathogens [10–12]. In particular, μFDs offer several advantages for detection when
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integrating IMS. For example, μFDs have a large surface area, thus allowing antibody-conjugated
magnetic nanoparticles (Ab-MNPs) and targeted bacterial cells to quickly bind to each other [13].
In addition, the magnetic interaction between the Ab-MNPs and permanent magnets is very strong
in the thin microchannels of the μFDs, and the bacteria–Ab-MNP complexes can be trapped easily
and quickly [14]. Recently, efforts have been made to extract and isolate target DNA using either
MSBs or IMS in μFDs [7–9,15,16]. However, conventional μFDs [13–16] are typically not suitable for
processing samples larger than 1 mL due to the small dimensions (~1 mm) of their microchannels.
In addition, their fabrication requires multiple layers and several bonding steps, making them difficult
to mass-produce. Most recently, we have demonstrated that a three-dimensional (3D)-printed μFD
(3DpμFD) is an excellent platform for detecting pathogens because of its high speed, integration,
and automation [17]. Compared to photolithography and soft lithography, 3D printing has many
advantages when printing μFDs because this technique easily enables the printing of high aspect ratio
structures and does not require complex binding steps to form a monolithic structure. In recent years,
considerable efforts have been devoted to the development of 3D printing microfluidic platforms for
separation and detection [17–19]. However, to the best of our knowledge, there have been no reports
showing the integration of both IMS and DNA purification functions into a single device.
In the present study, we report a 3D-printed millifluidic device (3DpmFD) that can perform IMS
and DNA purification of the target pathogen in 10 mL or higher volumes of samples. The performance
of the 3DpmFD was tested with Escherichia coli O157:H7 and Staphylococcus aureus in a buffer and
spiked blood samples. The performance of the device was verified by standard methods, such as
colony counting, PCR, and quantitative PCR (qPCR).
2. Materials and Methods
2.1. 3D Printing of the Millifluidic Device
The millifluidic device was 3D-printed using a digital light processing (DLP) 3D printer (IM-96)
(Carima Co., Seoul, Korea). This 3D-printing technique was based on photopolymerisation by emitting
visible light at 405 nm onto a photocurable resin. The 3D sketch of the device was designed using
the Student edition of Inventor® Professional (Autodesk Inc., Seoul, Korea). This 3D sketch was cut
into 100-μm-thick layers in the z-axis direction using the Carima Slicer software and was separated
into 115 layers. Each layer was irradiated for 1.5 s. After the 3D-printing, the printed structure was
washed with 70% ethanol for 5 min to eliminate any uncured resin. Then, the structure was solidified
for 10 min using visible light to improve its mechanical strength. The entire process, including the
solidification step, takes 30 min and does not require any additional assembly steps.
Figure 1a,b show that the 3DpmFD (width × length × height dimensions of 20 × 30 × 10 mm3)
consists of a cylindrical chamber (diameter: 5 mm, height: 2 mm) connected to two microchannels,
a sample inlet (diameter: 2 mm), and DNA and waste outlets (diameter: 2 mm).
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Figure 1. Bacterial preconcentration and genomic DNA (gDNA) purification on the three-dimensional
(3D)-printed microfluidic device (μFD) (3DpmFD). (a) Design of the 3DpmFD. (b) A scale image of the
3DpmFD. (c) Schematic of the operational processes: (i) preconcentrating bacteria–Ab-MNP complexes;
(ii) extracting gDNA from the complexes with lysis-binding buffer; (iii) removing buffer and bacterial
debris by withdrawing flow using a pump; and (iv) eluting gDNA from MSBs with elution buffer.
2.2. Bacterial Culture
The bacterial strains used in this study were E. coli O157:H7 (ATCC 43894) (American Type Culture
Collection, Bethesda, MD, USA) and S. aureus (ATCC 29213) (ATCC, The strains were grown overnight
in Luria broth (LB)) (Becton, Dickinson and Company, Franklin Lakes, NJ, USA) at 200 rpm and 37 ◦C.
The culture was then diluted 100-fold with fresh LB and incubated again at 200 rpm and 37 ◦C until
the optical density of the sample at 600 nm (OD600) was 1. Before preconcentration, the samples were
serially diluted 10 times with phosphate-buffered saline (PBS) (pH 7.4).
2.3. Synthesis of Ab-MNPs
Amine-modified superparamagnetic nanoparticles (MNPs) of 50 nm diameter were purchased
from Chemicell Co. (Berlin, Germany). The MNPs were sonicated for about 40 s to prevent aggregation.
A solution of the MNPs (1 mg/mL) in PBS was then made to react with glutaraldehyde (2.5% v/v) in
PBS at room temperature (RT) for 1 h using a rotary incubator and then washed with borate buffer
(10 mM, pH 7.0) [20]. Aldehyde-functionalised MNPs were then mixed with 50 μg/mL of affinity
purified anti-E. coli O157:H7 antibody (SeraCare Life Sciences Inc., Milford, MA, USA) or affinity
purified anti-S. aureus antibody (SeraCare Life Sciences Inc.) in borate buffer and incubated at RT
overnight. Next, Ab-MNPs were washed with 500 μL of borate buffer and then mixed with 1%
bovine serum albumin (BSA) (Thermo Fisher Scientific, Waltham, MA, USA) in PBS to block unreacted
aldehyde groups on the Ab-MNPs at RT for 1 h. To remove the unbound BSA, the Ab-MNPs were
washed with 500 μL of borate buffer again. Then, the Ab-MNPs were treated with 20 mg/mL of
sodium cyanoborohydride (Sigma-Aldrich, St. Louis, MO, USA) in borate buffer. Finally, the Ab-MNPs
were washed with Tris-HCl buffer (pH 8.0) and stored in PBS at 4 ◦C until their use.
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2.4. Effect of Flow Rates on Bacteria Capturing Efficiency in the 3DpmFD
Ten millilitres (10 mL) of PBS containing E. coli O157:H7 at 104 colony-forming units (CFU)/mL
were mixed with 200 μL of MNPs (1013 particles/mL, final concentration) conjugated with
affinity-purified E. coli O157 antibodies and the mixture was incubated at 37 ◦C and 200 rpm for
20 min in a beaker. Then, the mixture was injected into the 3DpmFD through the sample inlet using a
syringe pump (Harvard Apparatus, Boston, MA, USA) at various flow rates (1–10 mL/min) while
placing a permanent magnet (diameter: 15 mm, height: 1.5 mm, magnetic flux density: 1720 G)
underneath the chamber of the 3DpmFD.
The number of preconcentrated bacterial cells was estimated by counting the difference between
the number of uncaptured bacterial cells and the total number of bacterial cells using the standard
colony counting method [21]. Bacteria capturing efficiency was calculated using the following
equation [17]:
Capturing efficiency (%) = (Nt − Ne)/Nt × 100% (1)
where Nt is the number of bacterial cells in the sample and Ne is the number of uncaptured bacterial
cells in the sample.
2.5. Effect of MSB and Bacterial Concentration on DNA Purification
The 3DpmFD packed with MSBs (Chemicell Co., Berlin, Germany) was prepared by introducing
1 mL of PBS containing different concentrations (109 to 5 × 1010 particles/mL) of MSBs at 2 mL/min
through the sample inlet while placing a permanent magnet under the chamber and closing the DNA
outlet with a plastic pin. Different volumes (1–100 mL) of PBS containing E. coli O157:H7 or S. aureus at
various concentrations (1–105 CFU/mL, final concentration) were first mixed with MNPs conjugated
with antibodies specific to the pathogens and the mixture was incubated at 37 ◦C and 200 rpm for
20 min in a beaker. Then, the mixture was injected into the 3DpmFD packed with MSBs through the
sample inlet using a syringe pump at 2 mL/min as shown in Figure 1c-i.
To lyse preconcentrated bacterial cells, 100 μL of Lysis and Binding buffer (Chemicell Co.) were
loaded into the chamber as shown in Figure 1c-ii. The 3DpmFD was agitated by the automated
mini-vibration system (DVM-N20 vibration motor, D&J WITH Co., Ltd., Seoul, Korea) at RT for 5 min
and the blocking pins were removed from the 3DpmFD before placing it on the magnet. The buffer was
removed from the chamber through the waste channel, and then 500 μL of washing buffer I (Chemicell
Co.) and 500 μL of 70% ethanol were injected into the 3DpmFD sequentially. For the elution step,
50 μL of RNase free water was loaded into the 3DpmFD without placement on the magnet. After all
the inlets and outlets were blocked with the pins again, the device was agitated on a thermo-shaker
at 1200 rpm and 65 ◦C for 15 min. Finally, the DNA released from the MSBs was removed from the
device through the DNA outlet.
2.6. Effect of Dilution Factor of Blood on Efficiency of Sample Preparation in 3DpmFD
The use of blood was approved by the Institutional Review Board (IRB) of the university (SKKU)
and its approval number was SKKU 2017-11-006. Whole blood was purchased from Innovative
Research, Inc. (Novi, MI, USA) and this product was treated with 0.1% K2 ethylenediaminetetraacetic
acid (EDTA) to prevent blood coagulation. The hematocrit (hct) value was about 39%, which was
measured using FisherbrandTM Microhematocrit capillary tubes (Fisher Scientific Co LLC, Pittsburgh,
PA, USA) and a MicroHematocrit Centrifuge (Thomas Scientific Inc., Swedesboro, NJ, USA). Then,
1 mL of whole blood containing 105 CFU/mL of E. coli O157:H7 was diluted to 10, 25, and 50% with
PBS and 200 μL of Ab-MNPs.
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2.7. Bacterial Preconcentration and DNA Purification in Spiked Blood Samples
Then, 1 mL of whole blood was mixed with 8 mL of PBS, 1 mL of E. coli O157:H7 (10–104 CFU/mL),
and 200 μL of Ab-MNPs. The subsequent procedures were the same as those for the bacterial
preconcentration and DNA purification steps.
2.8. Detection of Bacteria by PCR and qPCR Samples
Purified bacterial genomic DNA (gDNA) was amplified by PCR, and the amplification of target
genes was verified by gel electrophoresis. The primers that were designed to amplify the 150-base
pairs (bp) of eae gene coding intimin adherence protein in E. coli O157:H7 consist of a forward
primer (GGCGGATTAGACTTCGGCTA) and a reverse primer (CGTTTTGGCACTATTTGCCC).
The 207-bp of nuc gene coding the thermonuclease of S. aureus consists of a forward
primer (ACACCTGAAACAAAGCATCC) and a reverse primer (TAGCCAAGCCTTGACGAACT).
The conventional PCR was performed using a PCR reagent by MJ MINI™ thermocycler (Bio-RAD,
Hercules, CA, USA). The PCR products were separated in a 1.5% TAE (Tris base, acetic acid, and EDTA)
(50 ×) agarose gel at 100 V for 30 min.
The qPCR was performed using LightCycler® Nano (Roche, Basel, Switzerland), and its cycle
threshold (Ct) value was determined. The same primer sets as those used for the PCR were used here.
3. Results and Discussion
3.1. Effect of Flow Rate on Bacteria Capturing Efficiency in the 3DpmFD
The capturing efficiencies at flow rates of 1, 2, 5, and 10 mL/min were 94%, 92.5%, 62.1%,
and 47.9%, respectively (Figure 2). The results show that it is difficult to capture bacteria–Ab-MNPs
complexes at high flow rates, such as 5 mL/min and 10 mL/min, with the magnetic force of the
permanent magnet located at the bottom of the device. Since there was no statistical difference in
1 mL/min and 2 mL/min, we selected 2 mL/min as a flow rate for the following experiments.
Figure 2. Effect of flow rate on bacteria capturing efficiency in 3DpmFD. Ten millilitres (10 mL)
of PBS containing E. coli O157:H7 (104 CFU/mL) and Ab-MNPs (1013 particles/mL) were injected
into 3DpmFD at different flow rates (1–10 mL/min). *: p < 0.05, ***: p < 0.001. Student t-test.
Sample number = 3.
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3.2. Optimisation of MSB Concentrations for DNA Purification using 3DpmFD
To find the optimal number for MSBs for DNA purification using the 3DpmFD, it was packed with
different particle numbers (1 × 109 to 5 × 1010) of MSBs before introducing 10 mL of PBS containing
103 CFU/mL and Ab-MNPs containing 1013 particles/mL. All the bacteria capturing efficiencies were
about 90%, suggesting that the number of MSBs does not affect the bacterial capturing efficiency on
the 3DpmFD.
Figure 3a shows that gDNA concentrations obtained using the 3DpmFDs increase as MSB
concentrations in the range of 109 to 1010 particles/mL increase. The maximum gDNA concentration
was obtained using the 3DpmFD packed with 1010 particles/mL of MSBs. However, the gDNA
concentrations at 5 × 1010 MSBs/mL were lower than those at 1010 MSBs/mL. This may be
attributed to the fact that 50 μL of the elution buffer was not sufficient to fully wet the MSBs in
the 3DpmFD. Thus, some DNA might not have been released from some of the MSBs, resulting in
lower gDNA concentrations.
Figure 3. Effect of MSB and bacteria concentrations on DNA purification on the 3DpmFD: (a) gDNA
concentration with different concentrations (109–5 × 1010 particles/mL) of MSBs for 103 CFU/mL of E.
coli O157:H7; (b) gDNA concentration with different concentrations (1–105 CFU/mL) of E. coli O157:H7
using 1010 particles/mL of MSBs *: p < 0.05, ***: p < 0.001. Student t-test. Sample number = 3.
When the 3DpmFDs packed with 1010 MSBs/mL were injected along with 10 mL of PBS containing
E. coli O157:H7 at different concentrations (1–105 CFU/mL) at a rate of 2 mL/min, the gDNA
concentration obtained using the 3DpmFDs increased as the bacterial concentrations increased in the
range of 1 to 103 CFL/mL, but did not increase any further at concentrations of 104 and 105 CFU/mL
(Figure 3b), thus indicating that the surfaces of the MSBs were saturated with gDNA at such high
concentrations. For such high concentrations, the sample solutions should be diluted to obtain
accurate measurements.
3.3. Effect of Preconcentration and gDNA Purification Using 3DpmFD on Molecular Amplification of Genes
in PBS
Once 10 mL of the Gram-negative pathogen E. coli O157:H7 at different concentrations
(1–103 CFU/mL) was preconcentrated and its gDNA was purified in a sequential manner using
the 3DpmFD, the gDNA was amplified using either PCR or qPCR to verify the yield. The results
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were compared to those obtained from either untreated samples or samples prepared with only the
preconcentration step using 3DpmFD. In the samples with the preconcentration–purification steps,
a concentration as low as 1 CFU/mL was detectable using PCR with gel electrophoresis (Figure 4c),
whereas in the untreated samples and samples with only the preconcentration step, concentrations
as low as 103 CFU/mL and 10 CFU/mL were detectable, respectively (Figure 4a,b). A similar trend
was observed with qPCR. Considering that Ct values below 35 are reliable, a concentration as low as
1 CFU/mL was detectable in the samples with the preconcentration–purification steps using qPCR
because its Ct value was 30.7 (Figure 4f). Concentrations as low as 103 CFU/mL and 10 CFU/mL
were respectively detectable in the untreated samples and samples with only the preconcentration step
because their respective Ct values were 30.8 and 33.4 (Figure 4d,e). This remarkable improvement in
the samples with the preconcentration–purification steps in detection using PCR and qPCR can be
explained as follows. In the sample with only the preconcentration step, the Ab-MNPs can improve the
detection by providing higher numbers of bacterial cells to the PCR and qPCR. However, Ab-MNPs and
cell debris can inhibit DNA polymerase, so that the benefit offered by the bacterial preconcentration is
decreased due to the modest interference from Ab-MNPs and cell debris in DNA amplification [22].
By including both preconcentration and purification steps in the 3DpmFD, only purified gDNA can be
provided to the PCR and qPCR. This results in the enhancement in detection using PCR and qPCR.
Figure 4. Confirmation of E. coli O157:H7 preconcentrating and DNA purifying efficiency using either
PCR with gel electrophoresis and qPCR; (a) Gel electrophoresis of PCR products (eae gene) from 10 mL
PBS containing E. coli O157:H7 at different concentrations (1–103 CFU/mL) before preconcentration;
(b) after preconcentration; (c) after bacterial preconcentration and DNA purification; (d–f) qPCR results
of (a–c), respectively.
The performance of the 3DpmFDs were further tested by preconcentrating the Gram-positive
pathogen S. aureus at different concentrations (1–103 CFU/mL) and purifying its gDNA using
the 3DpmFD. Similar to the results (Figure 4) for E. coli O157:H7, significant improvements in
the detection of S. aureus by both molecular diagnostics techniques, PCR post gel electrophoresis
and qPCR, were observed in the samples with the preconcentration–purification steps. The lowest
concentration for the detection in the samples with both preconcentration–purification steps using
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PCR post gel electrophoresis was 102 CFU/mL (Figure 5c), whereas those for the samples with only
the preconcentration step were 103 CFU/mL (Figure 5b). However, S. aureus at all the concentrations
(1–103 CFU/mL) in the untreated samples was not detectable (Figure 5a). A similar trend was
observed using qPCR. The cell walls of Gram-positive bacteria are thicker than those of the
Gram-negative ones [7] and are hard to lyse by thermocycling of PCR. As a result, even at 103 CFU/mL,
the concentration of gDNA released from the lysed cells was not sufficient to be detected using PCR
gel electrophoresis and qPCR. With the preconcentration step, bacterial numbers increased and their
gDNA was detectable in the sample containing 103 CFU/mL. Further improvement in the detection
was possible when the preconcentration and purification steps were included in the 3DpmFD because
the Lysis and Binding buffer in the DNA purification step induces cell lysis. Together with the
results in samples containing E. coli O157:H7, these results suggest that gDNA purification is required
as an addition in the 3DpmFD to improve the detection of bacterial pathogens using molecular
diagnostic methods.
Figure 5. Confirmation of Staphylococcus aureus preconcentrating and DNA purifying efficiency using
PCR with gel electrophoresis and qPCR; (a) Gel electrophoresis of PCR products (nuc gene) from 10 mL
PBS containing S. aureus at different concentrations (1–103 CFU/mL) before preconcentration; (b) after
preconcentration; (c) after bacterial preconcentration and DNA purification; (d–f) qPCR results of
(a–c), respectively.
3.4. Dilution Effect on Preconcentration–Purification Efficiency in Blood Samples
We investigated the effect of dilution of blood on the preconcentration–purification efficiency by
3DpmFD. The bacteria capturing efficiency increased as the dilution factor increased. It was about 82%
in the whole blood, while it was about 100% in 10% blood. These results suggest that the capturing
efficiency was negatively affected by blood and blood dilution is required for the preconcentration
step (Figure S1).
Post gel electrophoresis with PCR (Figure 6a) shows that blood should be diluted at least 50% to
detect 105 CFU/ml of E. coli O157:H7 in the blood samples (Figure 6a). A similar trend was observed
in the qPCR result (Figure 6b). There, 105 CFU/ml of E. coli O157:H7 in all the diluted blood samples
was detectable because their Ct values were lower than 35. However, Ct values increased as the ratio
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of blood in the diluted blood samples increased, suggesting that the ratio of blood should be lowered
to 10%.
Figure 6. Confirmation of effect of dilution factor of blood on preconcentrating and gDNA purification
efficiency with E. coli O157:H7 using PCR with gel electrophoresis and qPCR; (a) Gel electrophoresis of
PCR products (eae gene) from different blood dilutions (10, 25, 50, and blood) containing 105 CFU/mL
of E. coli O157:H7 after bacterial preconcentration and DNA purification; (b) qPCR result.
3.5. Spike Test in 10% Blood
Blood has a lot of molecular diagnostic inhibitors, such as hematin and haemoglobin, and they
prevent the action of Taq polymerase [23]. IgG in the blood also interferes with the activation of
Taq polymerase as it interacts with single-strand DNA at high temperatures [24]. To minimize this
inhibitory effect on molecular amplification, users have to use commercial kits and systems for
purifying bacterial DNA from blood [25–28]. The QIAamp blood mini kit can purify DNA in 200 μL
of blood without any dilution but cannot differentiate bacterial DNA from the DNA of blood cells.
Microfluidic devices are not suitable for processing a large volume of samples, such as 10 mL, due to
its slow flow rates in the range of 1–10 μL/min [27,29]. The hollow spinning disk system does not
require the dilution of blood samples but only about 40% of bacteria can be isolated from the plasma by
the system [30]. Figure 7 shows that the performance of the 3DpmFD for the sample preparation from
10 mL of 10% diluted blood with E. coli O157:H7 is excellent because E. coli O157:H7 can be detected
for a concentration of up to 1 CFU/mL with the preconcentration and purification steps, which is 100
and 10 times lower than without sample treatment (Figure 7a,b). These results are also confirmed by
qPCR through the difference between the Cq values of the samples (Figure 7d–f). The Cq value of
the 1 CFU/mL is 30.6 and that of the 103 CFU/mL without sample preparation is 33.8. These results
suggest that the 3DpmFD can selectively preconcentrate the bacterial pathogen of interest and purify
bacterial DNA from diluted blood samples.
For this reason, Figure 7a shows that the limit of detection is 103 CFU/mL without sample
preparation. Thus, it is very hard to detect pathogens in blood samples using PCR without any sample
preparation steps. However, Figure 7c shows that the 3DpmFD can eliminate the molecular diagnostic
inhibitors effectively. This is equivalent to a 50-fold improvement of sensitivity compared with the
microfluidic device for the detection of E. coli O157:H7 in 10% blood [31]. These results suggest that
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3DpmFD is well-suited for improving the level of detection (LOD) in blood by including both bacterial
preconcentration and DNA purification steps.
Figure 7. Confirmation of preconcentrating and DNA purification efficiency of E. coli O157:H7 in 10%
blood using PCR with post gel electrophoresis after PCR (a–c) and qPCR (d–f). (a) Gel electrophoresis of
PCR products (eae gene) from 10 mL of 10% blood containing E. coli O157:H7 at different concentrations
(1–103 CFU/mL) without preconcentration; (b) after preconcentrating; (c) after preconcentrating and
DNA purification; (d–f) qPCR results of (a–c), respectively.
4. Conclusions
In this study, we report an improvement in detection for molecular diagnostics by successfully
integrating both bacterial preconcentration and DNA purification in the 3DpmFD. The performance
of the 3DpmFD shows that it is possible to preconcentrate very low concentrations of pathogens in
10 mL of 10% blood within 30 min, and 1 CFU/mL of E. coli O157:H7 can be detected by either PCR
with post gel electrophoresis or qPCR. These results demonstrate that it is highly useful for improving
molecular diagnostic methods in blood samples with the addition of the DNA purification step.
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Abstract: We report on the fabrication of a syringe-based platform for automation of a colorimetric
malaria-Ab assay. We assembled this platform from inexpensive disposable plastic syringes,
plastic tubing, easily-obtainable servomotors, and an Arduino microcontroller chip, which allowed
for system automation. The automated system can also be fabricated using stereolithography (SLA)
to print elastomeric reservoirs (used instead of syringes), while platform framework, including rack
and gears, can be printed with fused deposition modeling (FDM). We report on the optimization of
FDM and SLA print parameters, as well as post-production processes. A malaria-Ab colorimetric test
was successfully run on the automated platform, with most of the assay reagents dispensed from
syringes. Wash solution was dispensed from an SLA-printed elastomeric reservoir to demonstrate
the feasibility of both syringe and elastomeric reservoir-based approaches. We tested the platform
using a commercially available malaria-Ab colorimetric assay originally designed for spectroscopic
plate readers. Unaided visual inspection of the assay solution color change was sufficient for
qualitative detection of positive and negative samples. A smart phone application can also be
used for quantitative measurement of the assay color change.
Keywords: diagnostics; liquid handling; microfluidics; multiplex assays and technology;
stereolithography; sample preparation; 3D printing
1. Introduction
1.1. Preface
Lab-on-a-chip systems are used to perform personalized health diagnostic tests (like bioassays)
away from the lab [1]. Implementation of bioassay automation reduces the cost of medical personnel
and diminishes the incidence of human errors [2,3]. Point-of-care (POC) diagnostic platforms are
required to have low cost, low power use, be reliably automated, and free of sophisticated detection
technologies [4]. POC platforms have already been realized in the form of lateral flow immunoassays
(pregnancy tests) and paper fluidic colorimetric assays [5]. Unfortunately, the aforementioned POC
devices are based on capillary flow, and therefore do not work well when more complex multi-step
bioassays are performed [6]. In these cases, some other fluid propulsion mechanisms instead of
capillary flow are required. There are many POC devices that rely on active propulsion techniques,
like centrifugal propulsion, electrowetting, and magnetic beads [7,8]. These tests typically entail
increased fabrication and material cost, complex automation schemes, and sophisticated hardware.
Micromachines 2018, 9, 502; doi:10.3390/mi9100502 www.mdpi.com/journal/micromachines169
Micromachines 2018, 9, 502
In this work, we developed two distinct approaches for the realization of an inexpensive
automated colorimetric immunoassay with multiple wash steps: (1) A fused deposition modeling
(FDM)-printed (non-disposable) frame was used and a disposable fluidic chip that includes an
elastomeric dome and fluidic channels fabricated using SLA, was printed, where the fluidic
movement was facilitated by servomotors pushing on the elastomeric dome, and propelling the
reagents or wash from the domed reservoirs through fluidic channels to the test chamber, or (2) an
FDM-printed non-disposable frame was used, with servomotors connected to standard inexpensive
and readily-available disposable plastic syringes filled with wash and reagents to automate the steps
of the assay.
Draining of the test chamber was performed with a syringe attached to a servomotor,
where negative pressure was created by the pulling on the syringe plunger. All automation was
controlled by a program uploaded to the Arduino-based electronic board of the platform via a computer.
The test results of the colorimetric bioassay can be assessed by eye (for qualitative measurements) or
with a smart phone for quantitative measurement, and e-mailed or texted to a hospital or doctor’s
office [9,10]. In this work, we created a proof-of-principle platform that utilized elements of both
approaches (1) and (2), as outlined above.
We used plastic syringes for most of the platform reagent reservoirs, including drainage and waste.
The wash reservoir consisted of an SLA-printed elastomeric dome. Thus, the feasibility of both
approaches was tested at the same time. The automated platform demonstrated in the presented work
proved the viability of both approaches: (1) Construction of an automated bioassay platform using
syringes only, or (2) a printed dome-based bioassay platform. To our knowledge, this study constitutes
the first demonstration of an SLA-based dome bioassay platform and a syringe-based automated
bioassay platform. The concepts developed in the present work build on prior research that utilized
FDM to fabricate a fluidic chip with embedded microchannels [11]. Fluid leakage was a recurring issue
in the design, due to the layer-by-layer deposition nature of FDM. Our present fabrication approach
utilizes syringes and photocurable resin crosslinked using SLA, thus mitigating the problem of fluid
leakage. The present platform employs FDM printing for the fabrication of parts that are not in contact
with fluids, such as the non-disposal platform frame and the gear/rack mechanisms. Additionally,
the prior fluidic platform design used molded silicone domes that needed to be sealed to the body of
3D printed fluidic chip. Our present fabrication route avoids the need to seal the domes to the plastic
chip by 3D-printing the integrated dome.
The proposed approach is useful in making POC bioassays more widespread. All of the parts and
materials required for the demonstrated platforms are inexpensive and widely available. For example,
a hospital in rural India with an FDM printer could be sent a stereolithography file (STL file) to print
a frame. The Arduino electronic board and other parts, such as servomotors, can be easily acquired.
All the parts and materials to produce our automated platform cost less than $100, while all disposable
materials, including syringes, tubing, and reagents, cost around $5 per test.
If an exclusively syringe-based platform is utilized, the only disposable parts needed are plastic
syringes. The syringes would be filled with a prescribed volume of reagents, and the required program
uploaded to the Arduino board. This approach provides the most flexibility to perform a wide range
of bioassays on the spot, as it does not require all the reagents in typical pre-packaged volumes.
This simplifies assay logistics, including that of cold storage of reagents [12]. We expect that our
proposed recipes and programs will be readily available for download by non-profit organizations
and reagent makers.
There is a growing interest in manufacturing functional parts inexpensively with high-aspect-ratio
geometry and complex topologies [13]. Additive manufacturing (AM), including various types of 3D
printing, is an increasingly popular form of fabrication [14]. The AM process requires a part to be
designed using a CAD program, such as SolidWorks, followed by the extrapolation of the structural
information into an STL file. The STL file partitions the CAD drawing into a series of volumetric
pixels, which are digitally sliced into layers along the Z direction [15]. These layers are physically
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deposited onto a substrate in layer-by-layer manner, using various AM methods, including FDM
and SLA. FDM and SLA accommodate a variety of material choices, including elastomeric materials,
allowing for the fabrication of flexible parts such as the dome-based elastic pumps presented in
this work.
In this work, we conducted a brief review of microfluidic device fabrication methods,
and emphasized recent developments in additive manufacturing. We followed this review with
a description of the fabrication processes selected for our bioassay platform. Lastly, we detailed an
outline of our experimental procedures, and described the experimental results of a malaria bioassay
performed on our automated platform.
1.2. Fabrication Techniques for Microfluidic Devices
The first traditional microfluidic devices were fabricated using glass and silicon, utilizing mostly a
toolbox of lithographic techniques employed in the semiconductor industry [16]. Equipment selection
was subsequently further developed to include femtosecond lasers to fabricate glass microfluidic
chips [17,18], and the selection of materials employed for fluidic chips was also expanded to include
such materials as “liquid Teflon” [19] and environmentally-sensitive materials such as hydrogels [20].
With the advent of soft lithography and 3D printing, there was a push to develop inexpensive and
reliable microfluidic platforms with biocompatible plastics and resins, demonstrated by the recent
fabrication trends outlined below [21–24].
1.2.1. Soft Lithography
Soft lithography is based on a three-step process where microfabrication techniques are first used
to produce a reusable mold, which is then filled with a curable epoxy Polydimethylsiloxane (PDMS)
and subsequently separated from the mold after an appropriate curing time. The molded part is
typically attached to a glass substrate using plasma treatment [25]. The soft lithography approach
allows for the usage of more expensive high-precision cleanroom lithographic techniques to produce
a mold. Once the mold is produced, it can be used multiple times to fabricate identical fluidic chips,
dramatically reducing the cost of individual fluidic microdevices.
The soft lithography approach has allowed for much more widespread adoption of lab-on-a-chip
devices, and for the production of intricate parts such as elastomeric valves. For example, the PDMS
valves used by the Quake group have facilitated the implementation of large-scale microfluidic
bioreactors for drug discovery and other applications [26]. However, when the device is assembled
from separately produced parts, the manufacturability is restricted, due to cumbersome alignment,
bonding, and assembly [24,27].
3D printing presents an approach where a complete microfluidic device is produced without
post-processing alignment and assembly steps. Commercial 3D printers are beginning to challenge the
resolutions achievable by soft lithography [28].
1.2.2. Inkjet 3D Printing (i3DP)
Inkjet 3D printing is based on inkjet technology and can operate in continuous or
drop-on-demand mode. To achieve high accuracy performance in i3DP, there are four critical
elements that must be considered: ink material, substrate properties, printing platform, and droplet
generation [29]. Inconsistency or change in any of the parameters affects the process reliability.
To maintain steady performance, i3DP needs to be used regularly; the clogging of apertures in a
print head due to drying of the ink is a persistent problem. There is considerable cost involved
in changing from one material to another, since the previous material must be flushed out by the
new resin.
One of the greatest advantages of i3DP is its ability to deliver multiple materials at the same
time during the fabrication process, allowing for a wide range of material properties (hard and soft
plastics, elastomers), and the utilization of inks of different color [30,31]. Creating prototypes with
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smooth finishes and complex shapes is possible with i3DP; flow channels have been integrated with
porous semi-permeable membranes supporting cell culture to study the transport and profiling of
drugs [32,33].
Hwang et al. utilized i3DP to print pillars with a diameter of 250 μm and found that the resolution
of the process depended on the droplet size, the printer nozzle spacing, and the reflow of the material
prior to UV curing. These factors affected the droplet spreading, changing the final dimensions of the
printed devices [34].
Paydar et al. examined multi-material 3D printing for microfluidic interconnects. They fabricated
a specialized interconnector part, composed of two rigid clamps for the mechanical attachment of a
flexible elastomeric O-ring gasket to a microfluidic device. The parts were printed in a single step,
eliminating the need for adhesives or additional assembly. While the cost of manufacturing was low,
the interconnector was characterized by low maximum sealing pressure due to material fatigue [35].
1.2.3. Two-Photon Polymerization (2PP)
Two-photon polymerization (2PP) is a laser-based technique that utilizes a femtosecond laser to
create 3D structures in the bulk of photocurable epoxy resin, employing a highly localized process
where two photons are absorbed simultaneously by the molecule being cured [36]. The synergistic
effects of optical, chemical, and material non-linearity make it possible to achieve reproducible
resolution of tens of nanometers [37].
2PP has shown great potential for fabrication in microfluidics. Kumi et al. described the fabrication
of a master for casting PDMS with rectangular microchannels of high aspect ratios by modifying SU-8
resist (material for the master) with a photoacid generator that then allows for the use of 2PP on
SU-8 resist. By using the modified resin, the fabrication speed was also increased from 200 μm·s−1 to
10,000 μm·s−1 with a print time of 1 h. This technique required extensive resin preparation and had a
slow build speed [38].
Kawata et al. achieved resolutions of 120 nm, and other attempts included the use of new
photo-initiators, a continuous scanning mode, a shorter wavelength, a longer exposure time,
and confining the polymerization phenomenon using a quencher molecule [39]. Sugioka et al.
conducted a comprehensive review of the fundamentals and fabrication of 3D micro- and
nano-components based on 2PP [40].
While 2PP currently produces the highest resolution for microfabricated three-dimensional
structures, it is a very time-consuming process: the time required to fabricate a 1 mm3 volume
microfluidic structure exceeds 104 days [41]. The high cost of femtosecond lasers, positioning systems,
optics, and the difficulty of working with multi-material systems are some factors hindering the
utilization of 2PP for the mass-production of microfluidic devices.
1.2.4. Fused Deposition Modeling (FDM)
FDM is one of the most widely used additive manufacturing techniques. Many polymers used
with FDM techniques are inherently biocompatible [42]. In FDM, filament material is extruded through
nozzles and deposited onto a heated substrate [43]. Due to the inherent propensity of melted fiber
to solidify as a line, there are limitations in the dimensional accuracy and the surface texture of the
produced parts, resulting in a staircase pattern that is ubiquitous on many parts that are produced
with FDM.
Lee et al. printed microfluidic features via FDM and evaluated the printing resolution, accuracy,
biocompatibility, and surface roughness of acrylonitrile butadiene styrene (ABS) with P430 filament.
They found that the accuracy of the printed features had an average deviation of 60.8 μm and 71.5 μm
along the Y and X axis, respectively. The surface of the printed channels was rough with protruding
filament strands [44].
Kitson et al. fabricated polypropylene reactionware with cylindrical channels 0.8 mm in diameter.
The devices could be fabricated in a few hours and could avoid blockages due to the formation of
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precipitates. The potential of 3D manufacturing was demonstrated by stopping mid-point in the
fabrication process to deposit solid reagents into a chamber, which was then sealed with the printer.
This is a valuable feature not so easily realized with i3DP or stereolithography [45].
Bishop et al. created a semi-transparent fluidic device using poly(ethyleneterephthalate) with
threaded ports, enabling the integration of commercial tubing as well as specially designed 3D
fittings [46]. The transparent device included 800 μm × 800 μm square channels. A low-cost desktop
Makerbot (New York, NY, USA) 3D printer was used for fabrication of the device. Prussian blue
nanoparticles were synthesized in their lab and mixed in a 3D printed channel and applied to electrode
surfaces for sensing of H2O2.
Recently, Dolomite (Royston, UK) launched a production line that offered an FDM printer
specifically designed for fabrication of microfluidic platforms [47]. The printer head design allowed
for reliable printing of cyclic olefin copolymer (COC). Their new software guided the production to
guarantee smooth surface finish inside the channels. This is contrasted with conventional 3D printing,
which emphasizes outside surface texture.
1.2.5. Stereolithography (SLA)
SLA is an attractive option for microfluidics due to increasing availability of SLA printers utilizing
inexpensive micromirror-based projectors, including some printer kits costing as little as $100 [48].
The performance of SLA printers is quantified by the dimensional accuracy and the surface roughness
of the printed object [49,50]. These factors are influenced by the fabrication settings: object orientation,
layer thickness, resin properties, and build style. The minimum cross-sectional area of a microchannel
made by SLA depends on the laser spot size and the resin viscosity. This resin must be drained
post-print [51].
Recent developments have expanded the SLA material selection for a single print to include
elastomers and ceramics, while some printers are capable of using multiple resins. It is predicted
that in the future it will be possible to use SLA to fabricate metallic sensors and actuators on flexible
membranes [51–53].
Comina et al. used a Miicraft (Hsinchu, Taiwan) 3D printer to fabricate a reusable mold for PDMS
casting [54]. The molds had structures of multiple feature sizes ranging from 50 μm to several mm.
The resin had to be manually coated with protective ink to be properly used with PDMS. The Miicraft
was also used to print a device with open fluidic channels that are subsequently sealed on top with the
adhesive tape. In another study, Comina et al. printed a unibody lab-on-a-chip (LOC) consisting of
a separate microfluidic level, and a layer with optical components. The integrated finger pump was
used to initiate the preparatory sequence of mixing two reagents and three analytes. The colorimetric
glucose sensing assay was read by a smart phone [55].
Wang et al. demonstrated an effective approach to fabricating structural devices using 3D printing.
A monomer initiator was added to the Miicraft resin to allow for modification of the surface properties
such as hydrophobicity and hydrophilicity [56].
Shallan et al. used a Miicraft printer for the fabrication of a transparent microfluidic device with
enclosed 250 μm diameter channels [57]. The dimension of the printed channels had a deviation of 50 to
100 μm from the designed dimensions, and the roof of the sealing channel was rough. This could be
improved through changing the curing depth, intensity, exposure wavelength, and time. They argued
that inexpensive Miicraft provides a sufficient resolution for most microfluidic devices.
Patrick et al. printed fluidic open channels using a laser-rastering SLA printer (Form1+, Formlabs,
Somerville, MA, USA) [58]. They found that the smallest achievable diameter of a circular channel was
900 μm, and the smallest channel side for a square channel was 650 μm. The surface topology was
inspected using SEM and visible striations were discovered. Overall, the cost of the materials for each
fluidic chip was around $6.
A sample library of standardized microfluidic components was manufactured using SLA
by Lee et al. and Bhargava et al. [59,60]. These parts were then used to create a number of
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modular and reconfigurable microfluidic units. This approach allowed for the creation of complex
microfluidic designs based on simple interlocking fluidic modules. The library allowed for the further
miniaturization of microfluidic elements and materials.
The Folch lab has printed diaphragm valves and a peristaltic pump integrated within a LOC
device printed using SLA with biocompatible Somos WaterShed XC 11122 resin (Elgin, IL, USA) [61].
The valves were leakage free at a closing pressure of 6 psi (provided by the compressed air), and they
were operated over many cycles. These valves are regarded as functional modules: two valves can
be paired to build a switch, or three valves can be put together in a series to build a pump [62].
However, the portability of these microfluidic devices was limited by the need to use peripherals such
as gas canisters.
1.3. Combining Several Fabrication Techniques to Manufacture an Automated Fluidic Malaria Enzyme-Linked
Immunosorbent Assay (ELISA) Bioassay Platform
Each of the techniques discussed thus far has its own set of advantages and disadvantages.
For example, stereolithography, while allowing for higher resolution, is more expensive and less
accessible than fused deposition modelling [63]. Therefore, in this work, we applied a combination of
fabrication techniques.
In one approach when only an FDM printer is available, we developed a system based on
disposable plastic syringes coupled to programmable servomotors. FDM was used to print the
non-disposable frame for an automated colorimetric malaria detection test based on enzyme-linked
immunosorbent assay (ELISA). In another approach, when the end user has access to an SLA
system, we developed a fabrication approach for SLA to produce elastomeric domes with
integrated microfluidic channels. Flow of reagents was facilitated by servomotors compressing
the elastomeric dome, and propelling the reagents through a microfluidic channel into a connected
test chamber. In this approach, the frame was still printed using an FDM printer. We avoided
fabricating microfluidic channels using FDM, because filament-based deposition often resulted in a
“staircase effect” as discussed previously, causing fabricated structures to be prone to leakages.
2. Materials and Methods
2.1. Fused Deposition Modeling and Stereolithography
The FDM parts were manufactured using a acrylonitrile butadiene styrene (ABS) filament
on a dual extruder AirWolf HD2x printer (Costa Mesa, CA, USA). The printing parameters,
including extrusion, travel speeds, and printer head temperature, were optimized as discussed in the
“Results and Discussion” section below. A Formlabs’ (Somerville, MA, USA) Form 1+ SLA printer was
used to produce the elastomeric domes and integrated fluidic microchannel from proprietary flexible
clear resin GPCL02 sold by Formlabs.
2.2. Automation of Malaria-Ab Colorimetric ELISA
A malaria-Ab ELISA colorimetric detection kit (IBL International GmbH, Hamburg, Germany)
was used to test functionality of the fabricated automated platform. The colorimetric assay was
designed to detect antibodies in subjects infected with four Plasmodium species that cause malaria.
The most significant parasitic diseases in humans are: P. falciparum, P. vivax, P. ovale, and P. malariae [64].
The ELISA kit contained clear polystyrene wells coated with recombinant antigens. When the test
sample (either serum or plasma) was added to the well, the specific antibodies in the sample combined
with antigens in the well. Subsequently, a conjugate solution of recombinant antigens conjugated to
horseradish peroxidase was added to the well, and these antigens reacted with the specific antibodies,
if they were present.
When the substrate solution of urea peroxide and tetramethyl benzidine was added to the well,
it led to a change in solution color from colorless (in case of no specific antibodies present) to blue
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(when antibodies were present), and finally to yellow when the stop solution was added. It is possible
to determine the concentration of the antibodies in the sample by measuring the color intensity with
spectral analysis, but in this proof-of-concept study, we limited our experiments to the positive and
negative controls provided with the kit. The full details on the recommended volumes of reagents
and incubation temperatures were provided by the kit manufacturers and they are summarized in
Table 1 [65].
Table 1. Malaria-Ab Enzyme-linked Immunosorbant Assay (ELISA) instructions as provided by the kit
manufacturer and modified steps executed by the automated bioassay platform.
ELISA Step Malaria-Ab ELISA Kit Instruction Automated Assay Modifications
Sample
Add 50 μL of the undiluted sample to
a coated well. Mix on a plate shaker
for 30 s. Incubate (covered) at 37 ◦C
for 30 min.
50 μL of sample is pipetted into the wells (O).
Incubation occurs for 1 hr at room temperature.
Wash
Wash five times with 300 μL of
working strength wash buffer. A short
soak time of about 30 s is
recommended between each
wash cycle. Tap out excess liquid.
The well is flushed with 300 μL wash solution
contained within the elastomeric dome (N) as
the movable arm (M) compresses the dome.
The arm is controlled by the servomotor (L)
and Arduino board (J). The dirty wash solution
is aspirated from the well using an aspiration
syringe located on the bottom platform.
The syringe is driven by 3D printed
rack-and-gear set (B) and the servomotor (C).




Add 50 μL of diluted (1:10) conjugate
to each well. Incubate (covered) at
37 ◦C for 30 min.
50 μL of diluted malaria conjugate is dispensed
into the reagent well (O) from a syringe (F).
The barrel of this syringe is pushed using a
servomotor (H) controlled by the Arduino
board (D). Incubation occurs for 30 min at room
temperature.
Wash See wash step above. See wash step above.
Substrate
Incubation
Add 50 μL substrate /chromogen
Tetramethylbenzidine (TMB) mixture
to each well. Incubate at room
temperature for 30 min. As the
substrate is photosensitive, it is
recommended that the plate be
protected from light during
this incubation.
50 μL of TMB substrate solution is dispensed
into the reagent well (O) from a syringe on the
syringe platform (F). The barrel of this syringe
is pushed using a servomotor (G) controlled by
the Arduino board (D). Incubation occurs for
15 min.
Stop Add 50 μL stop solution to each well.(Blue color changes to yellow).
50 μL of stop solution is dispensed into the
reagent well (O) from a syringe (F). The barrel
of this syringe is pushed using a servomotor (E)
controlled by the Arduino board (D).
Detection
Read with fluorescent microplate
reader at 450 nm (A450). Use of a
reference filter at 620–690 nm will
eliminate the effects of scratches,
bubbles, etc.
A color change is accessed visually or via a cell
phone positioned on the frame (P) with phone
camera aligned to the reagent wells (O) to read
the results using a colorimetric
detection application.
We performed incubation not at the recommended 37 ◦C, but at a room temperature, usually 20 ◦C
to 23 ◦C. Where the kit instructions recommended draining the test tube and tapping it to make sure
that all fluid exited the tube, we implemented automation where a plastic tube is placed within the test
well to reach the bottom. This tube was connected to the aspiration syringe (labeled “I” on Figure 1)
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whose plunger was pulled out by the gear and rack hardware controlled by the servomotor. Pulling of
the plunger created the suction necessary to aspirate solutions from the test well.
 
Figure 1. The automated bioassay platform is composed of two stackable boards: The bottom platform
contains a battery (A), an aspiration syringe (I) connected via a printed rack-and-gear set (B) to the
servomotor (C), which is controlled with an Arduino board (D) that also controls other servomotors
(E, G, H) that push on syringes (F) with conjugate, substrate, and stop solutions. The syringes on
the bottom board are connected via plastic tubes (4 mm outer diameter, 2 mm inner diameter) to the
well (O) on the top platform, where another battery (K) and Arduino board (J) power and control the
servomotor (L) that through arm (M), presses on an elastomeric dome (N) containing wash. The top
platform also contains a printed frame (P) onto which a smart phone can be placed to detect color
changes in the well.
Each fluidic step of the assay was performed by an action of a servomotor controlled through the
Arduino board. The servomotors’ plastic arms pushed onto the plungers of plastic syringes filled with
reagents (conjugate solution, substrate, stop solution). We elected to dispense the wash solution from
an SLA-printed elastomeric dome containing integrated microfluidic channels, in order to demonstrate
an alternative part to syringes for all steps of the assay. The elastomeric dome is easily substituted
with another syringe to transition to a completely syringe-based automated fluidic ELISA platform.
The complete automated bioassay platform is presented in Figure 1.
The sequence of the bioassay steps is summarized below. Steps of the malaria-Ab ELISA assay as
recommended by the kit manufacturer, and the modified steps are executed by the automated platform
are listed in Table 1.
(1) Pipette 50 μL of sample into the wells (O). Incubate for 1 hr at room temperature.
(2) Aspirate the sample from the well. Flush the well with wash solution contained within the
elastomeric dome (N). The wash solution is dispensed using the movable arm (M) to compress
the dome.
(3) Aspirate the dirty wash solution from the well using an aspiration syringe located on the bottom
platform. Repeat three times.
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(4) Dispense 50 μL of malaria conjugate into the reagent well (O) from a syringe (F). The barrel of
this syringe is pushed using a servomotor (H). Incubate for 30 min at room temperature.
(5) Aspirate the conjugate from the well. Repeat step 3.
(6) Dispense 50 μL of the TMB substrate solution into the reagent well (O) from a syringe on the
syringe platform (F). The barrel of this syringe is pushed using a servomotor (G). Incubate for
15 min at room temperature.
(7) Dispense 50 μL of stop solution into the reagent well (O) from a syringe on the syringe platform (F).
The barrel of this syringe is pushed using a servomotor (E).
(8) Visually inspect the color change if the platform is used for qualitative, rather than quantitative
analysis. Alternatively, position a cell phone on the frame (P) and align the phone camera to the
reagent wells (O) to read the results using a special colorimetric detection app, Color Catcher
(Cloud Innovation Team, Austin, TX, USA) [66]. This app reads RBG values from scanned or
photographed images.
2.3. Hardware
There were five servomotors used with this automated assay platform: three TowerPro-SG5010
(Shenzhen Hao Qi Core Technology Co., Ltd., Shenzhen, China) servomotors (E, G, and H on Figure 1).
These servomotors were used to push onto the plungers of syringes with the stop solution, with TMB
substrate, and with the malaria conjugate. A continuous Airtronics Servo 94102 (Sanwa Denshi Co.,
Tokyo, Japan) (part C in Figure 1) was used in conjunction with a 3D printed rack-and-gear set (B)
to pull out the plunger of the aspiration syringe. An Ultra Torque HS-645MG (Hitec RCD USA Inc.,
Poway, CA, USA) (M) servomotor was used to rotate the arm that pushed on the elastomeric dome (N)
containing the wash. The servomotors were programmed to follow the ELISA steps, dispensing the
appropriate amount of reagent between each step. These directions were uploaded to the Arduino
boards (D, J) (Seeedstudio, Shenzen, China) controlling the servomotors. The arm position of a
servomotor was determined by the pulse width-modulated (PWM) signal sent via the control board.
3. Results
3.1. Fused Deposition Modeling Optimization
The extrusion temperature for FDM was tested in the range from 225 ◦C to 240 ◦C in 5 ◦C
increments. At 225 ◦C, the filament did not have sufficient adhesion to the base plane of the printer,
while at 240 ◦C, the filament extruded out of the nozzle was difficult to control, as it was not viscous
enough. The optimal extrusion temperature was found to be in the range between 230 ◦C and 235 ◦C.
The travel speed of the printer head significantly influenced the quality of the final build. Figure 2
presents the test samples produced with the optimized extrusion temperature, and with travel speeds
of 15, 20, and 30 mm/s (left to right). The test samples had a geometry of 2.5 cm × 2.5 cm square, with a
thickness of 1.5 mm. On top of the sample, there were two structures: a T-shaped wall placed at the
edge of the test sample, and a microfluidic channel in the middle of the test sample. The microfluidic
channel had an inner diameter of 1.5 mm and an outer diameter of 3 mm. As Figure 2 indicates,
the best quality of the printed structures resulted with the extruder’s travel speed of 15 mm/s.
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Figure 2. Test samples produced with fused deposition modeling (FDM) using travel speeds of the
extruder (left to right) of 15, 20, and 30 mm/s.
3.2. Stereolithographic Fabrication Optimization
For microfluidic parts produced with SLA, one of the major challenges was the process of clearing
out the uncrosslinked resin from the enclosed microfluidic channel [67]. We evaluated the smallest
channel diameter achievable with SLA by printing chips with 1 cm, 3 cm, and 5 cm long microchannels.
Each sample contained five channels with different hydraulic diameters of 0.7 mm, 1.0 mm, 1.4 mm,
1.7 mm, and 2.1 mm (Figure 3a). The longer the channel and the smaller its diameter, the more difficult
it was to clear the channel from uncross-linked resin. For example, all of the channels in the 5 cm long





Figure 3. Test Samples containing microchannels with diameters of 2.1 mm, 1.7 mm, 1.4 m, 1.0 mm,
and 0.7 mm (right to left). The test chip lengths are 5 cm, 3 cm, and 1 cm. Prolonging the isopropyl
alcohol (IPA) soak from 30 min (a) to 6 h (b) helps with clearing the microchannels from uncrosslinked
resin. (c) A comparison between IPA soaking cleaning (left) and IPA injection cleaning (right) for the
3 cm long microchannels. IPA injection cleaning achieved superior results in cleaning the channels
from uncrosslinked resin.
Extending the IPA soak time of the SLA fabricated sample from 30 min (Figure 3a) to 6 h (Figure 3b)
helped to clear out channels better. Further extending the soak time in IPA past 6 h did not result in
any noticeable change, while the cross-linked resin started to deteriorate. The channels with diameters
of 1.75 mm and larger were cleared out even in the 5 cm long test pieces.
For straight channels, it was possible to remove the uncross-linked resin by feeding a thin wire
through the channel, but in case of tortuous channels (of sinusoidal or zig-zag geometry), this technique
was difficult to execute successfully, as the wire could not navigate the bends of the tortuous channels.
178
Micromachines 2018, 9, 502
Instead, we implemented the manual injection of IPA with a syringe directly into the channels.
This technique was more efficient and superior to the IPA soak method.
As can be seen on Figure 3c, the 3 cm long microchannels were still clogged after a 6 h IPA soak,
while the IPA injection successfully cleared the microchannels in another sample of the same geometry.
IPA injection is capable of clearing channels all the way down to microchannels with 1 mm diameter.
3.3. Channel Deformation
Channel cross-sections were distorted during FDM and SLA fabrication. Measurements in the
X and Y directions (width and height of the channels’ cross-sections, respectively) were obtained for
all channels and compared to the designed values. The cross-sections of all the channels were oval,
meaning that the diameter in the Y direction was larger than in the X direction. Figure 4 compares
the designed and measured diameters in the X and Y direction for channels made with both FDM
and SLA.
 
Figure 4. Deformations of hollow channels printed with Stereolithography (SLA) and Fused Deposition
Modeling (FDM) technologies. A total of five samples were measured for each experimental point,
and error bar heights represent one standard deviation. Designed vs measured channel diameter
measurements are presented for (a) the deformation of channels in the X direction (width of the
channels) and for (b) the deformation of channels in the Y direction (height of the channels).
It was seen that in all cases, SLA produced channel diameters that were more representative of
the initial design, while FDM was far less accurate due to spreading of the liquid filament during
printing. Both methods produced distorted channel heights due to the sagging of unsupported
filaments. However, SLA-fabricated samples channels tended to sag less than the FDM-fabricated
channels. The highest deviation observed corresponded to FDM-printed channels that were larger
than 1 mm diameter in the X direction.
3.4. Performance of the Automated System
The finalized printed LOC platform was assembled using tubes to connect the syringes to the
reservoir wells. The reagents contained within the syringes were injected into the wells (boxed in red
in Figure 5). The dead volume of the system, comprising the inner space of the tubes connecting the
syringes and the test well, equaled 0.14 ± 0.02 cm3 for each syringe. In order to compensate for that
dead volume, correspondingly larger volumes were dispensed from the syringes.
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Figure 5. Top view of the assembled automated ELISA bioassay platform. Test wells are indicated by
the red frame on the picture. See the caption of Figure 1 for a description of the individual components
of the automated platform.
An assay was performed using the automation process described in the Section 2.2 above.
A close-up photo of the positive and negative results is provided in Figure 6. The wells with the
blue solution were the positive controls, and the colorless wells represented the negative control.
The positive control solution changed from blue to yellow when the stop solution was added, while the
colorless negative controls did not change color. The positive and negative control color change was
correct, signifying the successful demonstration of the automated malaria-Ab assay.
Figure 6. Colorimetric bioassay results after the stop solution is added. The wells with the blue solution
are the positive controls and the colorless wells represent the negative controls.
Five assays were performed on the automated platform. Each assay consisted of four test wells:
two wells with positive controls and two wells with negative controls. The tests were performed
using one well at a time. Subsequent test runs were performed by replacing the tubes and manually
positioning them into another test well. All of the assays were performed successfully without any
false readings. Minor test-to-test variations (within 0.05 cm3) of the dispensed wash did not affect the
test results.
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A Windows Nokia Lumia 521 (Nokia, Espoo, Finland) smart phone with the installed Color
Catcher (Cloud Innovation Team, Austin, TX, USA) app was used to capture the RBG color code of the
solution in the well at the end of each test. There was no need to withdraw the tubes from the test well
during this image acquisition. While the color change was easily distinguishable with the naked eye,
such captured color codes are useful for performing quantitative bioassays. The video of the operation
of the automated bioassay platform during the test can be viewed online as part of the Supplemental
Materials for this article.
4. Conclusions
We have reported on the fabrication of an automated colorimetric Malaria-Ab immunoassay
platform based on readily-available parts, such as servomotors and disposable syringes. We have
also outlined an alternative syringe-based automated assay that utilizes elastomeric reservoirs
(printed using SLA) with programmable servomotors compressing elastomeric reservoirs to inject
reagents or to wash a test well. The aspiration syringe actuated by a continuous servomotor facilitated
the draining of test wells after specific assay steps.
To demonstrate the validity of our approach, we fabricated a hybrid system that included syringes
for all of the reagents except for the wash, which was contained in an elastomeric dome reservoir.
Successful validation of the automated platform was performed with positive and negative controls,
and with the reagents included in the commercial malaria-Ab immunoassay kit.
The demonstrated syringe-based automation is easily expanded to a wide variety of assays to
create flexible and affordable point-of-care platforms. Implementation of the platform is simplified
by providing rural clinics with syringe kits with pre-measured reagent syringes sealed in metallized
pouches. These pouches can be punctured by the syringe plunger during the corresponding assay
step when conducting the bioassay. Additional validation is required before the application of the
presented automated platform for qualitative (rather than quantitative) tests.
Supplementary Materials: The following are available online at http://www.mdpi.com/2072-666X/9/10/502/
s1,Video S1: Validation of a syringe-based automated point-of-care malaria-Ab immunoassay.
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Abstract: Three-dimensional (3D) printing is emerging as a method for microfluidic device fabrication
boasting facile and low-cost fabrication, as compared to conventional fabrication approaches, such as
photolithography, for poly(dimethylsiloxane) (PDMS) counterparts. Additionally, there is an increasing
trend in the development and implementation of miniaturized and automatized devices for health
monitoring. While nonspecific protein adsorption by PDMS has been studied as a limitation for
reusability, the protein adsorption characteristics of 3D-printed materials have not been well-studied or
characterized. With these rationales in mind, we study the reusability of 3D-printed microfluidics chips.
Herein, a 3D-printed cleaning chip, consisting of inlets for the sample, cleaning solution, and air, and a
universal outlet, is presented to assess the reusability of a 3D-printed microfluidic device. Bovine serum
albumin (BSA) was used a representative urinary protein and phosphate-buffered solution (PBS) was
chosen as the cleaning agent. Using the 3-(4-carboxybenzoyl)quinoline-2-carboxaldehyde (CBQCA)
fluorescence detection method, the protein cross-contamination between samples and the protein
uptake of the cleaning chip were assessed, demonstrating a feasible 3D-printed chip design and
cleaning procedure to enable reusable microfluidic devices. The performance of the 3D-printed
cleaning chip for real urine sample handling was then validated using a commercial dipstick assay.
Keywords: microfluidics; 3D printing; reusability; biofouling
1. Introduction
There is significant interest in microfluidics due to its large variety of applications, including cancer
screening [1–3], micro-physiological system engineering [4,5], high-throughput drug testing [6,7],
and point-of-care diagnostics [8–13]. In particular, point-of-care devices can help to enable routine
health monitoring and preventative care, which can improve public health while increasing healthcare
savings. In a study reported by Health Affairs, it has been shown that a 90% increase in specific
preventative screenings back in 2006 would have saved more than 2 million lives without a significant
increase in healthcare costs—in fact, a 0.2% decrease in costs was estimated [14]. Microfluidic devices
have a proven record of being effective analytical devices, capable of controlling the flow of fluid
samples, containing reaction and detection zones, and displaying results, all within a compact footprint,
and are therefore appropriate for addressing this need for routine and preventative care [15–20].
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While microfluidic devices are low-cost in terms of material cost, conventional fabrication
is challenging and costly. Furthermore, there is an unmet need to address the convenience of
implementing microfluidic devices in sophisticated medical devices: users should not need to replace
the chips routinely. To address the burdensome and expensive fabrication of microfluidic devices,
as well as the need for convenience with respect to medical devices, there is an increasing need to
develop microfluidic devices for long-term use [21–24]. While single-use microfluidic chips may
be practical for some applications, such as for prototyping and experimental testing, devices that
allow for multiple uses are better suited for high-throughput testing and point-of-care diagnostics,
as the limited lifetime of microfluidic devices has been cited as a barrier to commercialization [25].
Furthermore, market trends indicate that by 2018, the field of microfluidics was estimated to
reach $3.6–5.7 billion [26], demonstrating the continued growth of the field, particularly within
clinical diagnostics, pharmaceutical research, point-of-care diagnostics, and analytical applications.
Thus, multiuse devices will prove very useful while combatting the waste that accumulates
with disposable chips in these applications. For these reasons, the reusability of conventional
poly(dimethylsiloxane (PDMS) microfluidic devices has previously been assessed [24].
Microfluidic devices are traditionally fabricated by combining photolithography techniques for
making a master mold and soft lithography using PDMS and bonding. The process as a whole
is complex, expensive, laborious, as well as time-consuming [27]. There exist several alternative
approaches, one of which being 3D printing. Using hydrogels, Beebe et al. developed an ultrafast
fabrication platform combining liquid-phase polymerization and lithography compatible with a
variety of geometries and valve designs [28]. Another alternative is Teflon, which was demonstrated by
Rolland et al. [29]. Unlike PDMS, the liquid-Teflon, a type of photocurable perfluoropolyether (PFPE),
is resistant to swelling in common organic solvents, in addition to being liquid at room temperature
and exhibiting low surface energy, low modulus, high gas permeability, and low toxicity. Glass
can also be used for microfluidic device fabrication. For instance, femtosecond laser direct writing
can modify the interior of glass through multiphoton absorption to form microfluidic channels and
optofluidic components [30]. Femtosecond laser processing can even be used to fabricated ultrathin,
flexible microfluidic chips [31]. Microfluidic devices can also be fabricated using plastics. A study
by Wan et al. indicated that poly(methyl methacrylate) (PMMA) can be recycled for biological
microfluidic device applications. In this experiment, researchers pumped bleach and ethanol through
the microfluidic channels after the chip was used, and then they melted the PMMA so that the plastic
could be reused for multiple chip iterations [32]. While studies have indicated that the recycling
of plastic-based microfluidic chips is possible, there is a lack of research being conducted on the
reusability of microfluidic chips. Reusability is advantageous over recyclability since recycling involves
the remanufacturing of the device. Investigation is needed to determine if merely rinsing the channels
with a cleaning agent, such as a phosphate-buffered solution (PBS) or deionized (DI) water, will allow
for the microfluidic chip to be reused with negligible protein absorption and cross-contamination
between samples.
3D printing is a new technique that can bypass many limitations seen with PDMS-based
approaches, such as expensive equipment and clean room facilities, thus making the fabrication
process easier, cheaper, and more flexible [26,27,33,34]. There are various 3D printing techniques that
can be used to fabricate microfluidics. The most applicable ones to microfluidics are stereolithography
(SLA), multijet modeling (MJM), and fused deposition modeling (FDM) [27,33–35]. All techniques
use a computer-aided design (CAD) sketch as a blueprint and build the structure layer-by-layer from
printing material, which can be plastic filaments, liquid resin, or powder [27,36]. The most commonly
used commercialized 3D printing technology for micro-fabrication is the SLA technique, which is
defined as a method for making solid objects by successively printing thin layers of a curable material
(i.e., a UV-curable liquid resin) on top of the other [35]. In SLA printing, a laser beam or projector is
used to crosslink the resin in the predetermined pattern [33]. For microfluidic devices, a microchannel
is built by photo-polymerizing the channel walls and then draining the uncured resin from the channel
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cavity after the printing is complete [37]. For the purpose of microfluidic devices which involve
imaging, clear resin is available.
When a microfluidic device is first manufactured and put into use, it is assumed that the channels
will provide a clean environment for the samples to flow through. However, the size and composition
of these devices can make it unusable after just a few experiments if not designed with reusability
in mind [38]. Within the channels of a microfluidic device, the surface area-to-volume ratio is high,
meaning more of the fluid is exposed to the surfaces of the channel per unit volume. If the device
is made of a porous or hydrophobic material, it can allow molecules to stick to the channel walls,
rendering it unusable. In addition, the charge on a molecule can cause them to stick to the channel
walls if the chip is made of a polar material [39]. Further, if there are areas in the channel where the
fluid flow becomes static, especially around channel intersections, there is a high likelihood that a
molecule buildup will occur, causing elevated levels of absorption or contamination by the molecule,
or even reducing or completely inhibiting the flow through that channel [38]. Nonetheless, the change
in flow through the channel should not overshadow the larger issue: the buildup of molecules,
and possibly cells, can cause largely inaccurate results in sample testing. A primary challenge in
producing microfluidic devices for long-term use is the biofouling that often occurs on the surface of
integrated channels and features [39,40]. This phenomenon occurs, due to surface interactions between
the walls of the channels and the biological sample flowing through the channels. To address the
long-term use of microfluidic devices, there has been a growing research interest in developing new
anti-fouling methods and materials [21,22,41–43]. Additionally, other alternatives, such as recyclable
chips or reusable chips, are actively being explored [23,24,32,44].
Leveraging the advantages of 3D printing with the aim of addressing the need for reusable
microfluidic devices due to their potential societal impact, herein, a 3D-printed microfluidic chip
was designed to assess the reusability of 3D-printed chips by means of quantifying its absorption
characteristics. The proposed solution serves to validate the ability to deliver a sample and clean the
device for reusability. The core function of the demonstrated 3D-printed microfluidic cleaning chip
is to integrate a cleaning procedure into a pre-existing single-use device such that the chip/device
may be reused (Figure 1b). To facilitate the cleaning process, the cleaning chip is connected to a
syringe pump to deliver either the sample, cleaning solution, or air, at a controlled rate, depending
upon which inlet the pump is attached to; the inlet channels converge to a single outlet. In a
real-world application, the sample would flow from the outlet of the cleaning chip into the sample
handling portion of the pre-existing device (Figure 1a,b). For the purpose of assessing the protein
uptake by the chip, a calibration curve (Figure 1c) was created by injecting protein samples of
known concentration into channels of equal dimensions to the cleaning chip, performing fluorescent
assays, and using a fluorescence microscope to quantify the fluorescent light intensity, in which
a greater light intensity corresponds to a greater concentration of protein present. Specifically,
the 3-(4-carboxybenzoyl)quinoline-2-carboxaldehyde (CBQCA) fluorescence detection method was
used, in which the CBQCA fluoresces green in the presence of protein when excited by a blue light
source. For assessing the cross-contamination between samples, the sample from the outlet was
collected, CBQCA was added to the samples, and a plate reader was used to quantify the fluorescence,
thereby reflecting the amount of protein present in the samples. By performing the CBQCA assay on
samples over time during the cleaning procedure, the cross-contamination as a function of washing
volume was determined (Figure 1d).
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Figure 1. Design, core functionality, and experimental overview: (a) Generalized design of cleaning
chip. The cleaning chip device consists of inlets for the sample, cleaning solution, and air, all connected
to a single outlet. This design allows for a cleaning procedure to be performed on the chip itself and
any external microfluidic device that is connected to the cleaning chip’s outlet; (b) Core functionality
of the cleaning chip. The cleaning chip may be used in conjunction with a pre-existing microfluidic
device, which may itself perform sample handling, analysis, quantification, etc., in order to render
the external device a reusability microfluidic device by connecting the outlet of the cleaning chip to
the inlet of the pre-existing device; (c) Experimental preview of chip protein uptake. The 3D-printed
cleaning chip was connected to a syringe pump, and the cleaning solution was collected from the outlet
of the cleaning chip for protein cross-contamination quantification, while the chip itself was assessed
for protein absorption. A fluorescence detection method was used to determine the concentration of
protein present in the collected samples from the outlet and within the chip itself; the CBQCA assay
used fluoresces green by excitation with blue light. Above, the two images shown provide an example
of the fluorescent images with their respective protein concentrations. Below, the calibration curve
used for determining protein uptake by the chip was constructed by injecting known concentrations of
protein into channels of a chip and imaging the channels using a fluorescence microscope, where the
raw light intensity (on a scale from 0 to 255) was used as the independent variable; (d) Experimental
preview of cross-contamination results. Collected samples were quantified by using a plate reader
to measure the fluorescence of the cleaning solution from the outlet. The observed trend showed the
decreasing protein concentration with the increasing washing volume.
2. Materials and Methods
2.1. Design and Fabrication of 3D-Printed Microfluidic Cleaning Chip
Microfluidic cleaning chips were designed using SolidWorks CAD modeling software (SolidWorks
2017–2018, Dassault Systèmes SOLIDWORKS Corp, Waltham, MA, USA), as seen in Figure 2a. The chip
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consisted of four channels: a biological sample inlet, a cleaning solution inlet, an air inlet, and a
universal outlet. For each iteration of the chip, the outer dimensions were slimmed down to reduce
material waste, and a viewing window was added to the top and bottom of the chip to improve
through-chip visibility, while the channel width was held constant at 1000 μm. The CAD models were
then fabricated using the Formlabs Form 2 3D SLA printer (Form 2, Formlabs Inc., Somerville, MA,
USA). This 3D printer was chosen due to its high-resolution capabilities. Furthermore, clear resin was
used to fabricate the chips, so it would be possible to view the channels externally (Clear Resin GPCL04,
Formlabs Inc., Somerville, MA, USA). The clear resin also allowed for fluorescence readings to be taken
through the chip. After 3D-printed chips were fabricated, 1 mL of PDMS (Cell Guard Encapsulation Kit,
ML Solar, Campbell, CA, USA) was deposited to the viewing windows on each side of the chip in order
to improve clarity by filling pores of the surface roughness of the 3D-printed material (Figure 2a,b).
The PDMS was degassed and then baked for 20–25 min at 80 ◦C. The refractive indices of PDMS and
the clear resin have been reported as 1.4 and 1.5, respectively [45,46]. For reference, the refractive
index of mineral oil, which is often used to improve optical clarity of a rough surface, is around 1.47;
however, the bottom viewing window of the 3D-printed chip would necessitate the mineral oil-coated
surface to be overturned, which could pose a risk to the microscope used for protein quantification [47].
Due to the very similar refractive indices of the PDMS and 3D-printed material used in the fabrication
of the chip, there was negligible light interference at the interface between the two materials.
 
Figure 2. Overview of fabrication and experimental methods: (a) Microfluidic chip is first designed in
SolidWorks, and then 3D-printed using a Formlabs Form 2 printer. Post-printing, a thin layer of PDMS
is poured and cured on both faces of the chip; (b) Addition of the PDMS coating on the outside of the
chip improves visibility. See a comparison of the chip with PDMS (on the left) to the chip without PDMS
(on the right); (c) Image of experimental setup, showing the 3D-printed chip connected to a syringe
pump. The sample from the outlet of the chip was collected in microcentrifuge tubes for fluorescence
detection analysis; (d) Schematic representation of the experimental design and implementation of
the 3D-printed microfluidic chip. The concentrated BSA solution, and phosphate buffered solution
(PBS) as a cleaning solution, and air each have designated inlets which all converge to a single outlet.
The sample from the outlet, collected at set intervals, and the chip itself are then analyzed for the protein
concentration by the CBQCA quantitation method using a plate reader and microscope, respectively.
To determine the optimum channel height for the microfluidic chip, dimensions ranging from
100 μm to 1000 μm were tested. Printing success was assessed by measuring the length of each open
channel and comparing this to the expected channel length. Using 500 μm as a benchmark channel
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height, which printed semi-reliably and of which success depended greatly on printing parameters,
the ideal printing orientation was determined by analyzing the printing success, as described above,
in relation to print orientation with respect to the build platform of the 3D printer. Ultimately, the chips
were printed with an angled vertical orientation, such that the channels could self-drain excess resin
during printing. Additionally, the Form 2 had higher resolutions in the x- and y-directions than in
the z-direction. The highest-resolution layer height, 0.025 mm, was used; in the x- and y-directions,
the laser could fabricate lines down to 140 microns and holes down to 25 microns. By orienting the
chips vertically, the smallest feature size (the channels) benefited from the higher resolution of the
printer. Furthermore, by angling the chips, the cross-sectional area of the features was effectively
increased. The final chip design was assessed for printing accuracy by measuring the width of the
printed channels using a desktop microscope and comparing this to the expected 1000 μm width.
2.2. Cleaning Procedure
The 3D-printed cleaning chip was designed to enable the reusability of microfluidic chips by
implementing a simple cleaning procedure to reduce biofouling and cross-contamination between
the samples. The cleaning procedure utilized a syringe pump and the four channels of the cleaning
chip (Figure 2c,d). First, the biological sample inlet was used: a representative protein sample,
2 mL of bovine serum albumin (BSA) at a high concentration (20 mg/mL), was pumped through
the chip, with the cleaning solution and air inlets sealed, using a syringe pump set to 1 mL/min
(Thermo Fisher Scientific, Waltham, MA, USA). Following the BSA, air was pumped from the air inlet
and through all three non-air channels individually by sealing the remaining two channels, with 0.5 mL
of air for each channel, also set at 1 mL/min. The cleaning agent was then pumped, with the biological
sample and air inlets sealed, for a total of 10 mL at 1 mL/min. Pure PBS and DI water were tested
as the cleaning agent (Thermo Fisher Scientific, Waltham, MA, USA); PBS was determined to be the
superior choice. The cleaning procedure ended with a second round of the air to dry all the channels
of the chip.
2.3. Protein Cross-Contamination Quantification
While a cleaning agent was pumped through the chip during the cleaning procedure, 200 μL
samples from the outlet were collected at 13 intervals: 200, 400, 600, 800, 1000, 1200, 1400, 1600, 1800,
2000, 3000, 5000, and 10,000 μL. The protein level of these samples passing through the device was
quantified using a CBQCA fluorescence detection method (CBQCA Protein Quantitation Kit (C-6667),
Molecular Probes, Inc., Eugene, OR, USA). Using this method, BSA protein as little as 10 ng can
be detected. In the presence of protein, the CBQCA fluorescence green when excited by blue light.
To measure the cross-contamination level of the cleaning solution after passing through the system,
5 μL of KCN (20 mM) and 10 μL of CBQCA reagent (5 mM) were added to 135 μL of each sample
in a microplate. After allowing the samples in the microplate to incubate for 1 hour in darkness,
the fluorescence level was measured using a BioTek Synergy H1 plate reader (Synergy H1 Hybrid
Multi-Mode Reader, BioTek, Winooski, VT, USA).
2.4. Protein Uptake by Cleaning Chip Calibration and Quantification
In order to quantify the protein uptake by the cleaning chip, a calibration chip consisting of 10
channels of equal width and height as the channels of the cleaning chip was designed and 3D-printed.
Each channel was filled with 135 μL of a BSA-in-PBS solution of known concentrations (1, 0.5, 0.25,
0.1, 0.08, 0.06, 0.04, 0.02, 0.01, and 0 mg/mL) mixed with 5 μL of KCN (20 mM) and 10 μL of CBQCA
reagent (5 mM). After incubating for 1 hour in darkness, the channels of the chip were imaged using
a Zeiss Observer z1 fluorescence microscope (Carl Zeiss Microscopy GmbH, Jena, Germany) on the
2.5x objective. The greater the concentration of protein present, the greater the intensity of the green
fluorescence. Intensity was measured using ImageJ (v1.48k, National Institutes of Health, Bethesda,
MD, USA).
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The protein absorption by the chip—the same chip as the cross-contamination experiment after
being exposed to the 20 mg/mL BSA solution—was then characterized by adding a mixture of 135 μL
of PBS, 5 μL of KCN (20 mM), and 10 μL of CBQCA reagent (5 mM) to the chip’s channels. After a
1-hour incubation period in darkness, the channels of the chip were imaged using the fluorescence
microscope. The light intensity of the channels was compared to the intensity of the calibration chip to
determine the amount of protein absorbed by the chip. The protein uptake was quantified for four
cases: a single-use chip with DI, a single-use chip with PBS, a 6-cycle chip with PBS, and a 6-cycle
chip with PBS and a post-cleaning treatment of 10 mL of 0.25% trypsin (Trypsin-EDTA (0.25%), phenol
red, 25200-056, Thermo Fisher Scientific, Waltham, MA, USA). Trypsin is a protease which hydrolyses
other proteins, and therefore reduces the levels of protein uptake by the cleaning chip significantly by
digesting the adhered and absorbed proteins.
2.5. Longitudinal Protein Cross-Contamination
The longitudinal sample protein cross-contamination was characterized by repeatedly performing
the same analysis as for protein cross-contamination. After completion of each round of pumping
samples through the chip, the chip was cleaned following the prescribed cleaning process.
This procedure of flowing the biological/protein sample, collecting the PBS samples from the outlet,
and cleaning the chip was repeated to demonstrate the collective contamination as a result of repeated
use of the chip.
2.6. Protein Quantification for Urine Processing
The reusability of the 3D-printed cleaning chip for real urine sample handling was validated
by assessing the protein cross-contamination between samples and the protein uptake by the chip.
Urine samples were collected from volunteers according to protocol # H17-043, approved by the
University of Connecticut Institutional Review Board. All subjects provided informed consent.
For studying cross-contamination, samples were pumped through the microfluidic device and collected
in microcentrifuge tubes. Commercially available urine analysis dipsticks (Urinalysis Reagent Strips,
HealthyWiser LLC., Los Angeles, CA, USA) were then dipped into the collected samples and allowed
to incubate for 60 seconds before being imaged with a DSLR camera (REBEL T6, Canon, Melville,
NY, USA) in the RAW image mode with flash for consistent lighting. The captured images were then
converted to grayscale, such that the light intensity of the grayscale image could be correlated to a
specific protein concentration. To facilitate this quantification, a calibration curve was constructed by
least-squares curve fitting of the light intensities from images of the dipstick protein assay pads for
various BSA concentrations (0, 0.15, 0.3, 1, 3, 10, and 20 g/L).
The cross-contamination was studied for an “extreme-case” scenario, in which pumped samples
alternated between urine and high-concentration (20 g/L) BSA. A modified cleaning procedure was
performed between each sample: in addition to pumping PBS (the cleaning solution) through the
universal exit channel, PBS was also pumped through the sample inlet channel. For each cycle,
four samples were collected and analyzed using the dipstick assay: urine, post-urine PBS, BSA, and
post-BSA PBS. The protein uptake by the chip was also studied for this “extreme-case,” in addition to
exposure to pumped urine samples for 30 and 90 min. The total sample volume of the “extreme-case”
was approximately equal to the volume of the 30-min exposure to urine. For each of the three urine
experiments, protein uptake by the chip was quantified using the previously described CBQCA
fluorescent detection method and fluorescent microscope.
3. Results
3.1. Design and Fabrication of 3D-Printed Microfluidic Cleaning Chip
An early chip design (the top-most design depicted in Figure S1a in Supplementary Materials)
was fabricated with a 500 μm channel height by 3D printing at different orientations. That is, the chip
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was oriented, with respect to the print platform, at the (Formlabs Preform software, v2.17.1, Formlabs
Inc., Somerville, MA, USA) default 45-degree angle, vertically, horizontally, and lied flat flush along
the print platform. The channels of the printed chips were then injected with food dye to visualize
the printed length of each channel. The printed length (i.e., the length colored by the food dye) was
measured and reported as a fraction of the total expected length; these results are presented in Table 1.
The outlet channel consistently had the lowest printing success, attributed to the fact that the outlet
was the furthest from the print platform. As the chip was printed, the distance from the print platform
increased, allowing for greater deflection that results in misalignment and misprints. The default
orientation was chosen as the optimal orientation, despite the vertical orientation having slightly better
success, since the default angled orientation allowed for a greater amount of supports. The final chip
design (Figure S1b, Supplementary Materials) was also assessed for printing accuracy. A desktop
microscope was used to image the width of the channels. The measured printed width and the percent
error are reported in Table 2. It should also be noted that in both Tables 1 and 2, the left inlet exhibited
greater printing success than the right inlet; this can be attributed to the slight rotation about the
vertical axis used by the default orientation setting, which positions the left inlet was marginally closer
to the print platform than the right inlet. The low average percent error in printing was deemed
sufficient to not warrant a redesign of the chip’s channels.
Table 1. Analysis and comparison of print orientations. A 500 μm channel height chip was printed
using the four different possible orientations: the default angle, vertical, horizontal (along the chip’s
side), and flat (face-down). The 500 μm channel height was chosen for this quantification since it
was at the threshold of printability. The channels of the chip were injected with red dye, and the
fraction of the channel that was open was measured and recorded. For all values presented, there was
measurement error of ±0.03 (1 mm measure per 38 mm channel length). The outlet channel consistently
had inferior results due to its further distance from the build platform during printing. Vertical and













Default (45◦) 0.83 0.57 0.57 0.03 0.5
Vertical 0.83 0.73 0.67 0.13 0.59
Horizontal 0.5 0.07 0.17 0.07 0.2025
Flat 0 0 0 0 0
Table 2. Measurements and analysis of printing success of the final 3D-printed microfluidic chip design.
The expected width of all channels was 1000 μm. For all values presented, there was a measurement
error of ±0.01 μm. The actual printed width and percent error are presented.
Channel Printed Width (μm) Percent Error (%)
Outlet 924.73 7.53
Inlet (Left) 946.25 5.38
Inlet (Middle) 913.98 8.60
Inlet (Right) 892.47 10.75
Average 919.36 8.07
The progression of the chip design process is depicted in Figure S1a (Supplementary Materials),
from top to bottom. The initial chip was created with a specific focus on developing the interior channel
pattern, as well as the channel inlet/outlet ports along the perimeter of the chip. As the design iterations
continued, changes were made to the outer dimensions of the chip, reducing material usage and print
time by removing excess solid portions (Figure S1e, Supplementary Materials). In addition, a viewing
window was added, first to the top only and then to both faces of the chip, to increase through-chip
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visibility, which is particularly important for performing fluorescence imaging on the chip. The final
chip design is presented in Figure S1b (Supplementary Materials), which features large viewing
windows and an overall slim design with channels of 1000 μm wide by 750 μm high. To determine
the ideal channel height, a parallel channel chip was designed, as seen in Figure S1c (Supplementary
Materials), where each channel had a constant width of 1000 μm and the height was varied for 100,
200, 300, 400, 500, and 1000 μm. By eliminating channels that did not print (i.e., the channel was filled
with cured resin), it was deduced that the optimal channel height was between 500 μm and 1000 μm.
The final chip design was then printed with 500 μm, 625 μm, and 750 μm channel heights, and 750 μm
was ultimately the dimension with the best and most reliable printability. Using the final channel
dimensions, a calibration chip was printed (Figure S1d, Supplementary Materials), which consisted of
ten channels; each channel was then filled with different concentrations of BSA and imaged using the
fluorescence microscope.
3.2. Characterization of Protein Cleaning Procedure
The effectiveness of the cleaning process (explained graphically in Figure 3a) for reducing the
degree of cross-contamination between samples and the protein absorption by the chip was assessed
using CBQCA assay for various scenarios: after one cycle use of the chip with DI water as the cleaning
agent (i.e., the BSA sample was applied and the channels were dried and washed with the cleaning
agent), after one cycle use of the chip with PBS as the cleaning agent, after six cycles of repeated use of
a chip with PBS as the cleaning agent, and a repeat of the six cycles of repeated use with PBS and an
additional post-treatment of trypsin. For each experiment, 13 samples were collected from an outgoing
cleaning agent at different time/volume points, as described above in Methods. Two cleaning agents,
PBS and DI water, were used separately for comparison. For both of the cleaning reagents, the BSA
concentration is high at first and then decreases with the more washing volume; this decreasing BSA
cross-contamination trend follows an exponential decay as a function of washing volume. A negligible
amount of BSA was seen in PBS samples after 3000 μL, while this value was 5000 μL for DI water
(Figure 3b). These results showed that using PBS as a cleaning agent is over 4 times more effective
than using DI water, in terms of cross-contamination.
In addition to cross-contamination, the amount of protein absorption by the chip was measured
after one-cycle use and repeated cycles of sample introduction and cleaning. The fluorescent
microscope was used to measure the amount of protein in the channels after adding CBQCA. The light
intensities in the images were analyzed for each channel. The light intensities inside and outside the
channel were calculated using ImageJ software (v1.48k, National Institutes of Health, Bethesda, MD,
USA). The light intensity outside the channel was used as a control as there was no protein, and hence
no illumination occurred in that area. Figure 3c shows the average amount of protein absorption after
cleaning with PBS and DI water. The chip that was cleaned with DI water shows significantly more
absorbed BSA than the chip cleaned with PBS, (794 ± 99) ng/cm2 compared to (486 ± 104) ng/cm2,
respectively. This leads to the conclusion that cleaning with PBS is over 1.6 times as effective as cleaning
with DI water, in terms of chip protein uptake. Therefore, in further experiments, PBS was chosen as
the cleaning reagent.
The longitudinal cross-contamination was also investigated to validate the proposed 3D-printed
microfluidic chip and cleaning process for application in a setting, where a single device could be used
repeatedly. After flowing the BSA sample through the inlet, the channels were dried and washed by
flowing air and PBS through the chip. This cycle was repeated six times, with the 13 samples collected
for each cycle, and all the collected samples were analyzed with the CBQCA assay. Comparing the
obtained plate reader fluorescence results, it was clear that the amount of protein in the collected
samples is reduced by increasing the amount of washing volume (Figure 3d). The average BSA
concentration in the first 200 μL of PBS collections of all cycles was (392 ± 200) μg/mL (standard
deviation is depicted in Figure 3d using error bars) and this amount is decreased sharply within 1000 μL
of washing with PBS and then dwindled to zero. The overall trend is similar to the results of one-cycle
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cross contamination assessment. As seen in Figure 3d, the standard deviation in the measured BSA
concentration for the first four samples of each cycle is significant due to the accumulation of BSA
in the chip after each cycle; in other words, the large error bars represent the variation between
the increased number of cycles. For example, higher cycles would lie closer to the top of the error
bars, while the beginning cycles would be towards the bottom. The error bars shorten afterwards,
which demonstrated that no matter how many times the chip was used, after washing with as much as
5000 μL, all the possible BSA has been removed, or only negligible BSA is present afterwards. It should
be noted that it does not mean that all the BSA has been washed out, as some of the BSA was absorbed
and accumulated in the chip.
 
Figure 3. Protein cleaning characterization: (a) Graphical representation of one-cycle of the cleaning
procedure. The PBS from the outlet was collected at set intervals for the cross-contamination
results; (b) Cross-contamination of a single-use chip using deionized (DI) water compared to PBS
as a cleaning solution with the BSA concentration in the output PBS or DI sample using a new
chip. Cross-contamination is significantly reduced by using PBS, as compared to DI; (c) Protein
absorption by a single-use 3D-printed chip after cleaning with DI compared to PBS. After cleaning
with PBS, approximately half as much protein uptake remained, as compared to after cleaning with DI;
(d) Cross-contamination of a repeated-use chip with the BSA concentration in the output PBS sample
for 6 cycles using the same chip repeatedly, graphed as the mean with standard deviation error bars;
(e) Protein absorption by the 3D-printed chip after 6 cycles of repeated use. By adding a post-cleaning
treatment of trypsin after the 6 cycles of repeated use, the protein uptake is decreased by nearly half.
The protein uptake after six repeated cycles was shown to be (758 ± 30) ng/cm2 (Figure 3e),
which is approximately twice the amount of uptake after single use of the chip. This showed a
promising trend that even after six repeated cycles of use, chip protein uptake less-than doubles,
demonstrating a favorable relationship in that there was not a one-to-one relationship between cycles
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(and therefore exposure to BSA sample) and protein uptake. This can be taken to mean that the total
protein uptake by the chip may approach a plateau after a relatively low number of cycles of use.
Furthermore, by flowing 10 mL of trypsin after the six cycles of samples and cleaning, the protein
uptake was reduced to (412 ± 66) ng/cm2. These favorable results are due to the protease function
of the trypsin, which digests a portion of the BSA on the chip. This means that by adding trypsin,
the effectiveness of the cleaning procedure can be further improved.
3.3. Protein Quantification for Urine Processing
The 3D-printed cleaning chip was demonstrated for application to urine testing using
commercially available dipstick protein assay pads. For handling multiple samples, the cleaning
procedure, depicted graphically in Figure 4a, was slightly modified to include PBS cleaning of both the
sample inlet channel and the universal outlet channels. Additionally, the volume of cleaning solution
was reduced to 300 μL. Using this modified cleaning procedure, urine samples and high-concentration
(20 g/L) BSA were alternatingly pumped through the chip. The resulting protein uptake by the chip
was (657 ± 69) ng/cm2 (Figure 4b). Comparatively, the protein uptake after 30 min of pumping urine
(approximately the same total sample volume) with no intermediate cleaning was (364 ± 54) ng/cm2.
The difference between these values is attributed to the high-concentration BSA, which was used in
the former experiment. When the exposure time to urine without cleaning was increased to 90 min,
the protein uptake was (443 ± 70) ng/cm2. This is a favorable result because for tripling the exposure
time to urine, and tripling the volume of urine processed by the chip, the protein uptake only increased
by 21.7%.
The cross-contamination between samples was also studied for the alternating urine and
high-concentration (20 g/L) BSA. The protein assay pads of commercially available dipsticks were
dipped in BSA samples of various concentrations (0, 0.15, 0.3, 1, 3, and 10 g/L). The resulting color
change was converted into a change in grayscale light intensity. A calibration curve was created using
least-squares curve fitting; the resulting curve, depicted on the left of Figure 4c, was found to be
y = −0.000002618x4 + 0.001382x3 + 0.2630x2 + 20.8829x − 552.0138 with a correlation coefficient of
R2 = 0.963. The calibration curve was then verified by comparing the protein concentration calculated
via image analysis to the actual protein concentration of the samples, as shown on the right of Figure 4c.
Figure 4d shows the longitudinal quantification of protein concentration for 20 cycles of urine
samples, post-urine PBS cleaning solution, BSA samples, and post-BSA PBS cleaning solution (a total
of 81 pumping steps). The average protein concentration in the urine samples after pumping through
the cleaning chip, represented by the orange dotted line, was 0.8072 g/L, as compared to the true value
of 0.4958 g/L. This deviation is attributed to the low sensitivity of the urine dipstick assay for low
protein concentrations; in fact, for this range of protein concentration, the color key provided by the
dipstick manufacturer only discerns between 0.3 g/L and 1.0 g/L. The average protein concentration
of the PBS, represented by the green dotted line, was 4.0715 g/L. Although there is no protein present
in the PBS cleaning solution originally, the protein concentration after pumping through the chip is
elevated as it washes out protein from the previous sample. Despite the cross-contamination between
the high-concentration BSA and subsequent PBS cleaning solution, the cleaning and air-drying steps
are sufficient for yielding consistent urine concentration results. Figure 4e shows images of the dipstick
pads for the gray region of Figure 4d.
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Figure 4. Performance of 3D-printed cleaning chip for urinary protein measurement: (a) Graphical
representation of one-cycle of the modified cleaning procedure; (b) Protein absorption by the 3D-printed
cleaning chip after 30 min of pumping urine (without cleaning), 90 min of pumping urine (without
cleaning), and 20 cycles of alternating urine and high-concentration BSA samples (with cleaning
between samples); (c) Left: calibration curve for the actual protein concentration versus the grayscale
intensity of protein assay pads, calculated by least-squares curve fitting. Right: comparison of the
calculated protein concentration using the calibration curve versus the actual concentration of the
samples. Far right: photographs of the protein assay pads for 0, 0.15, 0.3, 1, 3, 10, and 20 g/L,
shown in full color and grayscale; (d) Longitudinal protein concentration measurement for 20 cycles
(81 pumping steps) of urine, PBS cleaning, high-concentration BSA, and a second round of PBS cleaning.
Urine samples, PBS and BSA are represented by blue, green, and blue lines, respectively. Dotted lines
represent the average protein concentration for the respective sample; (e) Photographs of the protein
assay pads for Cycle 6, Steps 21–25.
4. Discussion
Reusability of microfluidic devices is critical for any devices that will go to market; however,
fouling of the devices’ channels can pose a significant challenge. For a microfluidic device capable
of being commercialized, it must work reliably over a long period of time and for a wide variety of
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samples [38]. Characterization of the protein absorption of 3D-printed material, specifically Formlabs
Clear Resin for SLA printing, was performed to validate the reusability of 3D-printed microfluidic
chips. Furthermore, the cleaning chip and cleaning procedure proposed here is an efficient and cost-
and time-effective solution for enabling the reusability of microfluidic devices. 3D printing is a low-cost,
rapid-prototyping method for fabrication that is simpler, cheaper, and faster than soft lithography.
The reusable design of this 3D-printed microfluidic chip also replaces the need for fabrication and
disposal of many separate devices for the delivery and testing of multiple samples.
As the proposed cleaning chip design has shown favorable results, i.e., minimal protein
cross-contamination and protein absorption has occurred, our work here sets a precedent for
considering reusability when designing 3D-printed microfluidic devices. Future research directions
may look to further assess other factors contributing to the reusability of devices. It is known
that the nature of the sample, the materials from which the device is fabricated, and the flow of
samples can all contribute to the fouling that occurs. Other 3D-printed materials may be studied
to determine their respective absorption characteristics. BSA, a protein often found in urine,
was chosen as a representative protein sample; however, different mixtures of proteins may exhibit
different absorption characteristics based on charge, hydrophobicity/hydrophilicity, or other surface
interactions. With different constituents in the mixture, proteins may unfold; for instance, a protein may
be hydrophilic on the surface, but upon unfolding, it might expose a hydrophobic interior, which can
affect its absorption behavior. Additionally, since bacteria can feed on residual samples left in the
chip and can further contribute to the fouling problem, bacteria adsorption and cross-contamination
studies may be performed. It is important to quantify and characterize the bacterial contamination as
bacteria could negatively impact the results of some assays. Other future work may also consider the
influence of flow rate. Finally, in order to achieve the goal of integrating the demonstrated cleaning
chip into a functional microfluidic chip, in the future, the cleaning procedure should be automated
and self-contained.
Supplementary Materials: The following is available online at http://www.mdpi.com/2072-666X/9/10/520/s1,
Figure S1: Design iterations of the 3D-printed microfluidic chip for reusability assessment.
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